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[bookmark: _Toc443491890]Abstract
Accelerated carbohydrate utilisation and suppressed lipid oxidative metabolism are hallmarks of heart failure (HF). Hypoxia mimics failing heart metabolic reprogramming and has been suggested to play a role in cardiac metabolic switch. One aspect of the regulation of cardiac energy metabolism is the pyruvate dehydrogenase complex (PDC). Hypoxia inducible factor (HIF) signalling is thought regulate hypoxia-induced adaptations. HIF transcriptional activity is controlled by prolyl hydroxylase domain (PHD) protein and factor inhibiting HIF (FIH-1). 
In chapter 3 revealed that relative to baseline, acute hypoxia increased cardiac lactate efflux and suppressed fatty acid oxidation (FAO) rates in non-treated isolated mouse hearts with final cardiac recovery being 63% of baseline values. Hypoxic and post-hypoxic PDC activation, via dichloroacetate (DCA), decreased cardiac lactate release and FAO during reoxygenation, but failed to improve cardiac recovery relative to control hearts. 
Chapter 4 sought to establish how chronic hypoxia (11%) upregulates cardiac glycolytic flux, determined via 3H-glucose. Findings of this chapter indicate that of four enzymes considered to set the pace of glycolysis, upregulated pyruvate kinase (PK) flux, appears to explain accelerated hypoxia-induced cardiac glycolytic flux. Western blotting analysis revealed increased PK M2 protein isoform. Sustained hypoxia increased pentose phosphate pathway (PPP) flux, but left lactate accumulation unaltered.
Chapter 5 examined the role of sustained in vivo hypoxia in modulating cardiac tolerance to subsequent acute H/R injury and chronic PDC activation in modifying hypoxic heart tolerance to acute injury. Chronic hypoxia reduced cardiac tolerance to H/R injury accompanied by increased glycolytic flux and lactate efflux during reoxygenation injury. Chronic PDC activation improved hypoxic heart tolerance to the acute injury and normalized cardiac metabolic flux and reduced tissue lactate accumulation during reoxygenation, indicative of increased carbohydrate oxidation. Collectively, the data appear to imply that forced carbohydrate oxidation normalizes hypoxic heart recovery from acute injury.
In chapter 6 we demonstrated that global FIH-1 deletion increased isolated heart glycolytic flux at baseline and during reoxygenated. FIH-1 KO hearts displayed increased reoxygenated hexokinase (HK) and PK activities, but no changes in PK protein isoforms. Functional analysis revealed that FIH-1 deficiency does not affect isolated heart function at baseline and in response to acute injury.
Acute PDC activation does not appear to improve cardiac function during acute hypoxic stress. Conversely, chronic PDC activation normalized, via restored metabolic flux, cardiac tolerance to acute injury following sustained in vivo hypoxia. Furthermore, the present thesis revealed increased PPP flux following sustained in vivo hypoxia, and proposed a pivotal role PKM2 may play in the regulation of hypoxic heart carbohydrate metabolism. In addition, we identified FIH-1 as a novel regulator of cardiac carbohydrate metabolism at baseline and following acute hypoxic injury.
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[bookmark: _Toc443491896]CHAPTER 1 GENERAL INTRODUCTION

Heart failure (HF) has been defined as a ‘complex syndrome that results from any structural or functional impairment of ventricular filling or ejection of blood. The cardinal manifestations of HF are dyspnoea and fatigue, which may limit exercise tolerance and fluid retention, which may lead to pulmonary and/or splanchnic congestion and/or peripheral oedema’ (Yancy et al., 2013). There are nearly 800 000 British people affected by HF with more than 10% of men and 15% of women admitted to hospital in 2010 with acute HF, who died within 30 days (Townsend et al., 2012). In the US, HF affects >5 million patients, with projections indicating a further 25% increase to ~8.5 million by 2030 (Roger et al., 2012). It is estimated that approximately one half of patients with HF will die within 5 years of diagnosis (Go et al., 2013). Costs associated with HF have recently reached ~$40 billion per year and are expected to double by 2030 (Heidenreich et al., 2013). These data indicate that HF represents substantial medical and economic challenge and necessitates the need for effective preventive and post-operative therapeutic strategies.
[bookmark: _Toc443491897]1.1 Major therapies
Although an oversimplification, based on echocardiographic assessment of ejection fraction (EF), HF patients are often classified as those with preserved (>50%) and reduced (<50%) EF, where EF is a ratio of end-systolic volume to end-diastolic volume (Braunwald, 2013). HF with preserved EF is also known as compensated or diastolic HF. Decompensated HF, often referred to as systolic HF, represents a condition in which the ability of the heart to eject blood into large arteries is significantly reduced (Braunwald, 2013). Recent advances in identifying key factors that contribute to the development and progression of the disease have helped to improve HF patients’ survival and quality of life. Current common therapies for heart disease discussed below include application of β-blockers, calcium channel inhibitors (CCI) and modifies of renin-angiotensin-aldosterone system (RAAS). Other modulators of cardiac contractile performance not discussed in greater detail comprise antianginal drugs (e.g. nitrates) and diuretics.
[bookmark: _Toc443491898]1.1.1 β-blockers
Circulating catecholamines (noradrenaline and adrenaline) are increased in HF patients and have been proposed to mediate cardiac remodelling (Colucci et al., 1988). Excessive stimulation of adrenergic receptors is thought to impact upon cardiac function. Circulating catecholamines bind to either α or β adrenergic receptors in the heart. Accumulating experimental and clinical evidence indicates that excessive and prolonged binding to and stimulation of β-receptor is largely responsible for cardiac dysfunction. Upon activation, β-receptor activates stimulatory G-protein, which in turn stimulates adenylyl cyclase (AC). AC-mediated increased cyclic AMP (cAMP) activates protein kinase A (PKA), which promotes calcium entry and mobilizes carbohydrate and lipid metabolism (Opie & Gersh, 2013). Activation of β-receptor is, however, short-term and its phosphorylation by β adrenergic receptor kinase (βARK) attracts arrestin protein, which downregulates the pathway (Opie & Gersh, 2013). Detrimental role of chronic β-receptor stimulation in HF is supported by experimental and clinical evidence, in which administration of β-blockers improved survival of patients with chronic HF (Packer et al., 1996; Packer et al., 2001). Mechanistic studies have revealed that administration of β-blockers is associated with improved myocardial perfusion, reduced reliance on fatty acid metabolism and cost of contraction, linking improved cardiac function with myocardial energetics (Fig. 1.1) (Opie & Knuuti, 2009). Furthermore, administration of β-blocker, propranolol, reversed failing canine heart ryanodine (RyR) receptor phosphorylation and calcium leak, indicating β-blockers modulate failing heart calcium metabolism (Doi et al., 2002). Collectively, accumulating evidence indicates that  administration of β-blockers is associated with improve β-receptor signalling and self-regulation and reversed cytosolic calcium overload (Opie & Gersh, 2013).
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[bookmark: _Toc437248337][bookmark: _Toc437248420][bookmark: _Toc437248535][bookmark: _Toc437251382][bookmark: _Toc438046156][bookmark: _Toc438121897][bookmark: _Toc443491830]Figure 1.1. Effects of β-adrenergic blockade on cardiac function. Figure from Opie & Gersh, 2013.
Considering that energy yield per litre of oxygen during fatty acid oxidation is ~10% less than for carbohydrate (Ussher & Lopaschuk, 2009), reduced reliance on lipid oxidative metabolism and increased carbohydrate utilisation are thought to improve cardiac efficiency. Although β-blockers are often considered as a first line therapy for heart disease, their efficacy has been marginal or unconvincing under certain conditions including stable and unstable angina, and hypertension (Study, 1986; Opie & Gersh, 2013). Contraindications for β-blockers include asthma, excess bradycardia, severe heart block and Prinzmetal’s angina (Opie & Gersh, 2013) Additionally, induction of side effects, including type II diabetes and depression, has been reported for some β-blockers (Ried et al., 2005; Elliott & Meyer, 2007; Lam & Owen, 2007). Taken collectively while these studies indicate that application of β-blockers improves failing heart function by normalizing cardiac energy metabolism and reducing costs of contraction, its contraindications and side effects curtail their widespread administration.
[bookmark: _Toc443491899]1.1.2 Calcium metabolism
Mechanical work of heart is closely linked to calcium metabolism. Upon induction of the action potential, voltage-gated calcium channels, also known as dihydropyridine (DHP) receptors, induce calcium-induced cytosolic calcium release initiating myocardial contraction. Action potential-activated DHP receptors allow interstitial calcium to interact with a foot process of sarcoplasmic reticulum (SR)-localized ryanodine (RyR) receptor, which opens RyR receptor and thus increases sarcoplasmic calcium concentration (Fig. 1.2).
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[bookmark: _Toc437248338][bookmark: _Toc437248421][bookmark: _Toc437248536][bookmark: _Toc437251383][bookmark: _Toc438046157][bookmark: _Toc438121898][bookmark: _Toc443491831]Figure 1.2. Contraction-relaxation cycle. PKA – protein kinase A, PL – phospholipase, cAMP – cyclic AMP, AKAP - A-kinase anchor proteins. Figure from Opie & Gersh, 2013.

Upon relaxation, the ATP-dependent SR pump, sarcoplasmic-endoplasmic reticulum calcium ATPase (SERCA), transports two calcium ions back into the SR against a significant concentration gradient. In experimental studies using ventricular myocytes from HF patients, relaxation [Ca2+]i decline and caffeine-induced SR [Ca2+] load have been reported diminished, indicating impaired calcium metabolism (Piacentino et al., 2003). In an animal model of HF, induced by hyperactive β-adrenergic receptor, Engelhardt et al. reported reduced diastolic calcium decline and higher end-diastolic [Ca2+]i, indicative of impaired SERCA calcium uptake (Engelhardt et al., 2004). Calcium flux and left ventricular (LV) mechanical function were restored in phospholamban deficient mice, which displayed improved SR function, emphasizing the key role of calcium in the development and/or progression of HF (Engelhardt et al., 2004). The beneficial actions of calcium channel inhibitor (CCI) are thought to be largely mediated by reduced arterial pressure and hence afterload, and heart rate-lowering effects (Schwartz et al., 1982; Holzgreve et al., 1989). Major indications for CCI include stable angina, hypertension and post-infarct protection (Hansen, 1991; Pepine et al., 1998; Law et al., 2009). Significant contraindications have been proposed for CCI administration. The use of common CCIs, verapamil and diltiazem, is contraindicated in AV nodal disease, ventricular tachycardia and Wolff-Parkinson-White (WPW) syndrome (Opie & Gersh, 2013). While application of CCI is common in managing the HF, their administration is not free of side effects. CCIs have been reported to induce myocardial underperfusion and predisposition to gastrointestinal bleeding (Opie et al., 2000).
[bookmark: _Toc443491900]1.1.3 Renin-angiotensin-aldosterone system (RAAS)
As a result of reduced ejection fraction in HF, arterial blood pressure falls. In response to decreased arterial pressure, kidneys release renin, which activates a vasoconstrictive signalling cascade aimed at maintaining tissue perfusion pressure (Fig. 1.3).
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[bookmark: _Toc437248339][bookmark: _Toc437248422][bookmark: _Toc437248537][bookmark: _Toc437251384][bookmark: _Toc438046158][bookmark: _Toc438121899][bookmark: _Toc443491832]Figure 1.3. Renin-angiotensin-aldosterone system (RAAS) and the site of action of RAAS inhibitors. ALDO – aldosterone, HPT – hypertension, HF – heart failure. Figure from Opie & Gersh, 2013.

Renin promotes angiotensinogen synthesis in the liver and converts it into angiotensin I (Zucker et al., 2014). Angiotensin converting enzyme (ACE), in a tissue-specific manner, catalyses conversion of angiotensin I to angiotensin II (Ang II) (Schunkert et al., 1990). Although Ang II restores tissue perfusion, it increases cardiac afterload, thus augmenting internal work performed by the heart. Activity and expression of ACE have been reported increased in hypertrophied rodent heart (Schunkert et al., 1990). Deletion/deletion (DD) genotype, associated with higher levels of circulating ACE, has been reported with significantly higher incidence in human patients with myocardial infarction (MI) (Cambien et al., 1992). Administration of losartan, Ang II receptor antagonist, in a clinical study has been shown to reduce blood pressure and improve survival in HF patients at 4-year follow-up (Lindholm et al., 2002). Although angiotensin II is a well-established vasoconstrictor, it has been noted that losartan appeared to act beyond reducing blood pressure (Lindholm et al., 2002). Ang II receptor antagonist in hypertrophied rat heart has been shown to reverse intestinal fibrosis and restore cardiac function and metabolism (Lim et al., 2001; Mori et al., 2012). While preclinical and clinical studies indicate that ACE inhibitors improve cardiac function, their administration is contraindicated in bilateral renal artery stenosis, pregnancy, known allergy and hypersensitivity, and renal failure (Opie & Gersh, 2013). Furthermore, targeting RAAS does not modulate heart directly, but indirectly via altered function of other organs. Collectively, it appears that RAAS modulates cardiac remodelling regulating formation of interstitial fibrosis, blood pressure and metabolic reprogramming. However, its indirect modulation of heart function and contraindications raise a medical concern regarding its wider application.
[bookmark: _Toc443491901]1.1.4 Summary of pharmacological interventions
Development and progression of HF is shaped by several coexisting factors. Experimental evidence suggests that targeting β-adrenergic stimulation, calcium metabolism and RAAS appears to increase survival, improve cardiac contractile performance and reduce myocardial fibrosis. Although current therapies target different receptors and modulate cardiac function via different signalling pathways, they all appear to modify cardiac contraction via altered energy metabolism. Furthermore, despite significant advances in drug development, they appear to alleviate symptoms of HF and not improve cardiac function. Hence, survival with HF remains poor (Townsend et al., 2012).
Concept of a failing heart being energy-starved is decades old (Neubauer, 2007). As will be discussed below, there is a growing body of evidence to indicate a close relationship between cardiac function and energy metabolism. Furthermore, altered myocardial metabolic flux has been shown to enhance cardiac function at baseline and following acute stress as will be highlighted in individual paragraphs. Thus, considering complex interactions of current drug therapies with other medications, indications, contraindications and side effects (Table 1.1), there may be more to be gained from targeting myocardial metabolism.


[bookmark: _Toc437248340][bookmark: _Toc437248423][bookmark: _Toc437248538][bookmark: _Toc437251385][bookmark: _Toc438046159][bookmark: _Toc438121900][bookmark: _Toc443491833]Table 1.1. Pharmacological interventions in heart disease, indications, mechanisms of actions, contraindications and side effects.
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[bookmark: _Toc443491902]1.2 Healthy heart metabolism
Mammalian heart is one of the most metabolically active organs consuming oxygen at a basal rate of 8-15 ml/min/100 g of tissue (Giordano, 2005) compared to skeletal muscle’s 0.2-1.4 and brain’s 3.0 ml/min/100 g of tissue (Stainsby & Otis, 1964; Madsen et al., 1993). Considering its role as a life-long pump, high oxygen consumption rates are reflective of significant oxidative potential to convert chemical energy (nutritional substrates) into mechanical work. Mammalian heart is a metabolic omnivore consuming circulating substrates including fatty acids, glucose, ketone bodies together with endogenous triglycerides and glycogen (Lopaschuk et al., 2010; Kolwicz et al., 2013). The ability of the heart to consume variable circulating substrates appears to be explained by a relatively limited amount of endogenous glycogen and triglycerides compared to skeletal muscle (Kiens & Richter, 1996; Heather et al., 2013). In the normally perfused heart, >95% of ATP is generated from oxidative phosphorylation with the remaining 5% from glycolysis (Doenst et al., 2013). Catabolic breakdown of two major fuels, fatty acids and carbohydrates, ensures adequate energy supply to the heart. In addition, creatine kinase shuttle is considered a buffering system ensuring that no critical fall of ATP occurs during increased workload and/or stress.
[bookmark: _Toc443491903]1.2.1 Fatty acid metabolism
Although oxidation of circulating free fatty acids (FFA), mainly oleate and palmitate, is estimated to account for 60-80% of total cardiac ATP production  (Huss & Kelly, 2005; Jaswal et al., 2011), heart can also utilise circulating chylomicrons and very low density lipoproteins (VLDL) (Hauton et al., 2001). Experimental studies have shown that heart displays preferential utilisation and oxidation of FFA relative to chylomicrons and VLDL (Hauton et al., 2001). The process of myocardial FFA utilisation can be divided into three major steps: 1) FFA uptake 2) transport across mitochondrial membrane and 3) mitochondrial β-oxidation (Fig. 1.4).
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[bookmark: _Toc437248341][bookmark: _Toc437248424][bookmark: _Toc437248539][bookmark: _Toc437251386][bookmark: _Toc438046160][bookmark: _Toc438121901][bookmark: _Toc443491834]Figure 1.4. Schematic representation of lipid metabolism. FATP – fatty acid transport protein, FAT/CD36 – fatty acid translocase CD36, FABP – fatty acid binding protein, CPT – carnitine palmitoyltransferase, MCAD – medium chain acyl-CoA dehydrogenase, LCAD – long chain acyl-CoA dehydrogenase, β-HAD – β-hydroxyacyl-CoA dehydrogenase, I-V – electron transport chain complexes I to V.

Uptake of circulating albumin-bound fatty acids from the blood into the tissue is thought to occur primarily via facilitated (~80%) and simple diffusions (~20%) (Wright & Green, 1971; Luiken et al., 1997). Fatty acid translocase (FAT/CD36), membranous fatty acid binding protein (FABPm) and fatty acid transport protein (FATP) are considered the main transporters mediating tissue FFA uptake (Kodde et al., 2007). Previous in vitro studies have demonstrated impaired cardiac FFA uptake and oxidation in cardiac myocytes from genetically engineered mice deficient in FABP and FAT/CD36 (Schaap et al., 1999; Coburn et al., 2000). FFA uptake is far from being a static process. Trafficking of FFA pool transporters is modulated by insulin, ischaemia and inflammation (Luiken et al., 2002; Stahl et al., 2002; Heather et al., 2013).
Once inside the cell, FFA can be incorporated into complex lipids including myocardial triglycerides (TG), diacylglycerol (DAG) and ceramides or oxidised via β-oxidation (Lopaschuk et al., 2010). The actual fate of FFA conversion depends of several factors including existing obesity and diabetes and with excessive accumulation of myocardial TG and ceramides believed to promote oxidative stress and impact upon cardiac dysfunction (Finck et al., 2003; Park et al., 2008). Oxidation of FFA begins with its activation with coenzyme A (CoA) catalysed by fatty acyl-CoA synthetase. Its subsequent mitochondrial uptake requires facilitated transfer mediated by the carnitine complex. Localized on the outer mitochondrial membrane, carnitine palmitoyl transferase 1 (CPT1) catalyses rate-limiting conversion of fatty acyl-CoA into fatty acyl-carnitine derivate (McGarry & Foster, 1980). Once inside the mitochondrial matrix, the fatty acid moiety is broken down to two carbon acetyl-CoA molecules in β-oxidation. Within the mitochondrial matrix, acetyl-CoA reacts with tricarboxylic acid (TCA) cycle oxaloacetate to form citrate. Following two decarboxylations and four oxidation reactions, TCA cycle generates 3 molecules of NADH and 1 of FADH. Subsequent oxidation of these electron carriers in the electron transport chain (ETC) generates ATP. ETC comprises five complexes, with NADH entering ETC at complex I (also known as NADH-Q oxidoreductase), whereas FADH at complex II (also known as succinate-Q reductase).  The flow of high-potential electrons of NADH and FADH from their corresponding entry complexes, via complex III and IV, towards complex IV, leads to pumping of hydrogen ions from mitochondrial matrix into intermembranous space (Berg et al., 2011). The proton flow occurs at complexes I, III and IV. At complex I, iron-sulfur (Fe-S) proteins mediate NADH-derived electron transfer, via flavin mononucleotide (FMN), to coenzyme Q with concomitant pumping of four hydrogen ions into intermembranous space (Berg et al., 2011). In contrast to NADH, FADH enters ETC at complex II, where its electrons reduce ubiquinone (Q) to ubiquinol (QH2), but pump no protons, and hence energy generating force is lower for FADH relative to NADH. Subsequent transfer of electron from QH2 to complex III, via Q-cytochrome c oxidoreductase, results in the net transport of 2 H+ into intermembranous space (Berg et al., 2011). The last of three proton-pumping assemblies, complex IV, reduces oxygen to water, pumping 4 H+ into mitochondrial intermembranous space. Resulting proton gradient renders protons to flow back, via complex V (ATP synthase), generating ATP (Berg et al., 2011). It has been estimated that electrons from NADH pump generate 2.5 molecules of ATP, while those from FADH 1.5 molecules of ATP (Berg et al., 2011). Complete oxidation of a molecule of palmitate generates 106 molecules of ATP (Berg et al., 2011).
Regulation of lipid oxidation is known to be under tight metabolic and transcriptional control. Peroxisome proliferator activated receptors (PPARs) α, β/δ and γ comprise a family of nuclear hormone receptors found to regulate fatty acid metabolism. For instance, genetically engineered mice deficient in PPARα displayed reduced skeletal and cardiac muscle fatty acid oxidation rates, and accelerated compensatory carbohydrate utilisation (Campbell et al., 2002; Muoio et al., 2002). Furthermore, pharmacological or genetic activation PPARα has been demonstrated to upregulate skeletal and cardiac muscle fatty acid oxidation gene expression and fatty acid oxidation rates, consistent with its regulatory role of fatty acid metabolism (Finck et al., 2002; Muoio et al., 2002). In addition to PPARα, another member of this family, PPARβ/δ has been reported to control fatty acid metabolism. For example, cardiac-specific deletion of PPARβ/δ was shown to downregulate cardiac FAO rates and fatty acid metabolism genes and upregulate cardiac glucose uptake (Cheng et al., 2004). Interestingly however, cardiac-specific overexpression of PPARβ/δ, and not PPARα, was associated with cardioprotective effects against ischaemic injury (Finck et al., 2002; Burkart et al., 2007). Further transcriptomic and metabolic analysis revealed that PPARβ/δ overexpressing hearts were associated with accelerated carbohydrate utilisation and glycolytic gene expression, providing potential mechanism for improved cardiac recovery (Finck et al., 2002; Burkart et al., 2007). 
In addition to PPARs, CPT1, and β-oxidation acyl-CoA dehydrogenases and β-ketothiolase are classically considered to be of key regulatory importance in the control of lipid oxidation (McGarry & Foster, 1980; Bakermans et al., 2011; Berg et al., 2011; Huang et al., 2014). Unlike liver CPT1, cardiac CPT1 is relatively sensitive to malonyl-CoA (McGarry & Foster, 1980). Increased tissue malonyl-CoA levels inhibit CPT1 activity, and thus it has been proposed that tissue malonyl-CoA levels may be of key importance in the regulation of lipid and carbohydrate metabolism (McGarry & Foster, 1980). Central to the regulation of tissue malonyl-CoA level are activities of acetyl-CoA carboxylase (ACC) and malonyl-CoA decarboxylase (MCD). ACC carboxylates acetyl-CoA to malonyl-CoA increasing its concentration, while MCD catalyses the reverse reaction (Fig. 1.5) (Dyck et al., 1998). Perfusion of an isolated rat heart with CBM-300864 (MCD inhibitor) reduced basal palmitate oxidation rates and upregulated glucose oxidation (Dyck et al., 2004). Increased cardiac FAO rates have been shown in genetically modified mice with cardiac-specific ACC deletion (Kolwicz et al., 2012). ACC activity is controlled by AMP-dependent kinase (AMPK) and protein phosphatase A2 (PPA2) (Kudo et al., 1995). AMPK-dependent phosphorylation inhibits, whereas PPA2-mediated dephosphorylation increases ACC activity.
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[bookmark: _Toc437248342][bookmark: _Toc437248425][bookmark: _Toc437248540][bookmark: _Toc437251387][bookmark: _Toc438046161][bookmark: _Toc438121902][bookmark: _Toc443491835]Figure 1.5. Regulation of carnitine palmitoyltransferase (CPT) 1 activity. MCD – malonyl-CoA dehydrogenase, ACC – acetyl-CoA carboxylase, PPA2 – protein phosphatase A2, AMPK – AMP-dependent kinase.

[bookmark: _Toc443491904]1.2.2 Glucose metabolism
In addition to lipid oxidative phosphorylation, which supplies 60-80% of energy, carbohydrate utilisation accounts for the remaining 20-40% of basal myocardial ATP production (Lopaschuk et al., 2010). Breakdown of exogenous glucose accounts for ~60%, while endogenous glycogen for ~40% of carbohydrate metabolism (Henning et al., 1996). Although not major energy source at baseline, a role of cardiac glycogen as energy buffer increases in response to physiological stimulus. For example, increased workload via β-adrenergic stimulation results in increased glycogen oxidation relative to exogenous glucose (Goodwin et al., 1998a; Goodwin et al., 1998b).
Similarly to fatty acids, cardiac glucose uptake is mediated by sarcolemmal transporters, GLUT1 and GLUT4 (Fig. 1.6) (Charron et al., 1989; Tian & Abel, 2001). Under baseline conditions GLUT4 resides in the intracellular vesicles and upon stimulation with insulin, contraction and ischaemia it translocates to the plasma membrane (Manchester et al., 1994; Lund et al., 1995; Young et al., 1997; Heather et al., 2013). By contrast, GLUT1 is thought to mediate basal glucose uptake (Kraegen et al., 1993; Young et al., 1997). Although GLUT1 appears to play a different physiological role compared to GLUT4, similar stimuli have been found to regulate its trafficking, i.e. insulin stimulation, fasting and ischaemia (Kraegen et al., 1993; Young et al., 1997). These studies demonstrate that physiological and pathological stimuli regulated GLUT-mediated entry of glucose into cardiac myocytes.
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[bookmark: _Toc437248343][bookmark: _Toc437248426][bookmark: _Toc437248541][bookmark: _Toc437251388][bookmark: _Toc438046162][bookmark: _Toc438121903][bookmark: _Toc443491836]Figure 1.6. Schematic representation of carbohydrate metabolism. G6P – glucose-6-phosphate, FBP – fructose-1, 6-bisphosphate, G3P – glyceraldehyde-3-phosphate, DHAP – dihydroxyacetone phosphate, 1, 3PG- 1, 3-phosphoglycerate, 3PG – 3-phosphoglycerate, PEP – phosphoenolpyruvate, 6PGL – 6-phosphogluconolactone, 6PG – 6-phosphogluconate, Ru5P – ribulose-5-phosphate, R5P – ribose-5-phosphate, G1P – glucose-1-phosphate, G6PI – glucose-6-phosphate isomerase, PFK – phosphofructokinase, Aldo – aldolase, GAPDH – glyceraldehyde-3-phosphate dehydrogenase, PGK – phosphoglycerate kinase, PK – pyruvate kinase, LDH – lactate dehydrogenase, G6PDH – glucose-6-phosphate dehydrogenase, 6PGDH – 6-phosphogluconate dehydrogenase, RPI – ribose phosphate isomerase, MPC – mitochondrial pyruvate carrier, MCT – monocarboxylate transporter, PDC – pyruvate dehydrogenase complex, PGM – phosphoglucomutase, GP – glycogen phosphorylase, GS – glycogen synthase, I-V – electron transport chain complexes I to V.

Once inside the cell, hexokinase (HK) phosphorylates glucose to glucose-6-phosphate (G6P), which prevents it from leaving the cell. G6P can enter one of its three major routes: 1) glycogen synthesis, 2) pentose phosphate pathway (PPP) and 3) glycolysis.
Glycolysis is a nine-enzyme pathway and involves progressive conversion of six-carbon molecule of G6P into two three-carbon molecules of pyruvate, with a net production of 2 molecules of ATP if glucose is the starting point or 3 molecules of ATP if glycogen is the initial glucose molecule donor (Scrutton & Utter, 1968). Depending on the energetic state of the cell, glycolytically-derived pyruvate has several fates. For instance, increased energy demand is associated with preferential conversion of pyruvate to lactate and alanine, because of limited oxygen delivery and hence rate of oxidative phosphorylation (Josan et al., 2013). By contrast, under baseline conditions glycolytically-derived pyruvate is preferably converted to acetyl-CoA via the pyruvate dehydrogenase complex (PDC). Glycolytic flux is regulated by 4 classically considered rate-limiting enzymes: hexokinase (HK), phosphofructokinase (PFK), glyceraldehyde-3-phosphate dehydrogenase (GAPDH) and pyruvate kinase (PK) (Scrutton & Utter, 1968; Lunt & Vander Heiden, 2011; Metallo & Vander Heiden, 2013). Activities of glycolytic enzymes appear to be under a number of controlling factors including post-translational modifications (Hitosugi et al., 2009; Lv et al., 2011), energy status (Nascimben et al., 2004) and hypoxia (Robin et al., 1984; Semenza et al., 1994; Semenza et al., 1996). For instance, tyrosine Y105 phosphorylation and reactive oxygen species (ROS)-mediated cysteine 358 oxidation have been shown to reduce PK M2 activity (Hitosugi et al., 2009; Anastasiou et al., 2011). On the other hand, fructose-1, 6-bisphosphate (FBP), glycolytic intermediate, is a well-established PK M2 activator (Vander Heiden et al., 2010).
[bookmark: _Toc443491905]1.2.2.1 Pyruvate dehydrogenase complex
PDC is the carbohydrate oxidation gatekeeper catalysing irreversible decarboxylation of pyruvate to acetyl-CoA, hence coupling glycolysis to TCA cycle (Kato et al., 2008). It is the largest (9.5 x 106-dalton) mammalian enzyme complex located on the inner mitochondrial membrane. PDC is composed of three distinct enzymes: pyruvate dehydrogenase (PDH, also known as E1), dihydrolipoyl transacetylase (E2) and dihydrolipoyl dehydrogenase (E3) (Constantin-Teodosiu, 2013). Reduced PDC activity and/or flux have been reported under various conditions including starvation, diabetes and hypoxia (Seymour & Chatham, 1997; Parolin et al., 2000; Schroeder et al., 2008; Constantin-Teodosiu et al., 2012; Le Page et al., 2015). As expected for an enzyme of a critical regulatory site, the activity of PDC is tightly controlled by several allosteric and covalent modifications (Fig. 1.7).
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[bookmark: _Toc437248344][bookmark: _Toc437248427][bookmark: _Toc437248542][bookmark: _Toc437251389][bookmark: _Toc438046163][bookmark: _Toc438121904][bookmark: _Toc443491837]Figure 1.7. Regulation of pyruvate dehydrogenase complex (PDC) activity. Mitochondrial pyruvate carrier, PDCa – more active form, PDCb – less active form, PDK – pyruvate dehydrogenase kinase, PDP – pyruvate dehydrogenase phosphatase.

Allosteric modifications of PDC activity involve CoA-, pyruvate-, calcium- and magnesium-mediated activation of PDC (Berg et al., 2011). Conversely, increased cellular acetyl-CoA and NADH inhibit PDC activity (Berg et al., 2011; Constantin-Teodosiu, 2013). While allosteric modifications appear to link metabolic intermediates with direct modification of PDC activity, covalent modifications are mediated by pyruvate dehydrogenase kinase (PDK) and pyruvate dehydrogenase phosphatase (PDP). PDK phosphorylates three E1 serine residues (Ser232, Ser293, Ser300) rendering the enzyme less active (Yeaman et al., 1978). PDK has been suggested to inhibit PDC activity under conditions of hypoxia, diabetes and high fat diet feeding (Wu et al., 1998; Kim et al., 2006; Papandreou et al., 2006; Formenti et al., 2010; Constantin-Teodosiu et al., 2012). Four PDK isoforms have been identified in mammalian tissues with tissue-specific distribution (Bowker-Kinley et al., 1998). Of 4 PDK isoforms, 3 are present in the heart – PDK1, 2, and 4 (Bowker-Kinley et al., 1998). PDK2 has been shown to be the most abundant followed by PDK4 and PDK1, with PDK1 being heart-specific (Bowker-Kinley et al., 1998). The presence of multiple PDK protein isoforms likely reflects complex modulation of PDC activity under various conditions. Genetic experiments revealed that overexpression of PDK1 and PDK4 increases PDC phosphorylation and decreases basal cardiac glucose oxidation rates consistent with its key regulatory role in carbohydrate metabolism (Chambers et al., 2011; Kaplon et al., 2013). To retain PDC activity fine-tuning, its phosphorylation needs to be rapidly reversed when necessary. PDC dephosphorylation is mediated by PDP (Constantin-Teodosiu, 2013). There are 2 PDP present in mammalian tissues (Huang et al., 1998), both detected in mammalian heart (Lydell et al., 2002). Previous experiments have shown that diabetes and starvation reduce PDP expression in adipose tissue and heart (Stansbie et al., 1976; Huang et al., 2003). In cancer cells, cellular depletion of PDP2 has been shown to reduce PDC flux consistent with its regulatory role (Kaplon et al., 2013). In addition to PDK-mediated phosphorylation, increased PDC acetylation has been shown to be associated with reduced cardiac insulin-mediated carbohydrate oxidation (Mori et al., 2013).
Acetyl-CoA derived from PDC reaction combines with TCA cycle oxaloacetate to form citrate. Following 2 decarboxylation and 4 oxidation reactions, TCA cycle generates 3 molecules of NADH, one of FADH and one of ATP. Complete oxidative phosphorylation of a glucose molecule in mitochondrial ETC has been calculated to generate 30 molecules of ATP (Berg et al., 2011).
[bookmark: _Toc443491906]1.2.3 Creatine kinase shuttle
As opposed to lipid- and carbohydrate-derived ATP generating system, the creatine kinase (CK) shuttle forms ATP buffering system. It transports high-energy phosphate bonds from the site of ATP production (i.e. mitochondria) to the sites of ATP consumption utilizing different CK isoforms (Fig. 1.8) (Lygate et al., 2007).
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The major role of CK shuttle appears to be as an energy buffer (Nahrendorf et al., 2005). Transferring phosphate groups from ATP to phosphocreatine (PCr) and from PCr onto ADP molecule, CK system prevents functionally dangerous increases in ADP level and falls in ATP level (Neubauer, 2007). There are several CK isoforms including mitochondrial (CK-Mito), muscle (CK-MM) and brain (CK-BB) type (Page et al., 1989; Lygate et al., 2007). The existence of enzyme isoform likely reflects their different roles in ATP transport.
[bookmark: _Toc443491907]1.3 Heart failure and metabolic derangement
[bookmark: _Toc443491908]1.3.1 Lipid oxidation in HF
It is now well-recognized that acute heart failure is associated with cardiac metabolic reprogramming. Upregulated myocardial reliance on lipid metabolism following MI has been suggested as evidenced by increased circulating FFA (Tansey & Opie, 1983; Roy et al., 2013). Animal studies appear to indicate that during low-flow ischaemia cardiac lipid oxidation is reduced (Whitmer et al., 1978; Lloyd et al., 2004; Heather et al., 2013). Others, however, have reported that isolated rat heart FAO rates are unaffected by low-flow ischaemia (Folmes et al., 2009). Discrepant findings are likely to result from different degrees of low-flow ischaemia. For instance, low-flow ischaemia of 0.3-0.4 ml/min/g wet weight has reduced cardiac FAO (Lloyd et al., 2004; Heather et al., 2013), whereas 35-40% reduction of coronary flow (from ~27 ml/min/g wet weight to 15 ml/min/g wet weight) did not affect cardiac FAO (Folmes et al., 2009). While ischaemia appears to decrease FAO rates, reperfusion injury normalizes or increases cardiac FAO consistent with the proposal from the human studies (Kudo et al., 1995; Aasum et al., 2003). Mechanisms proposed to explain altered substrate utilisation pattern during reperfusion injury involve fatty acid transporter translocation and increased AMPK-mediated reduction in ACC activity (Kudo et al., 1995; Heather et al., 2013). While restored lipid oxidative metabolism may be expected to benefit the heart (amount of ATP produced from lipids is higher relative to glycolysis), addition of etomoxir, CPT1 inhibitor, at reperfusion has been shown to result in improved functional recovery (Lopaschuk et al., 1989; Lopaschuk et al., 1990). Although these findings indicate that suppressing lipid oxidative capacity during reperfusion injury is functionally beneficial, a recent study by Kolwicz et al. revealed that increasing pre-ischaemic cardiac TG turnover has improved cardiac recovery from low-flow ischaemia, providing further insights into effects of lipid metabolism on post-injury recovery (Kolwicz et al., 2015). Further research is warranted to investigate how altered lipid metabolism modifies cardiac function during acute stress. Taken collectively, these studies indicate that ischaemia and reperfusion markedly alter myocardial energy metabolism, and appear to indicate that manipulating myocardial metabolic flux modulates cardiac recovery.
In contrast to acutely failing heart with normalized or increased lipid oxidation rates during reperfusion injury, fatty acid oxidation rates are consistently reported to be downregulated in chronically failing hearts.  For instance, using PET-based technique, Davila-Roman et al. reported reduced  FAO rates in human patients with idiopathic dilated cardiomyopathy (Davila-Roman et al., 2002). In other work, downregulated fatty acid uptake and fatty acid utilisation in human heart with left ventricular (LV) dysfunction have been found as evidenced by 11C-palmitate and PET imaging analysis (de las Fuentes et al., 2003). Consistent with human studies, animal-based investigations of chronic heart disease have reported reduced FAO as evidenced by radiolabelled substrates (Allard et al., 1994b; El Alaoui-Talibi et al., 1997; Doenst et al., 2001).
Human- and animal-based experiments have revealed that decreased myocardial capacity for lipid oxidation appears to be limited at almost every step of lipid utilisation pathway. For instance, reductions in β-oxidation MCAD and β-hydroxyacyl-CoA dehydrogenase (β-HAD) proteins and activities have been reported in human failing hearts (Sack et al., 1996). Additionally, Heather el al. reported impaired cardiac FFA uptake as evidenced by reduced FATP, FAT/CD36 and FABP protein levels in chronically failing rat heart (Heather et al., 2006). It is now recognized that reduced CPT1-mediated capacity to import lipids into the mitochondria may be partly responsible for decreased FAO in HF (Razeghi et al., 2001b; Osorio et al., 2002). In support, heterozygous CPT+/- mice exhibited exacerbated cardiac remodelling and lower survival following transverse aortic constriction (TAC) induced injury, further strengthening the link between reduced mitochondrial fatty acid uptake and reduced FAO (He et al., 2012). While these studies indicate that the flux through CTP1 may be the key determining factor regulating lipid priming, other studies emphasized reduced carnitine content in the failing heart to play a role (Regitz et al., 1990; El Alaoui-Talibi et al., 1992; Allard et al., 1994b). In support, chronic carnitine supplementation experiments have revealed improved pressure work and glucose and lipid oxidation rates (El Alaoui-Talibi et al., 1997). In addition to reduced myocardial carnitine content, alterations within TCA cycle activity have been implied. For example, using hyperpolarized carbon-13 (13C)-magnetic resonance spectroscopy (MRS) Dodd et al. revealed impaired in vivo TCA cycle activity following MI (Dodd et al., 2014). Taken collectively these data indicate several potential regulatory sites that may be responsible for reduced lipid oxidative capacity.
While exact mechanisms responsible for reduced oxidative capacity are likely to be complex, decreased expression of upstream regulators of oxidative metabolism may partly elucidate impaired lipid metabolism. Previous human studies have reported reduced transcript expression of mitochondrial transcription factor A (TFAM) in failing human heart (Karamanlidis et al., 2010). TFAM is a nuclear-encoded transcription factor essential for replication, maintenance and transcription of the mitochondrial genome (Huss & Kelly, 2005). In chronically failing rodent heart, transcript and protein levels of TFAM have been found reduced, indicating that similar mechanisms may regulate reduced oxidative potential in failing human and animal hearts (Amorim et al., 2010; He et al., 2012). In support of its central role in oxidative metabolism, cardiac-specific deletion of TFAM has been found to result in pre-mature lethality associated with mitochondrial electron transport chain dysfunction (Li et al., 2000).
Studies on the role of peroxisome proliferator-activated receptor gamma co-activator 1α (PGC-1α), another key regulator of mitochondrial biogenesis, have revealed that hearts from PGC-1α deficient mice displayed reduced in vivo and in vitro function together with reduced mitochondrial enzymatic activities and decreased levels of ATP (Arany et al., 2005). Although PGC-1α mRNA expression was not altered in human failing heart, its downstream targets appeared to be decreased (Karamanlidis et al., 2010). Collectively, these studies imply that diminished mitochondrial oxidative potential may mediate impaired failing heart function.
Considering that inhibition of fatty acid oxidation in acutely failing heart appears to improve cardiac recovery from ischaemic injury, it may be speculated that reduction in lipid oxidative capacity is beneficial. It appears, however, that it may be in fact maladaptive. Acute reduction in circulating fatty acids reduced cardiac output, stoke volume and cardiac efficiency in humans with HF (Tuunanen et al., 2006). In support, recent animal-based study has revealed that in response to TAC injury, reduced cardiac fatty acid oxidation rates coincided with poorer survival rates in CPT1+/- mice (He et al., 2012). Moreover, using cardiac-specific ACC deficient mice, Kolwicz et al. demonstrated that preserved cardiac fatty acid oxidation rates were associated with improved cardiac function following TAC-induced hypertrophy (Kolwicz et al., 2012). Dietary interventions have shown that a high-fat diet may attenuate LV hypertrophy, restore in vivo and ex vivo cardiac function, and normalize induction of atrial natriuretic peptide (ANP) and β-myosin heavy chain (β-MHC) expression (Okere et al., 2006; Rennison et al., 2008). Collectively, these studies indicate that chronically failing heart is associated with reduced oxidative metabolism of lipids and highlight multiple potential regulatory sites that may elucidate reduced lipid oxidative metabolism.
[bookmark: _Toc443491909]1.3.2 Carbohydrate metabolism in HF
Due to high energy turnover and relatively limited basal ATP and PCr content  being ~10 and ~15 mM (as determined by 31P NMR), respectively (Cross et al., 1995; Neubauer et al., 1999), other energy-supplying systems are likely to operate at a higher rate to compensate for reduced lipid-derived ATP production. Increased reliance on carbohydrate metabolism is consistently reported in animal- and human-based studies of heart disease. In human studies, patients with LV hypertrophy and idiopathic dilated cardiomyopathy displayed increased in vivo reliance on carbohydrate metabolism, as determined by PET imaging (Davila-Roman et al., 2002; de las Fuentes et al., 2003). Using labelled glucose, accelerated glycolytic flux has been shown in acutely failing hearts as well as in pressure-overloaded hearts (Mazer et al., 1990; Allard et al., 1997; Nascimben et al., 2004; Heather et al., 2013). Moreover, experiments perfusing heart with 14C-glucose showed reduced glucose oxidation rates in hypertrophied rodent hearts, indicating that coupling of glycolysis to glucose oxidation is decreased in heart disease (Allard et al., 1997; Doenst et al., 2010). While it is becoming well-recognized that failing hearts rely more on carbohydrates, the exact mechanisms regulating accelerated carbohydrate utilisation are far from being fully understood.
Studies examining glycolytic enzyme activities in the failing heart have delivered conflicting findings. For instance, while HK, PFK and GAPDH activities were increased in the rodent failing hearts (Taegtmeyer & Overturf, 1988; Aksentijevic et al., 2010), Dzeja et al. reported decreased failing canine heart phosphoglycerate kinase (PGK) and PK activities (Dzeja et al., 1999). Although it is currently unclear why enzymatic activities differ in aforementioned studies, stage and degree of HF may partly explain differential enzymatic activities. These studies imply that altered glycolytic enzyme activities may be partly responsible for increased failing heart glycolytic flux. As indicated previously, failing hearts are associated with reduced glucose oxidation rates. PDC activity may play a central role in regulating cardiac carbohydrate metabolism. Reduced PDC activity and flux are reported in acutely and chronically failing hearts (Seymour & Chatham, 1997; Aquaro et al., 2013; Schroeder et al., 2013). Stimulating PDC activity with dichloroacetate (DCA) has been shown to result in decreased glycolytic flux and increased glucose oxidation rates in failing rodent hearts (Liu et al., 1996a; Wambolt et al., 2000). Furthermore, acute PDC activation has been shown to improve post-ischaemic cardiac efficiency, indicating that more efficient ATP yield may be the mechanism, by which acute PDC activation enhances cardiac recovery (Liu et al., 1996b; Taniguchi et al., 2001). Collectively, these findings indicate that altered PDC activity may be a key regulatory site of carbohydrate metabolism and function.
DCA is a well-established pyruvate analogue and activator of PDC (Whitehouse & Randle, 1973). Perfusion of an intact rat heart with 1 mM DCA has been shown to maximally increase cardiac PDC activity (Whitehouse & Randle, 1973). DCA concentration to half-maximally activate PDC has been reported to lie somewhere between 10 and 100 μM (Whitehouse et al., 1974). Experiments examining DCA pharmacokinetics have revealed that its removal from the perfusate reversed intact heart PDC activity within 6 min (Whitehouse et al., 1974). Using radioisotopic techniques, Whitehouse et al. demonstrated that DCA inhibits PDK activity and reduces PDC phosphorylation in the pig heart, providing potential mechanisms for increased carbohydrate oxidation rates (Whitehouse et al., 1974). Acute pre-exercise DCA infusion in human and canine skeletal muscle has been shown to improve fatigue resistance and reduce substrate-level phosphorylation (Timmons et al., 1996; Howlett et al., 1999). Some (Wargovich et al., 1988; Bersin et al., 1994), but not all (Lewis et al., 1998) clinical studies have shown that acute administration of DCA at a dose of 50 mg/kg in human patients with chronic heart disease improved cardiac function and increased mechanical efficiency. However, its therapeutic potential as a chronic medication is concerning, considering a growing body of human- and animal-based evidence to indicate that prolonged DCA administration promotes liver cancer (Sanchez & Bull, 1990; DeAngelo et al., 1996). Additionally, chronic DCA supplementation in human patients with congenital lactic acidemia was associated with peripheral neuropathy (Spruijt et al., 2001), consistent with previous report (Kurlemann et al., 1995).
[bookmark: _Toc443491910]1.3.3 Reduced CK system flux in HF
In addition to reprogrammed lipid and carbohydrate utilisation profiles, alterations within CK system in the failing heart have been documented. Using 31P magnetic resonance spectroscopy (MRS), in vivo reductions in cardiac PCr/ATP ratio and CK flux have been reported in the human failing heart (Neubauer et al., 1992; Weiss et al., 2005). Regression analysis revealed that an increase of CK flux of 1 μM/g/s was predicted to decrease the risk of HF-related composite outcomes by 32 to 39% in human failing heart patients (Bottomley et al., 2013). Consistent with human studies, Ingwall et al. revealed that CK activity was reduced in the spontaneously hypertensive rat heart, a finding indicative of disturbed energy transfer from mitochondria to sites of contraction (Ingwall et al., 1990). Using31P-MRS, Gupta et al. showed reductions in in vivo PCr, ATP, PCr/ATP ratio together with CK flux in mouse failing heart (Gupta et al., 2011). Gain-of-function studies have revealed that increasing CK-mediated phosphate group transfer is associated with improved cardiac function following acute and chronic injury (Akki et al., 2012; Gupta et al., 2012; Lygate et al., 2012). Taken collectively, these studies indicate that the energy transfer is impaired in HF and this directly alters cardiac function.
[bookmark: _Toc443491911]1.4 Hypoxia
Uninterrupted oxygen supply is of key importance for the maintenance of cellular homeostasis of multicellular organisms. It is now recognized that all nucleated cells in the body are capable of sensing and responding to altered oxygen availability (Semenza, 2011). Hypoxia, defined as reduced oxygen availability, affects virtually all physiological systems aiming at restoring and maintaining oxygen homeostasis (Fig. 1.9).
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[bookmark: _Toc437248346][bookmark: _Toc437248429][bookmark: _Toc437248544][bookmark: _Toc437251391][bookmark: _Toc438046165][bookmark: _Toc438121906][bookmark: _Toc443491839]Figure 1.9. Oxygen homeostasis. 2-OG – 2-ketoglutarate, Asn – asparagine, HIF – hypoxia inducible factor (HIF), FIH – factor inhibiting HIF, Pro – proline, PHD – prolyl hydroxylase domain protein. Figure from Aragones et al. 2009.

One of the major determinants of successful oxygen supply from the lungs to peripheral tissues is the red blood cell ability to transport molecular oxygen. Hypoxia has been shown to increase blood haemoglobin content and promote angiogenesis, thus facilitating oxygen delivery to peripheral tissues (Faraci, 1991; Carmeliet et al., 1998; Carmeliet & Jain, 2000).
Although the actual mechanism regulating accelerate glycolytic flux and decreased glucose oxidation rates in the failing heart are poorly understood, several lines of evidence indicate that myocardial hypoxia may play a role. For instance, in acutely failing human heart upregulated hypoxia-inducible factor (HIF) signalling has been found within 24 h following MI (Lee et al., 2000). Determinations of human heart oxygenation levels have been attempted using 1H-nuclear magnetic resonance (NMR) spectroscopy and functional magnetic resonance imaging (fMRI). While initial studies, using 1H-NMR, indicated that myocardial oxygenation is unaltered in failing canine and swine hearts during high-workloads (Bache et al., 1999; Murakami et al., 1999), more recent studies have indicated myocardial hypoxia in human hearts with LV hypertrophy as determined by blood-oxygen level-dependent (BOLD) determination of local blood haemoglobin saturation (Karamitsos et al., 2013; Mahmod et al., 2014). Considering different affinity properties of myoglobin and haemoglobin for oxygen, discrepant findings may be partly explained by determining oxygenation levels of two different oxygen carrying proteins. In support of a role of hypoxia in heart disease, in animal model of HF, myocardial pimonidazole staining, an indicator of hypoxia, was markedly increased within 3 day following TAC-induced hypertrophy, suggesting rapid development of myocardial hypoxia in pressure-overloaded hearts (Sano et al., 2007).
In addition to changes within cardiovascular system, metabolic reprogramming is one of the hallmarks of hypoxia. Hypoxia accelerates carbohydrate utilisation (Runnman et al., 1990; Guillaumond et al., 2013) and suppresses lipid oxidative metabolism (Renstrom et al., 1998; Huang et al., 2014). Acute and chronic hypoxic exposures were shown to induce similar cardiac metabolic profile as previously reported in HF. In swine heart subjected to acute hypoxia, Renstrom et al. reported decreased FAO rates as determined by 3H-palmitate (Renstrom et al., 1998). Chronic hypoxic exposure was associated with reduced palmitoyl-carnitine oxidation rates in whole heart homogenates and isolated mitochondria (Rumsey et al., 1999; Nouette-Gaulain et al., 2005). Using 3H-palmitate Mansor et al. reported decreased lipid oxidation rates in chronically hypoxic hearts (Mansor et al., 2015). Following sustained hypoxic exposure, cardiac PGC-1α, ERRα and TFAM mRNA levels were decreased, mirroring transcriptomic profile of the failing heart (Gomez-Arroyo et al., 2013). Conversely, following 14-day exposure to 11% hypoxia, McCarthy et al. reported increased glucose oxidation rates and unchanged palmitate oxidation rates in mouse heart (McCarthy et al., 2011). Although these differences remain currently unclear, it can be argued that the length and/or degree of hypoxic exposure may account for these discrepancies. 
While the actual mechanisms, by which hypoxia suppresses oxidative metabolism still remain to be fully elucidated, a growing body of evidence indicates that hypoxia-mediated alterations of mitochondrial morphology and function may play a role. For instance, using electron micrographs, Levett et al. reported reduced volume of subsarcolemmal mitochondria following 66-day high altitude exposure in human skeletal muscle (Levett et al., 2012). Consistent with human studies, mitochondrial content, as determined by cytochrome c oxidase staining, was significantly reduced in mice diaphragm following prolonged (4-wk) hypoxia (Gamboa & Andrade, 2010). Although the process, by which hypoxia modifies mitochondrial number and structure remain to be fully understood, a growing body of evidence implicates upregulated mitochondrial autophagy to play a role. Autophagy (literally self-eating) involves delivery of defective cytosolic organelles to lysosomes for energy generation and to prevent toxic byproduct accumulation (Kroemer, 2015). Early studies investigating hypoxia-induced mitochondrial autophagy have revealed that HIF-1α-mediated BNIP3 protein is essential for reduction in mitochondrial DNA, oxygen consumption and ROS production (Zhang et al., 2008). Moreover, increased rat heart BNIP3 mRNA expression has been found following sustained hypoxia, indicating that BNIP3 may regulate hypoxia-induced suppression of cardiac oxidative potential (Band et al., 2009).   
In addition to changing mitochondrial number, hypoxia has been found to modify mitochondrial oxidative capacity, as revealed by suppressed respiration of both carbohydrates and lipids (Rumsey et al., 1999; Nouette-Gaulain et al., 2005; Heather et al., 2012). Importantly, elegant in vitro study demonstrated that hypoxia-induced suppressed oxidative metabolism is associated with ETC complex IV protein switch, which maximise oxygen utilisation and reduce ROS production (Fukuda et al., 2007).    
Thus, it appears that cardiac metabolic switch during in HF is potentially an adaptation to developing myocardial hypoxia.
Carbohydrate utilisation is also affected by hypoxia. In vitro studies revealed that hypoxia upregulates glycolytic enzyme transcript and activities (Robin et al., 1984; Semenza et al., 1994; Semenza et al., 1996). Hypoxia response element (HRE), a nucleotide sequence capable of binding HIF molecule, was identified within multiple glycolytic genes including PFK, lactate dehydrogenase (LDH) and PGK (Semenza et al., 1994). Furthermore, hypoxia-induced (16 h of hypoxia) expression of glycolytic genes was attenuated in HIF-1α deficient cells, suggesting that HIF signalling in essential in upregulating glycolytic capacity in response to short-term in vitro hypoxia (Iyer et al., 1998).  Furthermore, in vitro hypoxia-mediated induction of PDK1 has been shown essential for cellular survival (Kim et al., 2006). In an acute hypoxic experiment, Mazer et al. revealed increased canine heart lactate labelling from 13C-glucose, indicative of accelerated glycolytic flux (Mazer et al., 1990). Consistently, in the more recent study, increased glycolysis was reported in rodent heart following chronic, 3-wk hypoxic exposure (Mansor et al., 2015). Little is, however, known about exact mechanisms, by which sustained in vivo hypoxia modulates mammalian heart carbohydrate metabolism. Following 41-day hypoxia, Rumsay et al. demonstrated increased cardiac HK activity and reduced pyruvate oxidation rates, indicative of uncoupling of glycolysis from glucose oxidation (Rumsey et al., 1999). Other in vivo work revealed that PFK protein expression was upregulated in chronically hypoxic calf heart (Bruns et al., 2015). In killifish heart, 4-wk hypoxic exposure upregulated HK, triosephosphate isomerase (TPI) and PK activities (Martinez et al., 2006). Together, these studies appear to indicate that hypoxia induces expression of glycolytic genes, which in turn may account for increased cardiac glycolytic flux. Further research is warranted to establish how hypoxia modulates mammalian heart glycolytic capacity.
In addition to changes within lipid and carbohydrate metabolism, hypoxia has been documented to affect CK shuttle. Acute hypoxic exposure reduced isolated rat heart phosphocreatine (PCr) and ATP levels (Neubauer & Ingwall, 1989). In vivo reductions in cardiac PCr and ATP levels, as determined by 31P-MRS, have been reported in healthy human heart within 48 h upon return from 11-day Mount Everest basecamp stay (5300 m) (Holloway et al., 2011b). Notably, only 20 h of hypoxia were sufficient to reduce in vivo cardiac PCr/ATP ratio by 15% in healthy human heart (Holloway et al., 2011a).
Collectively, these findings indicate that hypoxia affects carbohydrate, lipid and CK system metabolism and show that hypoxia-induced metabolic reprogramming recapitulates substrate utilisation pattern previously reported in HF. Although the mechanisms controlling metabolic switch are likely to be complex, a growing body of in vitro evidence appears to indicate that hypoxia inducible factor (HIF) signalling is essential for oxygen homeostasis and metabolic programming (Semenza, 2011).
Interestingly, while growing body of evidence implies that hypoxia appears to alter failing heart metabolism, its exact role in HF remains controversial. Sustained in vivo and in vitro hypoxic exposure has been demonstrated to improve baseline cardiac function and cardiac recovery from ischaemic insult (Tajima et al., 1994; Karck et al., 1995; Silverman et al., 1997; Wasserfuhr et al., 2008). Conversely, other investigations have shown that chronic hypoxic exposure may increase infarct size and impair cardiac recovery from an acute stress (Joyeux-Faure et al., 2005; Fujita et al., 2009; Milano et al., 2010). Therefore, further research is required to fully establish how sustained hypoxic exposure affects myocardial function and energy metabolism.
[bookmark: _Toc443491912]1.4.1 Cellular oxygen sensing
HIF is a basic helix-loop-helix (bHLH) transcription factor forming a heterodimer. The HIF family consists of cytoplasmic alpha subunit and nuclear beta subunit (Ratcliffe, 2013). There are 3 alpha subunits – HIF-1α, HIF-2α and HIF-3α (Ratcliffe, 2013). At the molecular level HIF alpha subunit is composed of two transactivation domains, N-terminal transactivation domain (NTAD) and C-terminal transactivation domain (CTAD) (Kaelin & Ratcliffe, 2008). Under well-oxygenated conditions alpha subunit is rapidly degraded by HIF hydroxylases and ubiquitin ligase complex. In the presence of oxygen, prolyl hydroxylase domain proteins (PHDs) and factor inhibiting HIF (FIH-1) catalyse hydroxylation reaction. When tissue oxygen pressure falls and limits its availability as a substrate for PHD and FIH-1, HIF-α is no longer hydroxylated and thus escapes degradation. Its cytosolic concentration increases allowing it to translocate to the nucleus to form a heterodimer with aryl hydrocarbon receptor nuclear translocator protein (ARNT), also known as HIF-1β (Aragones et al., 2009). Subsequently, HIF-α/β heterodimer interacts with p300 protein forming a complex, which is now ready to bind and control expression of multiple sets of genes (Semenza, 2011). HRE, a nucleotide sequence found in promoter/enhancer regions of numerous genes, was identified within multiple target genes associated with glycolysis, angiogenesis, cell cycle, oxidative phosphorylation and pH regulation, rendering HIF a potential master regulator of cell survival in response to hypoxia (Aragones et al., 2009; Semenza, 2012). Experimental studies identified GLUT1 and vascular endothelial growth factor (VEGF) as HIF-1α target genes (Ebert et al., 1995; Forsythe et al., 1996). In vitro experiments revealed that many glycolytic genes contain binding site similar to the one earlier identified in erythropoietin gene, previously reported to be induced by HIF-1α (Semenza et al., 1991; Semenza et al., 1994). Importantly, hypoxia-mediated upregulation of glycolytic gene expression was abrogated in cells deficient in HIF-1α, highlighting a key role HIF-1α may play in the induction of glycolytic genes during acute hypoxic exposure (Iyer et al., 1998). Furthermore, in vitro HIF-1α-mediated induction of PDK1 has been reported essential for reduced oxygen consumption during short-term hypoxia (24-72 h), indicating that suppressed PDC-mediated carbohydrate oxidation may be central to oxygen homeostasis (Kim et al., 2006; Papandreou et al., 2006). Consistent with in vitro studies, acute hypoxia reduced human and killifish skeletal muscle PDC activity (Parolin et al., 2000; Richards et al., 2008). It remains to be established whether acute and/or chronic hypoxia regulate cardiac PDC activity.
In addition to upregulating carbohydrate utilisation, it is now becoming recognized that HIF signalling is involved in suppressed lipid metabolism under hypoxic conditions. Exposure of Hep3B, SK-Hep-1 and HepG2 cells to 48-h hypoxia (1%) increased their TG content (Huang et al., 2014). HIF-1α expression has been found essential for decreased in vitro MCAD and LCAD proteins and suppressed lipid oxidative metabolism following 48-h hypoxia (Huang et al., 2014). Other in vitro experiment has revealed HIF-1α-dependent isoform switch of ETC proteins upon 24-h hypoxic (10%) exposure (Fukuda et al., 2007). Together, these results seem to suggest that HIF signalling is important for upregulating carbohydrate utilisation and suppressing lipid oxidative metabolism during short-term in vitro hypoxia.
As mentioned previously, HIF activity is controlled by PHDs. PHDs belong to the superfamily of Fe2+- and α-ketoglutarate (αKG)-dependent dioxygenases, which using molecular oxygen, hydroxylate two HIF proline residues, 402 and 504 (Jaakkola et al., 2001; Aragones et al., 2009). Once hydroxylated, HIF-α molecule forms a complex with von Hippel Lindau protein (VHL), a component of ubiquitin ligase complex, which promotes HIF-α polyubiquitylation. Polyubiquitylated HIF-α becomes a subject to a proteosomal degradation (Semenza, 2012). Despite having O2 Km of 100-200 μM, i.e. much higher than tissue PO2 levels (2 μM for the heart) (Gnaiger et al., 1998), PHDs have a sufficient dynamic response over physiological PO2 changes in tissues (Ward, 2008). There are three PHD isoforms. PHD1 is found exclusively in the nucleus and PHD2 is a predominantly cytoplasmic protein, yet reported to shuttle between cytoplasm and the nucleus (Berra et al., 2003). PHD3, on the other hand, has been reported to be uniformly distributed in both cytoplasm and nucleus (Sen Banerjee et al., 2012). Activity studies revealed that PHD2 has the highest hydroxylase activity followed by PHD3 and PHD1 (Huang et al., 2002). Of three PHDs, PHD1 and 2 were found to be the major regulators of HIF-1α and HIF-2α expression, respectively (Berra et al., 2003; Eckle et al., 2008).
In addition to HIF-α NTAD-localized suppression by PHDs, FIH-1 has been demonstrated to control HIF transcriptional activity. For instance, Mahon et al. reported that FIH-1 suppresses HIF-1α transcriptional activity interacting with VHL protein (Mahon et al., 2001). Detailed mass spectrometry analysis revealed asparagine 851 (Asn851) within HIF-2α and Asn803 within HIF-1α molecule as sites of oxygenation (Lando et al., 2002b). Sequence profile searches have indicated that FIH-1 protein may fold as a Fe2+- and αKG-dependent dioxygenase (Lando et al., 2002a). Consistent with this hypothesis, in vitro incubation of cells with dimethyloxalylglycine (DMOG), an inhibitor of αKG, abrogated Asn851 mass increase, indicative of suppressed FIH-1-mediated HIF hydroxylation (Lando et al., 2002a). Analyses of FIH-1 crystal structure have confirmed Fe2+ and αKG binding sites and have revealed that FIH-1 C-terminal is of key importance for HIF inactivation (Dann et al., 2002). Summary of PHD- and FIH-1-dependent inactivation of HIF signalling is shown in Figure 1.10.
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[bookmark: _Toc437248347][bookmark: _Toc437248430][bookmark: _Toc437248545][bookmark: _Toc437251392][bookmark: _Toc438046166][bookmark: _Toc438121907][bookmark: _Toc443491840]Figure 1.10. Oxygen-dependent regulation of hypoxia inducible factor 1α (HIF-1α) cellular stabilisation. At normoxia [1], with the aid of iron, α-ketogluterate (α-KG) and vitamin C, prolyl hydroxylase domain proteins (PHD) and factor inhibiting HIF-1α (FIH) hydroxylate two proline and one aspartyl residues on HIF-1α molecule, respectively [2]. HIF-1α hydroxylation renders the molecule more sensitive for subsequent von Hippel-Lindau (VHL) protein-dependent polyubiquitylation [3]. Polyubiquitylated HIF-1α is degraded via proteasomal pathway. During hypoxia, however, when molecular oxygen availability is reduced, HIF-1α remains in its non-hydroxylated form [4], which allows it to accumulated and translocate into the nucleus. Once inside the nucleus, HIF-1α binds with HIF-1β molecule. Then, HIF-1α/β complex interacts with p300 protein, forming a complex now ready to bind to hypoxia response element (HRE) within its target genes [5].

Considering significant role HIF is thought to play in cell survival, metabolic reprogramming and angiogenesis, it has been hypothesized to regulate cardiovascular system development and myocardial remodelling in response to physiological and pathological stimuli. Its substantial role is supported by loss- and gain-of-function experiments. Iyer et al. generated whole body HIF-1α -/- mice and reported that all HIF-1α -/- embryos were morphologically abnormal by E9.0, and all died by E11.0 (Iyer et al., 1998). Morphological abnormalities involved pericardial effusion, failure of the neural tube closure, hyperplasia of presumptive myocardium and less obvious primitive endocardial tube lumen, suggesting that death of these embryos may have been a result of an abnormally developing cardiovascular system (Iyer et al., 1998). In other experiment, cardiac-specific deletion of HIF-1α resulted in impaired basal and dobutamine-stimulated isolated heart function and reduced angiogenic and glycolytic gene expression, indicating that cardiac-specific deletion of HIF-1α is not associated with embryonic lethality, yet its absence deteriorates basal and stimulated cardiac function and modulates angiogenic and glycolytic capacity (Huang et al., 2004). Transient and constitutive PHD silencing has been shown to stabilise HIF-1α and improve cardiac function in response to acute ischaemic stress (Ockaili et al., 2005; Eckle et al., 2008; Adluri et al., 2011; Xie et al., 2015). Chronic cardiac-specific HIF-1α stabilisation resulted in cardiomyopathy, indicating that short-term, but not long-term HIF-1α expression appears to be of functional benefit to the heart (Holscher et al., 2012). Much less is known about how manipulating FIH-1 expression affects cardiac function and energy metabolism. Further research is warranted to establish how acute and/or chronic FIH-1 genetic manipulations modify cardiac function and metabolic flux. Taken collectively these results appear to suggest that short-term upregulation of HIF expression is associated with myocardial protection.
While energy metabolism adaptations to short-term in vitro hypoxia appear to be HIF-dependent, its relevance during long-term, sustained hypoxic exposure remains unclear. Jewell et al. found that in human epithelial carcinoma cell line, HeLaS3, HIF-1α was rapidly detected at the protein level after 5 min of hypoxia (0.1 – 5% O2) and remained upregulated for up to 4 h (Jewell et al., 2001). Its mRNA during hypoxia, however, returned to baseline after 8 h of sustained hypoxic exposure suggesting that HIF-1α may have a biphasic response (Wang et al., 1995). Stroka et al. found that in mice subjected to sustained hypoxia (6%), brain, kidney and liver HIF-1α protein levels were upregulated after 1 h, but fell to pre-hypoxia after 3-12 h (Stroka et al., 2001). HIF-1α protein and mRNA levels were not altered in murine cardiac muscle following 2- and 10-day 8% hypoxia (Vigano et al., 2011). In an in vivo study, 24 h of hypoxia (12% O2) upregulated skeletal muscle HIF-1α and PDK1 proteins, which returned to baseline after a week during sustained hypoxic exposure, suggesting that HIF-1α-PDK1 axis may not regulate cellular adaptations to hypoxia (Le Moine et al., 2011). Furthermore, chronic cardiac-specific HIF-1α overexpression has been shown to induce metabolic phenotype resembling hypoxia and impair cardiac function, partly explaining transient nature of HIF-1α expression (Holscher et al., 2012). These studies imply that while during short-term in vitro hypoxia HIF-1α appears to regulate glycolytic capacity, little is known about the mechanisms, by which sustained hypoxia modulates cardiac energy metabolism.
[bookmark: _Toc443491913]1.6 The aims of the thesis
It is now well-established that short-term in vitro hypoxia regulates carbohydrate metabolism. Little is known, however, how sustained in vivo hypoxia modulates cardiac carbohydrate utilisation and how it modifies cardiac tolerance to subsequent acute injury. Modulation of HIF signalling is considered of key importance for cellular adaptation during in vitro hypoxia. Given its transient increase in response to hypoxia, the role of HIF signalling and its target genes in regulating cardiac carbohydrate metabolism under chronic hypoxia remains to be fully determined. FIH-1 control of HIF transcriptional activity is central to oxygen homeostasis. It is currently unclear whether FIH-1 controls cardiac energy metabolism. Taking all these issues into account, the present thesis aimed at answering the following questions:
Aim 1: Ischaemia/reperfusion injury reprograms myocardial metabolism. Hypoxia is a key component of ischaemia, yet its exact role in modulating cardiac function and energy metabolism remains to be fully elucidated. We wanted to develop a reproducible model of acute hypoxia/reoxygenation (H/R) injury to establish how acute hypoxia modulates cardiac function and recovery and, using radiolabelled substrates, how myocardial metabolic flux is altered by acute H/R injury. Considering effects of acute PDC activation on cardiac recovery from ischaemic injury, we wished to determine whether acute PDC stimulation affects cardiac function during acute hypoxia and reoxygenation, and whether this is associated with modified myocardial energy metabolism.
Aim 2: Increased carbohydrate utilisation is central to hypoxia-induced metabolic reprogramming. Available evidence implies that multiple glycolytic enzymes are increased in hypoxic fish heart. Little is known about how sustained in vivo hypoxia increases mammalian heart glycolytic flux. Thus, in a comprehensive metabolic analyses we sought to establish specific mechanisms, by which chronic hypoxia accelerates cardiac glycolysis.
Aim 3: It is becoming recognized that hypoxia is a hallmark of HF. Effects of sustained hypoxic exposure on cardiac tolerance to subsequent acute injury remain, however, conflicting. In vitro studies demonstrate that hypoxia suppresses oxidative metabolism inducing PDK1 expression. It remains to be established how sustained in vivo hypoxia modifies cardiac PDC activity. Moreover, it is currently unclear how chronic PDC activation during hypoxic exposure modulates cardiac function and metabolism at baseline and during H/R injury. Therefore, we sought to determine how chronic hypoxia modulates cardiac tolerance to subsequent acute injury. In addition, we sought to find out how chronic PDC activation alters cardiac function and energy metabolism both at baseline and during H/R injury.
Aim 4: Amounting evidence implies that HIF signalling is essential in short-term in vitro adaptations to hypoxia. Acute inactivation of PHD increases glycolytic capacity and protects a heart against ischaemic injury. Relatively little is understood about how FIH-1 modulation affects cardiac function and energy metabolism. Elucidating the role of FIH-1 in cardiac cells during normoxia and hypoxia would allow a greater understanding of the complex pathways involved in oxygen sensing coupled to metabolic adaptation. In this study, we wished to establish how FIH-1 deletion modulates cardiac function and energy metabolism at baseline and following H/R injury.
[bookmark: _Toc443491914]CHAPTER 2 METHODS
[bookmark: _Toc443491915]2.1 Animals
Eight-week old male CD1 mice were purchased from a commercial breeder (Harlan, United Kingdom) and housed on a 12-h light/dark cycle. Water and chow food were provided ad libitum at all times. All procedures were conducted in accordance with the Home Office guidelines under The Animals (Scientific Procedures) Act, 1986, and in accordance with the University of Nottingham guidelines.
[bookmark: _Toc443491916]2.2 Generation of chronically hypoxic mice
Chronic (normoxic) hypoxic housing was performed in a sealed plastic glass-fronted chamber (Biomedical Engineering Unit, Nottingham, UK). Hypoxia in the chamber was generated by the removal of O2 content of incoming air via a hypoxic generator (Hypoxico, New York, US). Chamber O2 and CO2 concentrations were continuously monitored via on-line sensor system (Normocap Oxy, Datex Engstrom, Finland) with CO2 not exceeding 0.1% (Fig. 2.1A). To understand an adaptive process of hypoxia and its role in disease, a graded physiological hypoxia was induced over the first 7 days followed by continuous exposure 11% for the final two-three weeks (Fig. 2.1B).
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[bookmark: _Toc437248348][bookmark: _Toc437248431][bookmark: _Toc437248546][bookmark: _Toc437251393][bookmark: _Toc438046167][bookmark: _Toc438121908][bookmark: _Toc443491841]Figure 2.1. Hypoxic chamber (A) and schematic representation of a 3-week chronic hypoxic housing protocol (B).

Control and chronically hypoxic animals were housed in the same room ensuring exposure of animals to the same temperature, humidity and light/dark cycle conditions. Food and water were provided at libitum at all times. Animals were weighed on a daily basis. This procedure involved taking an animal out of the chamber (< 5 min) and placing it on a scale to determine its body weight. Following chronic hypoxic housing, all animals were exposed for 1 h to room air to exclude effects of short-term reoxygenation on cardiac function. Humidity and temperature inside the chamber were maintained at an ambient level of 40-60% and 21.9-24.1 °C, respectively.
[bookmark: _Toc443491917]2.3 Heart excision
Animals were euthanized with sodium pentabarbitone i/p injection (0.1 – 0.15 ml of 200 mg/ml). Following pedal reflex withdrawal, a small incision was made below the xiphoid process of the sternum to reveal the diaphragm. Bilateral incision along the lower margin of the last to the first ribs was made and the rib cage moved over animal’s head to reveal the beating heart. Hearts were quickly excised and arrested in an ice-cold Krebs-Henseleit (KH) buffer equilibrated with 95% O2 and 5 % CO2 containing (mM) 118 NaCl, 4.7 KCl, 1.2 MgSO4, 2.0 CaCl2, 0.5 Na2EDTA, 11 glucose, 25 NaHCO3 and 1.2 KH2PO4.  Hearts were weighed and trimmed of any excessive connective, vascular and fat tissue in the ice-cold KH buffer. In each case aorta was located and cannulated and the heart was suspended on the 16 gauge cannula.
[bookmark: _Toc443491918]2.4 Isolated heart perfusion
Under constant pressure (80 mmHg), isolated Langendorff-mode hearts were perfused with recirculating (150 ml) modified KH buffer containing (mM) 118 NaCl, 4.7 KCl, 1.2 MgSO4, 2.0 CaCl2, 0.5 Na2EDTA, 11 glucose, 25 NaHCO3, 1.2 KH2PO4 and 0.4 palmitate pre-bound to albumin (3%). Diagramatic representation of the Langendorff rig is shown in Figure 2.2.
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[bookmark: _Toc437251394][bookmark: _Toc438046168][bookmark: _Toc438121909][bookmark: _Toc443491842]Figure 2.2. A schematic example of the Langendorff perfusion rig (A) (Sutherland et al., 2003) and laboratory rig setup (B).


To ensure that ionised calcium (iCa2+) concentration of the KH buffer reflected physiological concentration, prior to perfusion, perfusate ionic composition was checked using an electrolyte analyser (Smartlyte, Diamond Diagnostics, USA) and iCa2+ adjusted for 1.8 mM. Cardiac function throughout perfusion was measured using a polyethylene balloon, filled with water, placed within the LV lumen and inflated to 4-8 mmHg. LV contractile function was transmitted into pressure transducer and recorded in real-time via Lab Chart software (AD Instruments, UK). Isolated heart peak systolic pressure (PSP), end-diastolic pressure (EDP) and heart rate (HR) were derived from pressure traces (Fig. 2.3).
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[bookmark: _Toc437248350][bookmark: _Toc437248433][bookmark: _Toc437248548][bookmark: _Toc437251395][bookmark: _Toc438046169][bookmark: _Toc438121910][bookmark: _Toc443491843]Figure 2.3. An example of a signal tracer generated by an isolated mouse heart.

In all chapters with the exception of chapter 3, LV developed pressure (DP) was calculated as a difference between PSP and EDP, while rate pressure product (RPP) was calculated as a product of HR and DP. In chapter 3, RPP was calculated as HR x PSP to compare mouse heart functional recovery with isolated rat heart subjected to global ischaemia. Following initial 30-min baseline perfusion, hearts were subjected to acute H/R injury with hypoxia and reoxygenation each lasting 30 min. An acute hypoxia was induced with mixed nitrogen gas (95% nitrogen/5% CO2). During reoxygenation, the buffer was bubbled, as during baseline perfusion, with 95% O2 and 5% CO2 gas mixture. KH buffer O2 tension during baseline perfusion and hypoxia was ~550 mmHg (73 kPa) and ~120 mmHg (16 kPa), respectively.
[bookmark: _Toc443491919]2.5 Blood haemoglobin
To determine if hypoxic housing induced systemic adaptations, post-excision blood haemoglobin content was determined using HemoCue Analyzer (HemoCue 201+ AB, Angelholm, Sweden). Briefly, sodium deoxycholate haemolyses red blood cells and releases haemoglobin. Sodium nitrite converts haemoglobin to methaemoglobin, which combined with sodium azide, gives azidemethaemoglobin. The absorbance is measured at 570 nm and 880 nm to compensate for turbidity in the sample.
[bookmark: _Toc443491920]2.6 Metabolic flux
Heart derives its energy from utilising lipids and carbohydrates. Using radiolabelled substrates (e.g. 3H-labelled) cardiac palmitate oxidation rates and glycolytic flux were determined.
[bookmark: _Toc443491921]2.6.1 Palmitate oxidation
Cardiac palmitate oxidation rates were determined by the addition of 30 μl of [9, 10-3H]-palmitate (specific activity 30-60 Ci/mmol) to KH buffer immediately before perfusion and aliquots of recirculating buffer were collected at 5 min intervals throughout the protocol. The principle of the method is based upon 3H2O release from [9, 10-3H]-palmitate following oxidative phosphorylation (Fig. 2.4A). Chloroform:methanol mixture (1:2, v/v), chloroform and 2 M KCl:HCl solution were added to the sample to separate 3H2O from [9, 10-3H]-palmitate. The solution was placed on a rotor and mixed for 10 min. The aqueous phase was collected using pasteur pipette and combined with a mixture of chloroform, methanol, and KCl:HCl in a 1:1:0.9 ratio. Two 0.5 ml samples of the aqueous phase were counted for each perfusate sample for total 3H2O determination. Steady state palmitate oxidation rates were calculated from the linear increase in 3H2O production and expressed as μmol/min/g of wet weight (Lopaschuk & Barr, 1997). An example of 3H2O accumulation over time of an isolated mouse heart is shown in Figure 2.4B.
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[bookmark: _Toc438046170][bookmark: _Toc438121911][bookmark: _Toc443491844]Figure 2.4. A principle (A) and example (B) of 3H2O accumulation over time of an isolated mouse heart. DPM – disintegrations per minute. The slope of regression line was used to calculate steady-state oxidation rates over given period of time.
[bookmark: _Toc443491922]2.6.2 Glycolytic flux
Prior to perfusion 20 μl of [5-3H]-glucose (specific activity 10-20 Ci/mmol) were added to KH buffer (0.2 μCi/ml of KH buffer). The principle of the method is based upon 3H2O release at the enolase step of glycolysis (Fig. 2.5A). Aliquots of recirculating buffer were collected at 5 min intervals during the perfusion protocol and 3H2O content was used to calculate glycolytic flux. Separation of 3H2O from [5-3H]-glucose was performed according to the previously described method (Lopaschuk & Barr, 1997). Briefly, 100 μl of perfusate, containing both 3H2O and [5-3H]-glucose was loaded onto a screening column (Fisher Scientific) filled with Dowex (1 x 4-200, anion exchange resin) pre-cleaned in 1.25 M sodium hydroxide and 1.6 M boric acid solution. The presence of anion exchange resins allows for the separation of [5-3H]-glucose, which binds to resin, from 3H2O, which flows through. After 15 min, 2 ml of water (5 x 400 μl) was added and mixed in a scintillation vial with 10 ml of scintillation cocktail. Duplicate samples were counted and steady state glycolytic flux was calculated from the linear increase in 3H2O production and expressed as μmol/min/g of wet weight (Fig. 2.5B).
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[bookmark: _Toc438046171][bookmark: _Toc438121912][bookmark: _Toc443491845]Figure 2.5. A principle (A) and example of 3H2O accumulation over time (B) of an isolated mouse heart. DPM – disintegrations per minute. The slope of regression line was used to calculate steady-state glycolytic flux over given period of time.
[bookmark: _Toc443491923]2.7 Tissue preparation and metabolite extraction
At the end of individual perfusion protocols, hearts were freeze-clamped with Wollenberger clamps pre-cooled to the temperature of liquid nitrogen, immediately immersed in liquid nitrogen and stored at -80 °C until further analysis. To establish how various interventions modulate muscle metabolite content, frozen tissue was initially freeze-dried overnight, dissected free of visible connective tissue and powdered. This was performed to ensure that metabolite content was measured in purified muscle tissue. Powdering was performed at room temperature for ~15 min using tweezers. Powdered tissue metabolites were released using perchloric acid (PCA) extraction as previously described (Harris et al., 1974). One ml of 0.5 M PCA, 1 mM EDTA solution was added for every 12.5 mg of tissue and incubated on ice for 10 min with occasional vortexing. The sample was spun down at 22 000 rpm for 3 min at 4 °C and a supernatant neutralized with 2.2 M KHCO3 solution at a volume of ¼ the recovered supernatant. The mixture was spun down at 22 000 rpm for 3 min at 4 °C and the supernatant was transferred into a new Eppendorf tube and stored at -80°C for subsequent analysis. Extraction factor (EF) was determined for metabolite concentration in PCA extract.
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Where:
VPCA – volume of initial perchloric acid added
Vsup – volume of supernatant recovered
VKHCO3 – volume of potassium bicarbonate added
[bookmark: _Toc443491924]2.7.1 Muscle glucose-6-phosphate, phosphocreatine, and adenosine triphosphate
Muscle glucose-6-phosphate (G6P), phosphocreatine (PCr) and adenosine triphosphate (ATP) content were measured spectrophotometrically in the PCA extract (Harris et al., 1974). Twenty five μl of PCA extract, blank or standard were loaded onto a 96 well plate together with 225 μl of triethanolamine buffer, pH 7.5, containing 40 μM ADP, 5 mM glucose and 1 mM NADP+, mixed and incubated for 5 min at 30 °C. The change in NADPH absorbance at 340 nm is followed to determine metabolite content. The basal A340 (A1) was determined in a spectrophotometer (Spectra Max 190, Molecular Devices Ltd, Wokingham, UK). The three-step assay was initiated by the addition of glucose-6-phosphate dehydrogenase (G6PDH), which oxidises G6P to 6-P-gluconolactone converting NADP+ to NADPH (Reaction 1).
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After 5 min, the A340 was measured (A2) and used to determine muscle G6P content (Equation a). Subsequent addition of HK allowed determination of ATP content. HK catalyses ATP hydrolysis transferring the final phosphate group onto a glucose molecule (Reaction 2).
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The plate was shaken and incubated for 20 min at 30 °C and NADPH A340 was immediately determined (A3). The change in NADPH absorbance was used to determine muscle ATP content (Equation b). The final step of the assay was begun by the addition of CK (dissolved in 0.5% NaHCO3 + 0.05% BSA), which catalyses the phosphorylation of ADP by the transfer of a phosphate group from PCr (Reaction 3).
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The plate was mixed and incubated for 20 min at 30 °C. The change in NAPDH A340 (A4) was used to determine muscle PCr content (Equation c).
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Where:
V1 – initial G6P, PCr and ATP reaction volume (μl)
V2 – volume after addition G6PDH (μl)
V3 – volume after addition of HK (μl)
V4 – volume after addition of CK (μl)
A1 (B1) – initial NADPH absorbance of sample (or blank)
A2 (B2) – NADPH absorbance after addition of G6PDH
A3 (B3) – NADPH absorbance after addition of HK
A4 (B4) – NADPH absorbance after addition of CK
6.22 – milimolar extinction coefficient for NAPDH at 340 nm (cm2∙μmol)
SV – sample volume (μl)
EF – extraction factor (l∙kg)
Muscle G6P, ATP and PCr content was expressed as μmol/g dm.
[bookmark: _Toc443491925]2.7.2 Muscle pyruvate, ADP and AMP
PCA extract pyruvate, ADP and AMP contents were determined spectrophotometrically as previously described (Harris et al., 1974). Two hundred μl of PCA extract, blank or standard were loaded on a 96-well plate together with 50 μl of triethanolamine buffer, pH 7.5, containing 40 mM KCl, 1 mM phosphoenolpyruvate (PEP) and 180 μM NADH. The plate was shaken and incubated for 5 min at 30 °C. The change in NADH absorbance at 340 nm is followed to determine metabolite content. NADH A340 was determined (A5). The three-step assay was initiated by the addition of lactate dehydrogenase (LDH), which reduces pyruvate to lactate with concomitant conversion of NADH to NAD+ (Reaction 4).
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Following 20 min incubation at 30 °C, the NADH A340 was measured (A6) and used to determine muscle pyruvate content based on the Equation a principle (see Appendix I for further details). Subsequent addition of PK allowed determination of muscle ADP content. PK catalyses phosphate group transfer from phosphoenolpyruvate (PEP) to ADP to form ATP and pyruvate (Reaction 5).
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The plate was incubated for 20 min at 30 °C. NADH A340 was determined (A7) and used to calculate muscle ADP content based on the Equation a principle (see Appendix I for further details). The final reaction involved addition of myokinase (MK). MK catalyses conversion of AMP and ATP to ADP (Reaction 6).
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The plate was shaken and incubated for 20 min at 30 °C. NADH A340 (A8) was measured and its change used to determine muscle AMP content based on the Equation a principle (see Appendix I for further details). Muscle pyruvate, ADP and AMP content was expressed as μmol/g dm.
[bookmark: _Toc443491926]2.7.3 Muscle free creatine
Free creatine (Cr) was determined in the PCA extract using previously described spectrophotometric method (Harris et al., 1974). Twenty μl of PCA extract, blank or standard were loaded onto a 96-well plate together with 300 μl of 100 mM glycine buffer, pH 9.1, containing 30 mM KCl, 1.5 mM ATP, 1 mM PEP, 1 mM NADH, PK and LDH. The change in NADH absorbance at 340 nm is followed to determine metabolite content. The plate was shaken and initial NADH absorbance was determined (A9). Addition of CK (dissolved in 0.5% NaHCO3 + 0.05% BSA) initiated coupled reactions. The plate was shaken and incubated for 30 min. Any free Cr was phosphorylated via CK-mediated reaction to PCr and ADP (Reaction 3), which served as a substrate for PK reaction (Reaction 5). Pyruvate formed in PK reaction was subsequently reduced to lactate in LDH reaction with a change in NADH A340 (Reaction 4). Immediately thereafter, NADH A340 was determined (A10) and its change was used to calculate free Cr content based on the Equation a principle (see Appendix I for further details). Muscle creatine content was expressed as μmol/g dm. Total muscle creatine content was calculated as a sum of PCr and Cr.
[bookmark: _Toc443491927]2.7.4 Muscle lactate
Muscle lactate content was determined in the PCA extract using previously described spectrophotometric method (Lundholm et al., 1963). Twenty μl of PCA extract, blank or standard (0-100 μM) were loaded on a 96-well plate together with 200 μl of 325 mM glycine/260 mM hydrazine buffer, pH 9.1, containing 3.15 mM of NAD+. The change in NADH absorbance at 340 nm is followed to determine metabolite content. The plate was shaken and incubated for 5 min. Baseline NADH A340 at 30 °C was determined. Immediately thereafter, LDH was added to convert lactate to pyruvate and NAD+ to NADH (Reaction 7). NADH A340 was measured after 60-min incubation in dark at 30 °C. The presence of hydrazine ensured that reaction ran into completion. Muscle lactate content was determined from the standard curve and expressed as μmol/g dm.
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[bookmark: _Toc443491928]2.7.5 Muscle glycogen
Muscle glycogen was determined in the powdered tissue using previously described spectrophotometric method (Harris et al., 1974). One to two mg of powdered tissue was dissolved in 100 μl of 0.1 M NaOH and incubated for 10 min at 80 °C. To hydrolyse glycogen into glycosyl units neutralisation solution consisting of 0.1 M HCl, 0.2 M citrate buffer (pH 5.0, containing 0.2 M Na2HPO4) and 18 μl of amyloglucosidase was added and samples incubated at room temperature for 1 h. The sample was centrifuged for 2 min at 14 000 rpm and the supernatant collected and stored at -80 °C until further analysis. The extraction factor was calculated as follows (Equation h)
[image: ][h]

Where:
VNaOH – volume of sodium hydroxide added (μl)
VBuffer – volume of hydrochloric acid/citrate buffer (μl)
VAGDase – volume of amyloglucosidase added (μl)

Onto a 96 well plate, 25 μl of sample or blank were pipetted together with 250 μl of triethanolamine buffer, pH 8.2, containing 0.75 mM ATP, 1 mM DTT and 1 mM NAD+. The plate was shaken and incubated for 5 min at room temperature. The change in NADH absorbance at 366 nm is followed to determine metabolite content. NADH absorbance was determined at 366 nm (A11). Thereafter, HK and G6PDH solution was added to the mixture, which phosphorylated glycogen-derived glucose to G6P (Reaction 8) and oxidised G6P to 6-P-gluconolactone (Reaction 9).
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NADH absorbance at 366 nm was measured immediately thereafter (A12) and its change used to calculate muscle glycogen content expressed in glycosyl unit based on the Equation a principle (see Appendix I for further details). Tissue glycogen content was expressed as μmol/g dm.
[bookmark: _Toc443491929]2.8 Pyruvate dehydrogenase complex activity
The activity of the pyruvate dehydrogenase complex (PDC) was determined by the radioisotopic method (Constantin-Teodosiu et al., 1991b). The assay is based on the measurement of the PDC active moiety (PDCa) at the time of extraction from the muscle. Wet muscle tissue was homogenised in a glass tissue grinder on ice for 1 min in the cold 200 mM sucrose extraction buffer, pH 7.8, containing 50 mM KCl, 5 mM MgCl2, 5 mM EGTA, 50 mM Tris∙HCl, 50 mM NaF and 5 mM DCA. The presence of NaF and DCA ensured that there is no interconversion between its active and inactive form during extraction protocol. Thirty μl of homogenate was added in duplicate into pre-warmed (37 °C) 100 mM Tris∙HCl buffer, pH 7.8, containing 1 mM NAD+, 1 mM thiamine pyrophosphate and 0.5 mM coenzyme A (CoASH). The acetyl-CoA formation was initiated by the addition of 30 μl of 26 mM pyruvate solution as shown in the Reaction 10.
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Acetyl-CoA production was determined after 1, 2 and 3 min of the incubation analysis, by pipetting 210 μl of the incubation solution into corresponding, filled with 40 μl of 0.5 M PCA, tubes. The rate of the reaction was determined using the radioenzymatic method (Cederblad et al., 1990). Briefly, 20 μl of sample containing acetyl-CoA was incubated with freshly prepared [14C]-oxaloacetate and citrate synthase. After 20 min, transamination mix was added to remove excess [14C]-oxaloacetate. Ion exchange resin was pipetted into tubes to separate [14C]-aspartate and [14C]-citrate. Scintillation fluid was subsequently added and disintegrations per minute (DPM) quantified. Rate of acetyl-CoA production was estimated using slope of the standard curve and PDC activity expressed as μmol of acetyl-CoA/min/mg of wet tissue at 37 °C.
[bookmark: _Toc443491930]2.9 Muscle acetyl-carnitine
PCA extract acetyl-carnitine content was determined using radioisotopic method (Cederblad et al., 1990). Twenty five μl of muscle PCA extract or acetyl-l-carnitine standards (0 – 125 pmol) were incubated for 30 min together with 100 μl of HEPES buffer, pH 7.4, containing 11 mM EDTA and freshly reduced 0.2 mM CoASH. Subsequent addition of carnitine acetyltransferase (CAT) enzyme catalysed the acetyl group transfer (Reaction 11).
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Thereafter, the sample was incubated in a water bath at 95 °C for 3 min to denature the CAT enzyme and terminate the CAT reaction. From then on, the acetyl-CoA content was considered to reflect muscle acetyl-carnitine content. Subsequent steps were identical to the acetyl-CoA assay as described for the pyruvate dehydrogenase activity assay. The acetyl-carnitine content was then calculated from the regression line slope of the standard curve and expressed as μmol/g dm.
[bookmark: _Toc443491931]2.10 Western blot
Tissue protein detection and quantification relative to control experiment was performed using western blotting according to the standard procedures. The technique involved tissue homogenisation and protein release, polyacrylamide gel electrophoresis, protein transfer, immunoblotting and quantification.
[bookmark: _Toc443491932]2.10.1 Immunoblotting of cardiac and skeletal muscle proteins
The whole tissue homogenate was used for protein detection using western blotting. Approximately 20-30 mg of frozen tissue was homogenized using Polytron homogenizer in an ice-cold 50 mM Tris-HCl buffer, pH 7.5, containing 1 mM EDTA, 1 mM EGTA, 1% IGEPAL, 0.1% β-mercaptoethanol and 10 μl/ml of protease inhibitor cocktail (Sigma). Tissue lysate was centrifuged at 13,000 g for 10 min at 4 °C, and the supernatant transferred into a new Eppendorf tube and stored at -80 °C. Nuclear proteins were extracted from the pellet formed following centrifugation. Briefly, the pellet was resuspended in 200 μl of 20 mM HEPES buffer, pH 8.0, containing 25% glycerol, 500 mM NaCl, 1.5 mM MgCl2, 0.2 mM EDTA, and left on ice for 60 min. Lysate was spun at 3000 g for 5 min and supernatant collected. Supernatant protein content was determined using BCA assay kit (BCA protein assay kit, Pierce Biotechnology, USA). For gel electrophoresis, an aliquot of the supernatant was removed and mixed with 4 x LSD sample buffer (Thermo Scientific) and 0.5 M DTT (final concentration in solution being 50 mM), and boiled at 70 °C for 10 min.
[bookmark: _Toc443491933]2.10.2 Polyacrylamide gel electrophoresis and protein transfer
Equal amount of proteins were loaded onto 12% polyacrylamide gels and run for ~2 h at 100 V. Upon completion, gel was placed onto a polyvinylidene fluoride (PVDF) membrane (Amersham, UK), and between two filter papers and one sponge on each side of a plastic cassette. Cassettes were immersed in the tank filled with 25 mM Tris base transfer buffer, pH 8.3, containing 186 mM glycine and 20% methanol. The transfer was performed on ice for 2 h at 250 mA. After transfer, the membrane was stained with Ponceau S (Sigma, UK) to establish successful protein transfer and even protein distribution across the membrane. The membrane was washed in water to remove Ponceau S and incubated in TBS-T-based blocking solution [Bovine serum albumin (BSA) or dry milk according to manufacturer’s instruction for a given protein] containing 1 mM Tris base, pH 7.5, 374 mM NaCl and 0.1% Tween 20 for 1 h.
[bookmark: _Toc443491934]2.10.3 Immunoblotting and quantification
After blocking, the membrane was dried of excess blocking solution and placed overnight at 4 °C on an orbital shaker in a sealed plastic bag containing primary antibody diluted in TBS-T-based BSA or dry milk solution according to the manufacturer’s instructions. The membrane was washed 5 x 5 min on an orbital shaker in TBS-T, dried of excess washing solution and incubated with specific horseradish peroxidase-conjugated secondary antibody diluted in TBS-T-based BSA or dry milk solution. On the shaker, the membrane was exposed to a secondary antibody in a sealed plastic bag for 1 h at room temperature. The membrane was washed 4 x 5 min on the shaker in TBS-T, dried of excess washing solution and incubated for 1 min in enhanced chemiluminesence (ECL) detection solution (Amersham, UK). The membrane was wrapped in a cling film and placed in a cassette together with x-ray film (Kodak, UK). Upon exposure, film was placed in the developing solution (Ilford PQ Universal, Harman, Germany), washed in distilled water and fixed in the fixing solution (Ilford 2000 RT, Harman, Germany). Protein bands were quantified using ImageJ software (NIH, USA).
[bookmark: _Toc443491935]2.11 Reactive oxygen species (ROS)
It is well established that hypoxia induces ROS production (Vanden Hoek et al., 1998). Reactive oxygen species formation results in the generation of new molecules within lipid and protein component of the cell (Janero, 1990; Suzuki et al., 2010).
[bookmark: _Toc443491936]2.11.1 Thiobarbituric reactive species (TBARS)
Incorporation of molecular oxygen into tissue polyunsaturated fatty acids results in the formation of hydroperoxides. This nonenzymatic, metabolically uncoupled process is stimulated by partially reduced oxygen and transition metals and serves as an indicator of tissue reactive oxygen species (ROS)-mediated lipid peroxidation (Janero, 1990). ROS formation was detected by measuring malondialdehyde (MDA)-thiobarbituric acid (TBA) adduct as previously described (Goldfarb et al., 1996). Briefly, in a 7 ml glass tube an aliquot of tissue homogenate (the same as for western blot) was combined together with 20% of acetic acid (pH 3.5), 8.1% SDS and 1.05% thiobarbituric acid (TBA) solution, vortex-mixed and heated in a boiling water bath for 1 h. The solution was cooled to a room temperature and 2 ml of butanol-pyridine (15:1 v/v) were added and tubes vortex-mixed and centrifuged at 4000 rpm for 10 min. The upper phase containing MDA-TBA adduct was removed and transferred into tetra clear cuvette and the fluorescence was determined at 515 nm excitation and 553 nm emission using Digilab Hitachi F-4500 Fluorescence Spectrophotometer.
[bookmark: _Toc443491937]2.11.2 Protein carbonyls
In addition to lipids, proteins also undergo ROS-mediated modifications. Among various oxidative modifications of amino acids in proteins, carbonyl group formation has been suggested to be an early marker for protein oxidation (Davies, 1987). While exact mechanisms responsible for protein carbonylation still remain to be fully elucidated, redox cycling ions, including Fe2+ and Cu2+, are thought to bind to protein cation binding sites and, with the aid of O2 and H2O2, can transform side-chain amine groups on several amino acids into carbonyls (Reznick & Packer, 1994). Among several approaches to detect protein carbonyls, reaction with 2,4-dinitrophenylhydrazine (DNP) received considerable attention. Western blotting-based detection of protein carbonyls has been shown to be 1700 times more sensitive than colorimetric assay (Robinson et al., 1999). Myocardial protein carbonyl content was assayed using commercially available OxyBlot kit (Millipore, MA, USA). Briefly, protein carbonyl groups were derivatized to 2,4-dinitrophenylhydrazone (DNPH) by DNP. Samples were loaded onto a 12% polyacrylamide gel and run for ~2 h at 100 V. Following an overnight transfer onto a PVDF membrane, blots were incubated with kit anti-DNP antibodies according to manufacturer’s instructions. The sum of the separated protein bands was quantified by densitometry and expressed as total protein carbonylation content of a sample.
[bookmark: _Toc443491938]2.12 Enzyme activities
Cardiac and skeletal muscle enzyme activities were determined from the frozen samples.
[bookmark: _Toc443491939]2.12.1 Hexokinase
Frozen muscle (~5 mg) was homogenised in an ice-cold 50 mM KH2PO4 buffer, pH 7.8, containing 1 mM EDTA, 2 mM DTT and 0.05 % Triton-X. Maximal HK activity was determined in a G6PDH coupled reaction using previously described method (Uyeda & Racker, 1965) with the following principle (Fig. 2.6).
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[bookmark: _Toc438046172][bookmark: _Toc438121913][bookmark: _Toc443491846]Figure 2.6. Principle of hexokinase (HK) assay.

Briefly, tissue extract was incubated for baseline kinetic NADPH A340 over 3 min at 30 °C with 100 mM Tris-HCl buffer, pH 7.6, containing 5 mM MgCl2, 1 mM EDTA, 0.4 mM NADP+, 5 mM ATP and 5 mM glucose. Immediately after G6PDH was added and an increase in NADPH A340 was followed for 3 min at 30 °C. Enzyme activity (U/ml) was calculated using Equation j, where unit (U) was defined as μmol/min. Supernatant protein concentration was determined using Bradford assay and enzyme specific activity expressed as U/mg of protein. Under these conditions, test Vmax was found to be 0.03 U/mg protein with a change in absorbance of 0.025 OD/min.
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Where:
V13 – initial reaction volume (μl)
V14 – volume in well after addition of enzyme mixture (μl)
A13 –initial rate of NADPH absorbance of blank
A14 – rate in NADPH absorbance after addition of enzyme mixture
SV – sample volume (μl)
6.22 – milimolar extinction coefficient for NADPH at 340 nm wavelength (cm2∙μmol-1)
[bookmark: _Toc443491940]2.12.2 Phosphofructokinase
Frozen muscle (~5 mg) was homogenised in an ice-cold 50 mM KH2PO4 buffer, pH 7.8, containing 30 mM NaF, 2 mM DTT and 0.02% BSA. This buffer was chosen based on previous reports demonstrating NaF and BSA as stabilising agents and tested against 50 mM KH2PO4, pH 7.8, containing 1 mM EDTA, 2 mM DTT and 0.01 % Triton-X buffer (Parmeggiani et al., 1966; Baldwin et al., 1973). Maximal phosphofructokinase (PFK) activity was determined using previously described protocol (Mansour, 1965) based on the following principle (Fig. 2.7). PFK activity is determined enzymatically by coupling PFK reaction with those of aldolase, α-glycerophosphate dehydrogenase (GlyDPH) and triosephosphate isomerase (TPI). In principle, PFK product, fructose-1, 6-bisphosphate (FBP), is cleaved into two trioses by enzyme aldolase. In a subsequent reaction, TPI converts glyceraldehyde-3-phosphate (GADP) to dihydroxyacetone phosphate (DHAP), which is converted into glycerol-3-phoshpate by α-glycerophosphate dehydrogenase (GlyDPH).
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[bookmark: _Toc443491847]Figure 2.7. Principle of phosphofructokinase (PFK) assay. DHAP – dihydroxyacetone phosphate, GADP – glyceraldehyde-3-phosphate, TPI - triosephosphate isomerase, GlyDPH - α-glycerophosphate dehydrogenase.

Tissue homogenate was incubated with 50 mM glycylglycine buffer, pH 8.2, containing 1 mM ATP, 1 mM fructose-6-phosphate, 1 mM MgCl2, 1 mM AMP, 0.5 mM (NH4)2SO4, 0.2 mM NADH and 14 mM cysteine and baseline kinetic NADH A340 was determined over 3 min at 30 °C. Immediately thereafter, a 2 μl mixture containing 0.08 U of aldolase and 0.04 U of both GlyDPH and TPI was added and the fall in NADH A340 was followed over 4 min at 30 °C. Supernatant protein concentration was determined using Bradford assay and enzyme specific activity expressed as U/mg of protein. Under these conditions, test Vmax was found to be 0.25 U/mg protein with a change in absorbance of 0.05 OD/min.
[bookmark: _Toc443491941]2.12.3 Glyceraldehyde-3-phosphate dehydrogenase
Frozen muscle (~5 mg) was homogenised in ice-cold 50 mM KH2PO4 buffer, pH 7.8, containing 30 mM NaF, 2 mM DTT and 0.02% BSA. GAPDH activity was assayed in the so-called ‘back reaction’, whose activity is the same as that for the forward one (Shonk & Boxer, 1964). The substrate for the back reaction was provided by phosphoglycerate kinase (PGK)-mediated phosphorylation of 3-phosphoglycerate into 1, 3-bisphosphoglycerate. The 1, 3-bisphosphoglycerate is converted into GADP by GAPDH (Fig. 2.8).
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[bookmark: _Toc438046173][bookmark: _Toc438121914][bookmark: _Toc443491848]Figure 2.8. Principle of glyceraldehyde-3-phosphate dehydrogenase (GAPDH) assay. GAPD – glyceraldehyde-3-phosphate, Pi – inorganic phosphate.

Maximal GAPDH activity was assayed spectrophotometrically according to the previously described protocol (Heinz & Freimuller, 1982). To generate GAPDH substrate, 1, 3-bisphophoglycerate, PGK was added to a 100 mM triethanolamine-HCl buffer, pH 7.6, containing 6.67 mM MgSO4, 0.2 mM NADH, 1.1 mM ATP, 3.1 mM 3-phosphoglycerate and 3.8 mM cysteine and baseline NADH A340 was followed over 3 min at 30 °C. Immediately after, tissue extract was added and a fall in NADH A340 was followed for 3 min at 30 °C. Supernatant protein concentration was determined using Bradford assay and enzyme specific activity expressed as U/mg of protein. Under these conditions, test Vmax was found to be 0.62 U/mg protein with a change in absorbance of 0.07 OD/min.
[bookmark: _Toc443491942]2.12.4 Pyruvate kinase
Frozen tissue (~5 mg) was freshly homogenised in an ice-cold 50 mM KH2PO4 buffer, pH 7.4, containing 1 mM EDTA, 2 mM DTT and 0.05 % Triton-X. Maximal PK activity was determined according to the previously described assay (Cardenas, 1982) using the coupled enzyme reaction principle (Fig. 2.9).
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[bookmark: _Toc438046174][bookmark: _Toc438121915][bookmark: _Toc443491849]Figure 2.9. Principle of pyruvate kinase (PK) assay.

Baseline NADH A340 was followed for 3 min at 30 °C in 50 mM imidazole buffer, pH 7.4, containing 5 mM EDTA, 100 mM KCl, 10 mM MgCl2, 0.25 mM NADH, 3 phosphoenolpyruvate, 3 ADP, 1 mM fructose-1, 6- bisphosphate (FBP) and LDH. Tissue homogenate was added and a fall in NADH A340 was followed for 3 min at 30 °C. To distinguish between PK foetal and adult isoforms, PK activity was determined with and without FBP, respectively. Supernatant protein concentration was determined using Bradford assay and enzyme specific activity expressed as U/mg of protein. Under these conditions Vmax and change in absorbance were found to be 0.13 U/mg protein and 0.1 OD/min, respectively.
[bookmark: _Toc443491943]2.13 Muscle total protein
Muscle total protein content in western blot tissue homogenate was determined by bicinchoninic assay (BCA) using BSA standards (Pierce Chemicals, USA). Briefly, 10 μl of diluted sample (1:10) were loaded on a 96-well plate together with 200 μl reaction reagent. The plate was shaken and incubated for 30 min at 37°C. The absorbance at 562 nm was measured and total protein content of samples calculated from the standard curve.
Protein content for correction of muscle enzyme extracts was determined by the Bradford assay (Bradford, 1976). Briefly, using 2 mg/ml BSA solution, 0 – 30 μg/ml standard curve was prepared in a volume of 400 μl. Three μl of an unknown sample were added to 397 μl of H2O. One hundred μl of Bradford solution (Biorad) was added to tubes and vortexed thoroughly. Developed blue colour was stable for 1 h. Two hundred μl of solution was pipetted onto 96-well plate and absorbance was determined at 595 nm.
[bookmark: _Toc443491944]2.14 Tissue metabolomics
To quantify metabolites of interest, liquid chromatography tandem mass spectrometry technique (LC/MS/MS) was performed. The major objective was to detect and quantify glycolytic, tricarboxylic acid cycle (TCA), pentose phosphate pathway (PPP) metabolic intermediates. LS/MS/MS represents a state-of-the-art approach, in which selected metabolic intermediates are separated by liquid chromatography and detected using a triple quadrupole mass-spectrometer equipped with the electrospray ionisation (ESI) source (Patti et al., 2012). LC/MS/MS was chosen over the other commonly used technique, gas chromatography mass spectrometry (GC/MS), for several reasons. LC/MS/MS requires lower analysis temperatures and sample volatility and derivatisation are not required, hence simplifying sample preparation (Buscher et al., 2009). Additionally, relative to GC/MS LC/MS/MS was demonstrated to have superior robustness and coverage of different classes of metabolites (Buscher et al., 2009).
[bookmark: _Toc443491945]2.14.1 Metabolite extraction
Extraction of a broad spectrum of metabolites (i.e. glycolytic and TCA) represents one of the major burdens in modern metabolomics. There are several different sample preparation methods, which claim to offer superior metabolite extraction (El Rammouz et al., 2010; Masson et al., 2010; Yanes et al., 2011; Marney et al., 2013). Their relevance to cardiac muscle was, however, unknown. Thus, it was necessary to determine the optimal extraction procedure. Frozen cardiac tissue was freeze-dried and powdered and tissue metabolites extracted using one of four extraction protocols.
Method 1. PCA metabolite extraction represents one of the most commonly used extraction procedures for extracting high-energy phosphate metabolites (i.e. ATP and PCr). In the present thesis PCA extraction was used as a reference method. Briefly, 30 μl of ice-cold PCA, 1 mM EDTA solution was added for every 1 mg of dry tissue. Sample was placed on ice for 10 min with occasional vortexing. The sample was spun down at 22 000 rpm for 3 min at 4 °C and neutralized with 2.2 M NH4HCO3 solution at a volume of ½ the recovered supernatant. The mixture was spun down at 22 000 rpm for 3 min at 4 °C and the supernatant was transferred into a new microcentrifuge tube and stored at -80°C for subsequent analysis.
Method 2. While there are several extraction methods available for cell culture-based experiments, their relevance to ‘hard’ tissues, including cardiac muscle, remained known. The use of boiling water (BW) extraction has been suggested to offer superior yield and reproducibility for skeletal muscle metabolomics (El Rammouz et al., 2010). Thirty μl of boiling 1 mM HEPES buffer, pH 7.2, containing 1 mM EDTA was added for every mg of dry tissue and maintained at 100°C for 30 min. The suspension was vortex-mixed three times during the boiling phase. The extract was cooled on ice for 3 min and centrifuged for 20 min at 2700 g at 4 °C. The supernatant was filtered through 0.22 μm filter during centrifugation and stored at -80 °C until analysis.
Method 3. Alternative to PCA and BW extraction methods is commonly used cold methanol extraction (Lemons et al., 2010). Briefly, 200 μl of -80 °C-cold methanol (80% v/v) was added to a powdered tissue and suspension was placed on dry ice for 15 min with vortexing every 5 min. Sample was centrifuged at 13 000 rpm for 5 min at 4 °C and supernatant collected. Residual pellet was re-extracted twice, by resuspension and repeat centrifugation, and all three supernatants combined. Combined supernatants were dried under nitrogen gas for ~1 h at room temperature, resuspended in HPLC water (30 μl/1 mg of initial dry tissue weight) and stored at -80 °C until analysis.
Method 4. In a study examining efficiency of metabolite extraction for LC/MS/MS, Rabinowitz el al. revealed that addition of acetonitrile to methanol offered a superior extraction of high-energy phosphate metabolites relative to methanol only based extraction protocol (Rabinowitz & Kimball, 2007). Metabolites were extracted with 200 μl of acetonitrile/methanol/water (40:40:20 v/v/v) solution (-20 °C) added to a muscle powder and placed at -20 °C for 15 min with vortexing every 5 min (Lu et al., 2010). The suspension was centrifuged at 13 000 rpm for 5 min at 4 °C and supernatant collected. Residual pellet was re-extracted twice on ice and all three supernatants were combined. Combined supernatants were dried under nitrogen gas for ~1 h at room temperature, resuspended in HPLC water (30 μl/1 mg of initial dry tissue weight) and stored at -80 °C until analysis.
[bookmark: _Toc443491946]2.14.2 Compound identification
[bookmark: _Toc437248351][bookmark: _Toc437248434][bookmark: _Toc437248549][bookmark: _Toc437251396][bookmark: _Toc438046175][bookmark: _Toc438121916]To determine specific compound-dependent mass spectrometry parent ion (m/z) and daughter ion parameters, single analyte standards, at a concentration of ~50 μM, dissolved in 50% (v/v) acetonitrile 0.1% (v/v) NH4OH, were (syringe) infused at a flow rate of 5μl/min and analysed in negative ion (ESI-) and full-scan mode. Triple quadrupole (Quattro Ultima; Waters) instrument parameters were optimised for precursor ions and collision energies were optimized for product (quantifier and validator) ions with the final parameters being: capillary voltage (kV) 3.2, cone 60 (arbitrary units), Hex1 40 (arbitrary units), source temperature 120 °C, desolvation temperature 250 °C. Table 2.1 shows LC/MS/MS parameters for 25 compounds of interest.







Table. 2.1. Compound-specific determinants obtained from LC/MS/MS analysis.
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Signal refers to a mean (n=3) integrated peak areas following analysis of 20 μl of 10 μM standard mixture.
[bookmark: _Toc443491947]2.14.3 LC-SRM(MS-MS)
An autosampled (Waters 2700 Sample Manager, Waters, US) binary gradient (Jasco PU2085) was chromatographed in reversed-phase mode using a 2.1 x 100 mm 3.5 μm C18 column (XBrigde, Waters, US) at room temperature with eluent A containing 10 mM tributylamine, 15 mM acetic acid and 3% (v/v) acetonitrile and eluent B being 100% acetonitrile. The mobile phase was infused at a rate of 0.2 ml/min. The gradient was 0 min, 3% B; 0 - 25 min, 20% B; 25 -26 min, 100% B; 26 – 30 min, 0 % B; 30 – 60 min, 0 % B (Fig. 2.10).
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[bookmark: _Toc437248352][bookmark: _Toc437248435][bookmark: _Toc437248550][bookmark: _Toc437251397][bookmark: _Toc438046176][bookmark: _Toc438121917][bookmark: _Toc443491850]Figure 2.10. Gradient profile of chromatographic separation of tissue metabolites.

Retention windows of multiple reaction monitoring (MRM) were acquired. All instrument control and data processing was performed using MassLynx software (MassLynx, V4.0 SP4, Waters, US). Absolute compound concentrations were derived from external calibration standards run in experimental batches with test samples. Figure 2.11 reveals a sample chromatogram. It can be noticed that our triple quadrupole was incapable of resolving compounds of one mass unit difference (NAD+ and NADH).
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[bookmark: _Toc437248353][bookmark: _Toc437248436][bookmark: _Toc437248551][bookmark: _Toc437251398][bookmark: _Toc438046177][bookmark: _Toc438121918][bookmark: _Toc443491851]Figure 2.11. Sample chromatogram of standard mixture separated in multiple reaction monitoring (MRM) LC/MS/MS. G6P – glucose-6-phosphate, F6P – fructose-6-phosphate, R5P – ribose-5-phosphate.
[bookmark: _Toc443491948]2.14.4 Application range, linearity and sensitivity
To validate the method, 10 μM standard mixture of all 25 compounds was serially diluted to generate at least 12-point standard curve to determine retention time and lower limits of quantification (LOQ). To ensure confidence in compound detection and quantification, LOQ was defined as the lowest detectable concentration multiplied by 3. Table 2.2 reveals that over a tested range of different concentrations, except for ATP and NADPH, there was a good linearity (R2) of at least ≥ 0.99.


[bookmark: _Toc438046178][bookmark: _Toc438121919][bookmark: _Toc443491852]Table 2.2. Retention time, concentration range, limits of quantitation (LOQ) and linearity (R2) obtained from LC/MS/MS analysis.
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[bookmark: _Toc443491949]2.14.5 Compound stability
To determine compound stability, 10 μM standard mixture was prepared and measured immediately with additional aliquots analysed after 24 h storage at room temperature, 4 °C and -80 °C (n = 3 for each temperature). Relative to immediate analysis an average percent recovery was 100 (range 22-113), 102 (23-135) and 104 (25-147) for room temperature, 4 °C and -80 °C, respectively. All compounds with the exception of oxaloacetate and fumarate displayed ≥ 70% recovery.
[bookmark: _Toc443491950]2.14.6 Coverage
To determine, which extraction method covers the broadest range of targeted metabolites, presence of selected compounds was determined in extracted samples. At the time of writing, internal standardisation was attempted. Methyl pyruvate and bromopyruvic acid were assessed but unfortunately, it was not possible to ionize methyl pyruvate in a negative ion mode (ESI-), nor was it possible to determine daughter ion for bromopyruvic acid. Instead, raffinose, a sugar was used in standard mixture to control for analytical variation. Raffinose, however, did not extract efficiently using the chosen extraction method, hence no internal standardisation was performed. Of 25 selected compounds, 16, 20, 21 and 24 were found in PCA, BW, Methanol and acetonitrile extracts respectively, indicating that acetonitrile extraction protocol offers the broadest coverage (Table 2.3). This finding is in agreement with previously published experiments, in which acetonitrile-based extraction protocol showed improve compound yield (Rabinowitz & Kimball, 2007).
[bookmark: _Toc438046179][bookmark: _Toc438121920]




[bookmark: _Toc443491853]Table 2.3. The presence of metabolites of interests in various extracts.
[image: ]

Figure 2.12 demonstrates an average coefficient of variation for detected metabolites indicating that BW and acetonitrile methods resulted in the lowest variation in extracted metabolites. CV values of ~10% for metabolic intermediates are typical for LC/MS/MS analysis (Coulier et al., 2006; Ross & Dalluge, 2009; Lu et al., 2010; Masson et al., 2010).
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[bookmark: _Toc438046180][bookmark: _Toc438121921][bookmark: _Toc443491854]Figure 2.12. Coefficient of variation (CV %) of extracted metabolites. Values are mean ± SEM (n = 3). PCA – perchloric acid extraction, BW – boiling water extraction, Meth – methanol extraction, MeCN – acetonitrile extraction.

[bookmark: _Toc443491951]2.14.7 Quantitative yield
Extraction protocols were compared regarding quantitative metabolite yields. Relative to PCA extraction method all three extraction protocols resulted in at least 10-fold increase in metabolite yield, with BW, Methanol and acetonitrile delivering 10.9, 15.4 and 34.4-fold more metabolites respectively (n=3). This finding indicated that acetonitrile-based extraction protocol results in the best yield, a finding in agreement with previous studies (Rabinowitz & Kimball, 2007).
[bookmark: _Toc443491952]2.14.8 Conclusions
It is demonstrated that above LC/MS/MS method is capable of resolving a broad range of compounds at different concentrations with good linearity. In addition, compound stability experiments reveal good compound stability even when measured after 24 h of room temperature storage. Furthermore, comparison of four extraction protocols demonstrated that Method 4 (acetonitrile-based) resulted in the broadest coverage of selected metabolites, smallest coefficient of variation and greatest quantitative yield being the method of choice.
[bookmark: _Toc443491953]2.15 Statistics
All statistical tests were performed using SPSS (SPSS 22.0 version for Windows, SPSS Inc., Chicago, IL, USA). All data were initially tested for normality using Shapiro-Wilk test. Where appropriate two-way ANOVA was used to test for differences. When significant, one-way ANOVA with a Tukey HSD post-hoc test or independent t-test were used as post-hoc tests to localize specific differences. Where appropriate within measures ANOVA or Friedman’s test was performed to test for differences within the same group for normally and not normally distributed data, respectively. When significant, Sidak post-hoc test or Wilcoxon signed-rank tests were subsequently performed to locate individual differences for normally and not normally distributed data, respectively. Independent t-test or Mann-Whitney test were used to test for differences between independent groups for normally and not normally distributed data, respectively. Paired t-test or Wilcoxon signed-rank tests were used to test for differences between related groups for normally and not normally distributed data, respectively. Data were considered outliers if they fell beyond a rule of mean ± 2 standard deviations (SD). Statistical significance was set at p ≤ 0.05 for all analyses, with results presented as mean ± standard error of mean (SEM) unless stated otherwise. Table 2.4 contains coefficient of variation (CV%) of selected variable revealing assay reliability.

[bookmark: _Toc437248354][bookmark: _Toc437248437][bookmark: _Toc437248552][bookmark: _Toc437251399][bookmark: _Toc438046181][bookmark: _Toc438121922][bookmark: _Toc443491855]Table 2.4. Coefficient of variation (CV %) of selected metabolic variables.
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MDA – malondialdehyde; HK – hexokinase; PFK – phosphofructokinase; GADPH – glyceraldehyde-3-phosphate dehydrogenase; PK – pyruvate kinase







[bookmark: _Toc443491954]CHAPTER 3

Dichloroacetate regulates cardiac function and metabolic flux during acute hypoxic injury


3.1 Abstract
3.2 Introduction
3.3. Methods
3.4 Results
3.5 Discussion








[bookmark: _Toc443491955]3.1 Abstract
Aim Forced PDC activation has been shown to improve cardiac recovery from ischaemia. Hypoxia is intrinsic to ischaemia, yet its exact role in regulating myocardial function remains unclear. Here we sought to establish how forced PDC activation modulates cardiac function and metabolism following acute H/R injury.
Methods Isolated mouse hearts, perfused with 11 mM glucose and 0.4 mM palmitate, were subjected to a 30-min baseline perfusion followed by H/R injury with function determined via I.V. balloon and FAO via 3H-palmitate. DCA (1 mM) was continuously infused either from the onset of hypoxia (DCA Hypox/Reox) or from the onset of reoxygenation (DCA Reox). PDC activity and metabolite content were determined at the end of baseline, acute hypoxia and reoxygenation perfusion. ROS markers, protein carbonyls and lipid peroxidation, were determined via western blotting and fluorescence spectrophotometry, respectively.
Results Cardiac function was decreased by hypoxia (p < 0.05), final recovery being 63% of baseline function. End-hypoxic PDC flux fell to 41% of baseline values (p < 0.05) with FAO also reduced (p < 0.05). During acute hypoxia lactate efflux and AMP/ATP ratio increased 2.5-fold and 5.3-fold, respectively (p < 0.05). Hypoxic DCA infusion increased end-hypoxic PDC flux (p < 0.05) reducing lactate efflux (p < 0.05) and AMP/ATP ratio (p < 0.05). Hypoxic DCA infusion impaired recovery (49%), compared to post-hypoxic DCA infusion (63%, p < 0.05). Post-hypoxic DCA infusion increased PDC flux (48%) and reduced lactate efflux (60%) and FAO (37%) during reoxygenation relative to non-treated controls (p < 0.05). ROS formation was not altered with DCA treatment.
Conclusions Increasing PDC flux during hypoxia significantly altered myocardial metabolic flux, but unexpectedly it exacerbated myocardial injury during reoxygenation, indicating that the potentially therapeutic effects of increasing PDC flux are not dependent on the hypoxic aspect of myocardial ischemia.











[bookmark: _Toc443491956]3.2 Introduction
Acute myocardial infarction (MI) is associated with significant metabolic reprogramming. Circulating plasma FFA are increased in human patients following MI (Tansey & Opie, 1983; Roy et al., 2013). Experimental studies have shown that perfusion of an isolated rodent heart with high circulating palmitate concentrations impairs reperfused heart recovery from global ischaemia (Lopaschuk et al., 1989; Liu et al., 2002). Accumulating evidence appears to indicate that modulating post-ischaemic myocardial metabolism determines cardiac recovery (Lopaschuk et al., 1989; Lopaschuk & Spafford, 1989).
Regulation of carbohydrate and lipid metabolism is controlled at several sites. One aspect of it is PDC, the carbohydrate gatekeeper that catalyses oxidative decarboxylation of pyruvate to acetyl-CoA, hence controlling coupling of glycolysis to glucose oxidation (Constantin-Teodosiu, 2013). It has been previously demonstrated that cardiac PDC activity and/or flux is reduced under various conditions including ischaemia, diabetes, hypertrophy and starvation (Seymour & Chatham, 1997; Schroeder et al., 2008; Aquaro et al., 2013; Le Page et al., 2015). The activity of the PDC is inhibited and stimulated by PDK and PDP, respectively (Bowker-Kinley et al., 1998; Huang et al., 1998; Rahimi et al., 2014). DCA, PDK inhibitor, is a well-established activator of PDC (Whitehouse et al., 1974; Bowker-Kinley et al., 1998). Previous studies have demonstrated that perfusion of an intact rat heart with 1 mM DCA maximally activates PDC (Whitehouse & Randle, 1973). Post-ischaemic DCA-mediated PDC activation has been shown to increase coupling of glycolysis to glucose oxidation, reduce rodent heart infarct size and enhance cardiac recovery from no-flow ischaemia (Racey-Burns et al., 1989; McVeigh & Lopaschuk, 1990; Liu et al., 1996a; Ussher et al., 2012). Hypoxia is intrinsic to ischaemia, yet its exact role in modulating cardiac function and energy metabolism remains unclear.
It is now recognized that subjecting mammalian heart to acute hypoxia upregulates glycolysis and suppresses oxidative metabolism (Reeves, 1966; Mazer et al., 1990; Renstrom et al., 1998). Little is known about the mechanisms, by which acute hypoxia controls cardiac energy metabolism. Acute hypoxia has been shown to reduce PDC activity in human and fish skeletal muscle (Parolin et al., 2000; Richards et al., 2008). Moreover, in chronically hypoxic hearts pyruvate oxidation has been shown reduced (Rumsey et al., 1999; Heather et al., 2012). Further, PDK1-mediated reduced oxygen consumption rates in RKO colon carcinoma cells during acute in vitro hypoxia make examination of cardiac PDC activity a likely candidate (Kim et al., 2006; Papandreou et al., 2006).
In the present study, we sought to develop a model to study effects of acute hypoxic stress on isolated heart function and cardiac energy metabolism. We wished to examine how acute PDC activation affects myocardial energy metabolism and cardiac recovery following acute hypoxia/reoxygenation (H/R) injury. Considering that ischaemia reduces PDC flux and impairs cardiac function, it was anticipated that acute hypoxia would depress cardiac PDC flux and impair cardiac recovery, and that post-, but not hypoxic PDC activation would improve cardiac recovery from H/R injury.
[bookmark: _Toc443491957]3.3 Methods
Heart cannulation
Eight-week old CD1 male mice (n = 43) were purchased from a commercial breeder (Harlan, United Kingdom) and housed on a 12-h light/dark cycle. Water and chow food were provided ad libitum at all times. All procedures were in accordance with the Home Office guidelines under The Animals (Scientific Procedures) Act, 1986, and in accordance with the University of Nottingham guidelines.
Perfusion protocols
Animals were euthanized with sodium pentabarbitone i/p injection (0.1 – 0.15 ml of 200 mg/ml) and hearts excised and trimmed of any excessive connective, vascular and fat tissue in the ice-cold KH buffer. Hearts were perfused in the Langendorff mode as described in the methods chapter. Following initial 30-min baseline perfusion, hearts were subjected to a 30-min acute hypoxia. This was followed by a 30-min reoxygenation perfusion. DCA (1 mM, Sigma, St. Louis, US) was continuously infused at a constant rate to the perfusate either from the onset of hypoxia (DCA Hypox/Reox) or from the onset of reoxygenation (DCA Reox). At the end of each experiment, hearts were freeze-clamped with Wollenberger clamps cooled to the temperature of liquid nitrogen, immersed in liquid nitrogen and stored at -80 °C until further analysis. To determine enzyme activities and metabolite content at the end of baseline and acute hypoxia, additional hearts were perfused under identical conditions except that they were frozen at the end of baseline and acute hypoxia, respectively (Fig. 3.1).
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[bookmark: _Toc438046182][bookmark: _Toc438121923][bookmark: _Toc443491856]Figure 3.1. Schematic representation of the study design. DCA Hypox/Reox – 1 mM dichloroacetate (DCA) infused at the onset of acute hypoxia; DCA Reox – 1 mM dichloroacetate infused at the onset of reoxygenation.
Fatty acid oxidation rates
Fatty acid oxidation rates (FAO) rates were determined using [9, 10-3H]-palmitate added to the perfusate immediately prior to the perfusion protocol. Paired aliquots of recirculating buffer were collected at 5 min intervals during perfusion protocol and the slope of 3H2O accumulation over time determined as described in the methods chapter.
Lactate efflux
Cardiac lactate efflux was determined from the same perfusate samples collected at 5 min intervals as described in the methods chapter.
Metabolite assays
Myocardial metabolite content in treated and non-treated hearts at the end of baseline, acute hypoxia and reoxygenation was determined from an aliquot of the frozen heart. Briefly, frozen hearts were freeze-dried, dissected free of visible connective tissue and powdered. Myocardial ATP, ADP, AMP, phosphocreatine (PCr), lactate, acetyl-carnitine and glycogen were determined as described in the methods chapter and expressed as μmol/g dry mass (dm). Many reactions in metabolism are controlled by the energy status of the cell (Berg et al., 2011). Energy charge of the cell (EC) is one index of the energy status and was calculated according to the following formula:
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Pyruvate dehydrogenase assay
Cardiac PDC activity was determined from an aliquot of a frozen heart as described in the methods chapter and expressed as μmol of acetyl-CoA formed/min/mg wet weight (wwt) at 37 °C.
Reactive oxygen species production
To establish whether acute H/R injury and/or PDC activation alter ROS formation, two ROS markers were determined: protein carbonylation and lipid peroxidation. ROS formation was determined in non-treated control samples at the end of baseline perfusion and in non-treated control, DCA Hypox/Reox and DCA Reox hearts at the end of reoxygenation.
Myocardial protein carbonyl content was assayed using commercially available OxyBlot kit (Millipore, MA, USA) as described in the methods chapter. Protein carbonyl groups were derivatized to 2,4-dinitrophenylhydrazone (DNPH) by 2,4-dinitrophenylhydrazine (DNP). Samples were loaded onto a 12% polyacrylamide gel and run for ~2 h at 100 V. Following an overnight transfer onto a PVDF membrane, blots were incubated with kit anti-DNPH antibodies according to manufacturer’s instructions. The sum of the separated protein bands was quantified by densitometry and expressed as total protein carbonylation content of a sample.
Tissue lipid peroxidation was quantified by measuring TBARS formation as described in the methods chapter. The MDA-TBA adduct fluorescence was measured at 515 nm excitation and 553 nm emission.
Statistical analysis
All data were initially tested for assumptions of normality using Shapiro-Wilk test. Two-way ANOVA was used to test for differences in baseline characteristics, HR, PSP, DP, RPP (HR x PSP), FAO rates and lactate efflux between groups. Where appropriate, independent t-test or one-way ANOVA was used to localize individual differences. Within group differences for HR, PSP, DP, RPP, FAO and lactate efflux were tested with within measures ANOVA. When significant, Sidak post-hoc test was subsequently performed to locate individual differences. Sidak correction, although less conservative than Bonferroni, is more powerful and recommended to be used in instances where loss of statistical power is suspected (Field, 2009). PDC activity, metabolites, TBARS and protein carbonyl data were analysed using independent t-test or Mann-Whitney test for normally and not normally distributed data, respectively. Statistical significance was set at p ≤ 0.05 for all analyses with results presented as mean ± standard error of mean (SEM) unless stated otherwise.















[bookmark: _Toc443491958]3.4 Results
Baseline Characteristics
Baseline anthropometric and cardiac parameters are shown in Table 3.1. Body weight of DCA Hypox/Reox mice was 15% and 14% lower compared to non-treated and DCA Reox mice, respectively (p < 0.05). There were no differences between groups for heart weight and coronary flows.

[bookmark: _Toc438046183][bookmark: _Toc438121924][bookmark: _Toc443491857]Table 3.1. Baseline anthropometric and cardiac characteristics.
[image: ]

Effects of dichloroacetate on recovery of reoxygenated hearts
Effects of acute DCA infusion on recovery of reoxygenated hearts are shown in Table 3.2. There were no differences between groups for baseline HR, PSP, DP and RPP. Acute hypoxia depressed HR of non-treated hearts by 46% relative to baseline (p < 0.05), which returned to baseline values during reoxygenation with no differences between groups during acute hypoxia and reoxygenation. PSP of non-treated hearts was 28% and 25% lower during acute hypoxia and reoxygenation relative to baseline, respectively (p < 0.05), with no differences between groups during acute hypoxia and reoxygenation. Acute hypoxia reduced DP of non-treated hearts by 60% relative to baseline (p < 0.05). During reoxygenation, DP of non-treated hearts was 40% lower relative to baseline (p < 0.05), with no differences between groups during acute hypoxia and reoxygenation. Acute hypoxia and reoxygenation reduced RPP (HR x PSP) of non-treated hearts by 62% and 27% relative to baseline, respectively (p < 0.05). While there were no differences between groups for RPP during acute hypoxia, RPP of DCA Reox hearts during reoxygenation was 29% higher relative to DCA Hypox/Reox hearts (p < 0.05). When RPP was expressed as HR x DP, acute hypoxia and reoxygenation reduced it by 80% and 49% in control hearts, respectively, relative to baseline with no differences between groups during acute hypoxia and reoxgenation (p < 0.05). Although there were no differences for RPP percent recovery between non-treated and DCA Hypox/Reox hearts, RPP percent recovery was 23% higher in DCA Reox hearts relative to DCA Hypox/Reox hearts (Fig. 3.2A-C, p < 0.05).
[bookmark: _Toc438046184][bookmark: _Toc438121925]







[bookmark: _Toc443491858]Table 3.2. Effects of 1 mM dichloroacetate (DCA) infusion on cardiac recovery following hypoxia/reoxygenation (H/R) injury.
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[bookmark: _Toc438046185][bookmark: _Toc438121926][bookmark: _Toc443491859]Figure 3.2. Effects of 1 mM dichloroacetate (DCA) on absolute rate pressure product [RPP (A)], relative RPP (B) and RPP percent recovery (C) of an isolated heart subjected to acute hypoxia/reoxygenation injury. Values are mean ± SEM (n = 7-8). DCA Hypox/Reox – 1 mM DCA continuously infused at the onset of hypoxia; DCA Reox – 1 mM DCA continuously infused at the onset of reoxygenation. ** p < 0.05 vs. DCA Reox; † p < 0.05 vs. DCA Hypox/Reox.


Dichloroacetate stimulates pyruvate dehydrogenase complex activity and flux
To establish how DCA affected myocardial energy metabolism, cardiac PDC activity and flux were examined (Fig. 3.3). PDC activity of non-treated hearts was doubled by acute hypoxia relative to baseline (Fig. 3.3A, p < 0.05) and returned to baseline values during reoxygenation. At the end of acute hypoxia, PDC activity of DCA Hypox/Reox hearts was 4.1-fold higher compared with non-treated hearts (p < 0.05). At the end of reoxygenation, PDC activity was 4.0- and 8.3-fold higher in DCA Hypox/Reox and DCA Reox hearts relative to non-treated hearts, respectively (p < 0.05). Additionally, PDC activity of DCA Reox hearts was 2-fold higher relative to DCA Hypox/Reox hearts at the end of reoxygenation (p < 0.05).
Acute hypoxia reduced acetyl-carnitine content, a marker of PDC flux, of non-treated hearts by 59% relative to baseline (Fig. 3.3B, p < 0.05), which recovered to pre-hypoxic values at the end of reoxygenation. At the end of acute hypoxia, acetyl-carnitine content of DCA Hypox/Reox hearts was 71% higher compared with non-treated hearts (p < 0.05). At the end of reoxygenation, acetyl-carnitine content of DCA Hypox/Reox and DCA Reox hearts was 80% and 48% higher relative to non-treated hearts, respectively (p < 0.05).
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[bookmark: _Toc438046186][bookmark: _Toc438121927][bookmark: _Toc443491860][bookmark: OLE_LINK1]Figure 3.3. Effects of 1 mM dichloroacetate (DCA) infusion on cardiac pyruvate dehydrogenase complex (PDC) activity (A) and acetyl-carnitine content (B). Values are mean ± SEM (n = 7-8). DCA Hypox/Reox – 1 mM DCA continuously infused from the onset of hypoxia; DCA Reox – 1 mM DCA continuously infused from the onset of reoxygenation. # p < 0.05 vs. baseline control; * p < 0.05 vs. No DCA group at a given time point; † p < 0.05 vs. end-reoxygenation DCA Hypox/Reox.

Dichloroacetate reduces cardiac fatty acid oxidation
There were no differences for baseline FAO between groups (Fig. 3.4A). Acute hypoxia reduced FAO of non-treated hearts by 75% relative to baseline (p < 0.05), which returned to baseline values during reoxygenation. While there were no differences for FAO between groups during acute hypoxia, during reoxygenation FAO in DCA Hypox/Reox and DCA Reox hearts was 37% lower relative to non-treated hearts, but this only reached statistical significance in DCA Reox hearts (p < 0.05).
When normalized to cardiac function, there were no differences between groups for baseline FAO (Fig. 3.4B). Although acute hypoxia reduced FAO in all groups by ~57% relative to baseline, it was only statistically significant in DCA Reox group (p < 0.05). During reoxygenation, FAO rates in all groups returned to pre-hypoxic values.
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[bookmark: _Toc438046187][bookmark: _Toc438121928][bookmark: _Toc443491861]Figure 3.4. Effects of 1 mM dichloroacetate (DCA) infusion on cardiac palmitate acid oxidation rates normalized to heart weight (A) and contraction (B). Values are mean ± SEM (n = 7-8). DCA Hypox/Reox – 1 mM DCA continuously infused from the onset of hypoxia; DCA Reox – 1 mM DCA continuously infused from the onset of reoxygenation. # p < 0.05 vs. corresponding baseline; * p < 0.05 vs. No DCA group at a given time point.


Dichloroacetate reduces cardiac lactate release
There were no differences for baseline lactate efflux between groups (Fig. 3.5A). Acute hypoxia increased lactate efflux of non-treated hearts 2.5-fold relative to baseline (p < 0.05), which recovered to pre-hypoxic values during reoxygenation. While lactate efflux of DCA Reox hearts was not different from non-treated hearts during acute hypoxia, it was 60% lower in DCA Hypox/Reox hearts (p < 0.05). During reoxygenation, lactate efflux of DCA Hypox/Reox and DCA Reox hearts was 76% and 60% lower relative to non-treated hearts (p < 0.05).
When normalized to cardiac function, the pattern of changes was nearly identical. Lactate efflux of non-treated hearts remained elevated during reoxygenation relative to pre-hypoxia (Fig. 3.5B).
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[bookmark: _Toc438046188][bookmark: _Toc438121929][bookmark: _Toc443491862]Figure 3.5. Effects of 1 mM dichloroacetate (DCA) infusion cardiac lactate efflux normalized to heart weight (A) and contraction (B). Values are mean ± SEM (n = 7-8). DCA Hypox/Reox – 1 mM DCA continuously infused from the onset of hypoxia; DCA Reox – 1 mM DCA continuously infused from onset of reoxygenation. # p < 0.05 vs. corresponding baseline; $ p < 0.05 vs. corresponding acute hypoxia; * p < 0.05 vs. No DCA group at a given time point; † p < 0.05 vs. DCA Hypox/Reox.


Effects of dichloroacetate on tissue metabolites
ATP content of non-treated hearts was halved during acute hypoxia relative to baseline (Table 3.3, p < 0.05) and returned to pre-hypoxic values at the end of reoxygenation. There were no differences between groups for cardiac ATP at the end of acute hypoxia and reoxygenation. Acute hypoxia reduced PCr content of non-treated hearts by 58% relative to baseline (p < 0.05), which returned to baseline at the end of reoxygenation. There were no differences between groups for PCr content at the end of acute hypoxia. By contrast, at the end of reoxygenation, PCr content of DCA Hypox/Reox hearts was 30% and 17% lower relative to non-treated and DCA Reox hearts, respectively (p < 0.05). Acute hypoxia and reoxygenation increased AMP/ATP ratio, a marker of the energetic state of the cell, of non-treated hearts 5.3- and 2.0-fold relative to baseline, respectively (p < 0.05). At the end of acute hypoxia, AMP/ATP ratio of DCA Hypox/Reox hearts was 2.3-fold lower relative to non-treated hearts (p < 0.05), with no differences between groups at the end of reoxygenation. Similarly, acute hypoxia and reoxygenation reduced EC of non-treated hearts by 16% and 6% relative to baseline, respectively (p < 0.05). At the end of acute hypoxia, EC of DCA Hypox/Reox hearts was 12% higher in comparison with non-treated hearts (p < 0.05), with no differences between groups at the end of reoxygenation. Acute hypoxia reduced glycogen content of non-treated hearts by 42% relative to baseline (p < 0.05), which returned to baseline values at the end of reoxygenation. There were no differences between groups for glycogen content at the end of acute hypoxia and reoxygenation. Lactate content of non-treated hearts was increased at the end acute hypoxia by 27% relative to baseline (p < 0.05), and recovered to pre-hypoxic values at the end of reoxygenation. There were no differences between groups for lactate content at the end of acute hypoxia and reoxygenation.
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[bookmark: _Toc436225138][bookmark: _Toc438046189][bookmark: _Toc438121930][bookmark: _Toc443491863]Table 3.3. Effects of dichloroacetate (DCA) on tissue metabolites following hypoxia/reoxygenation (H/R) injury.
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Effects of dichloroacetate on ROS production
To examine whether acute DCA infusion modulated ROS production, cardiac protein carbonylation and lipid peroxidation were determined (Fig. 3.6). Cardiac protein carbonyl content was not different in reoxygenated non-treated hearts relative to baseline (Fig. 3.6A). Similarly, protein carbonyl content at the end of reoxygenation was not different in DCA Hypox/Reox and DCA Reox hearts relative to non-treated hearts.
In contrast to protein carbonyl content, H/R injury increased lipid peroxidation content by 38% in non-treated hearts relative to baseline (Fig. 3.6B, p < 0.05). There were no differences between groups for TBARS at the end of reoxygenation.
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[bookmark: _Toc436225139][bookmark: _Toc438046190][bookmark: _Toc438121931][bookmark: _Toc443491864]Figure 3.6. Effects of 1 mM dichloroacetate (DCA) infusion on cardiac protein carbonyl content (A) and lipid peroxidation (B). Values are mean ± SEM (n = 7-8). DCA Hypox/Reox – 1 mM DCA continuously infused from the onset of hypoxia; DCA Reox – 1 mM DCA continuously infused from the onset of reoxygenation. # p < 0.05 vs. baseline No DCA group.
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Acute hypoxia modulates myocardial energy metabolism
While oxidation of circulating FFA provides a major source of energy for the healthy heart, their increased utilisation following ischaemic injury is thought to impair cardiac recovery (Tansey & Opie, 1983; Lopaschuk & Spafford, 1989; Roy et al., 2013). Experimental evidence has revealed that reducing lipid oxidative capacity and stimulating carbohydrate oxidation rates during reperfusion injury may improve cardiac recovery (Lopaschuk et al., 1990; McVeigh & Lopaschuk, 1990; Wambolt et al., 2000). Hypoxia is a key component of ischaemia, yet its exact role in modulating myocardial recovery remained unclear. The principal goal of the present study was to establish whether acute hypoxia modifies cardiac PDC activity and/or flux, and whether acute PDC activation alters cardiac recovery from acute hypoxic stress. Acute hypoxia reduced myocardial FAO and increased lactate efflux, mirroring findings from acutely ischaemic hearts (Myears et al., 1987; Heather et al., 2013). Although present findings demonstrate that hypoxia mimics cardiac metabolic switch previously reported in ischaemic heart, the degree of metabolic reprogramming appears to be different. Isolated rat heart lactate accumulation increased 14-fold at the end of 30-min global ischaemia (McVeigh & Lopaschuk, 1990) and ~7-fold at the end of 30-min low-flow ischaemia (Heather et al., 2013) in comparison with 27% increase in the present study. Higher lactate accumulation in the above studies may, at least in part, derive from globally or partly ischaemic nature of these studies. It is, therefore, likely that maintained cardiac coronary flow during hypoxic stress attenuated tissue lactate accumulation.
The other main finding of the present study revealed that PDC flux, as evidenced by acetyl-carnitine accumulation, but not PDC activity, was reduced during acute hypoxia. This result shows that two properties of the enzyme are differently regulated under acute hypoxic conditions. Regulation of PDC is mediated by several allosteric factors including pyruvate, NADH and calcium (Constantin-Teodosiu et al., 1993; Constantin-Teodosiu et al., 2004). Considering that hypoxia increases cellular calcium influx (Hu & Ziegelstein, 2000), it may be speculated that hypoxia-induced calcium influx stimulated PDP, which in turn increased PDC activity (Huang et al., 1998). By contrast, increased glycolytically-derived NADH and reduced oxygen availability would be predicted to result in reduced PDC flux, as previously proposed in human skeletal muscle (Constantin-Teodosiu et al., 1993). Collectively, it is proposed that reduced oxygen availability suppresses PDC flux and upregulates glycolytic flux, which combined result in increased cardiac lactate release. The major limitation of acetyl-carnitine as a marker of PDC flux is that acetyl group accumulation may also derive from lipid β-oxidation. Hence, reduced end-hypoxic acetyl-carnitine content may reflect decreased carbohydrate and lipid oxidative metabolism. Additionally, accumulation of acetyl-carnitine may also reflect TCA cycle ability to metabolise acetyl-CoA (Stephens et al., 2007). For instance, during the first few minutes of high-intensity exercise, muscle acetyl-carnitine content increased and was directly related to increased muscle acetyl-CoA content, indicating that the fate of acetyl-CoA is PDC-dependent and in excess of its utilisation by the TCA cycle (Constantin-Teodosiu et al., 1991a).  Experiments using hyperpolarized 13C-pyruvate are required to fully examine how acute hypoxia modulates cardiac PDC.
Acute PDC activation modulates cardiac metabolic flux
The major finding of the present study demonstrates that acute PDC activation modulates cardiac metabolism during reoxygenation injury. Both hypoxic and post-hypoxic PDC activation reduced cardiac lactate efflux and FAO rates during reoxygenation injury. Operation of the glucose-fatty acid cycle, first described by Randle et al. (Randle et al., 1963), defines reciprocal regulation of carbohydrate and lipid metabolism. Previous studies have shown that addition of 1.2 mM palmitate to the perfusion buffer upregulates isolated rat heart basal palmitate oxidation rates and reduces oxidation of glucose (Lopaschuk et al., 1990; Sakamoto et al., 2000). Moreover, in vitro studies examining cardiac metabolic flux in diabetic animals have shown accelerated glycolysis and reduced glucose oxidation rates and PDC flux (Wall & Lopaschuk, 1989; Gamble & Lopaschuk, 1994; Schroeder et al., 2008). Collectively, findings of the present study appear to indicate that increased PDC-mediated carbohydrate oxidation reciprocally suppressed cardiac FAO rates. While the actual mechanisms responsible for FAO suppression remain unclear, acute 1 mM DCA infusion has been shown to increase cardiac malonyl-CoA content in ischaemic swine hearts (Stanley et al., 1996). Hence, it can be speculated that PDC-dependent accumulation of acetyl-CoA upregulates tissue malonyl-CoA content, which in turn inhibits cardiac CPT1 activity. The present finding of suppressed FAO stands in contrast with previously published experiments, where post-ischaemic PDC activation failed to affect cardiac lipid oxidative metabolism (Liu et al., 1996a; Ussher et al., 2012). It is currently unclear why acute PDC activation seems to suppress FAO rates post-hypoxia and not post-ischaemia.
In addition to altered FAO, the present study revealed reduced PDC-dependent cardiac lactate release during acute hypoxia and reoxygenation, likely reflecting increased coupling of glycolysis to glucose oxidation. Previous studies have consistently reported that acute PDC activation upregulates intact heart glucose oxidation and reduces glycolytic flux and associated proton production (Liu et al., 1996a; Wambolt et al., 2000; Liu et al., 2002). Although exact mechanism, by which DCA upregulated glucose oxidation rates in acutely hypoxic heart remain to be fully defined, it can be speculated that DCA overrode glycolytically-derived NADH accumulation previously proposed to inhibit PDC flux in human skeletal muscle (Constantin-Teodosiu et al., 1993).  Therefore, it appears that PDC-mediated forced coupling of glycolysis to TCA cycle was the main mechanism for reduced cardiac lactate release during acute hypoxia and reoxygenation. While forced carbohydrate oxidation during acute H/R injury may be expected to promote increased oxidative stress, we demonstrate that forced PDC activity is not associated with increased ROS production, at least, as evidenced by unaltered myocardial protein carbonyl and TBARS content. This finding appears to indicate that increased carbohydrate oxidation during reoxygenation injury does not alter ROS production and is unlikely to account for unaltered cardiac recovery.


[bookmark: _GoBack]Post-hypoxic PDC activation fails to improve cardiac recovery
Although acute PDC activation mimicked substrate utilisation pattern previously shown to enhance cardiac recovery during reperfusion injury (Lopaschuk et al., 1990; McVeigh & Lopaschuk, 1990), results of the present study show that acute post-hypoxic PDC activation failed to improve cardiac recovery during reoxygenation injury. This finding stands in contrast to our hypothesis and indicates that acute post-hypoxic PDC activation does not modulate cardiac function following acute hypoxic injury. Previous studies have shown that in vivo and in vitro acute DCA infusion may improve basal failing human heart function and isolated rat heart recovery from global ischaemic injury, respectively (Racey-Burns et al., 1989; McVeigh & Lopaschuk, 1990; Bersin et al., 1994; Liu et al., 1996a). On the other hand, other human and animal studies have reported no effects of acute DCA infusion on cardiac function at baseline and following global, no-flow ischaemia (Lewis et al., 1998; Randall et al., 1998). While conflicting findings between studies remain currently unresolved, it may be perhaps experimental conditions that could, at least, in part explain functional differences. Studies demonstrating improved cardiac recovery in response to acute post-ischaemic DCA administration perfused hearts with 1.2 mM palmitate (McVeigh & Lopaschuk, 1990; Wambolt et al., 2000; Taniguchi et al., 2001), as opposed to 0.4 mM in the present study. Given that in vitro incubation of cardiomyocytes with high palmitate concentrations (0.5-1.2 mM) has been found to increase cell death (Hickson-Bick et al., 2000; Sparagna et al., 2000; Fauconnier et al., 2007), it is plausible that increasing myocardial reliance on palmitate with such high circulating palmitate concentrations is per se functionally detrimental at reperfusion. Hence, decreasing myocardial reliance on lipid metabolism during reperfusion injury may improve cardiac recovery. Additionally or alternatively, it is also likely that DCA-mediated effect on cardiac recovery is species-specific (G.D. Lopaschuk, personal communication).
Hypoxic PDC activation exacerbates cardiac injury during reoxygenation
The other major outcome of the present study showed that hypoxic PDC activation improved energetic state of the heart at the end of acute hypoxia as evidenced by reduced AMP/ATP ratio and increased EC. Accumulating evidence implies that failing heart is associated with energy deficits (Neubauer et al., 1997; Shen et al., 1999; Weiss et al., 2005). Gain-of-function studies have revealed that increased CK shuttle-dependent energy transfer has been associated with enhanced myocardial recovery from acute ischaemic injury (Akki et al., 2012; Lygate et al., 2012). Paradoxically, results of the present study showed that hypoxic PDC activation exacerbated cardiac dysfunction during reoxygenation injury. PCr content at the end of reoxygenation was reduced with ATP being not different from non-treated controls, in hearts perfused with DCA from the onset of hypoxia. Given that ATP serves as a phosphate group donor to restore PCr, it has been postulated that a greater fall in PCr than in ATP  may be related to mitochondrial trapping of ATP, indicative of cellular ATP and PCr compartmentation (Gudbjarnason et al., 1970). Additionally or alternatively, it may be that the transfer of the phosphate group from ATP to free creatine is impaired with hypoxic PDC activation. It would, therefore, appear that hypoxic PDC activation preserves high-energy phosphate compounds during acute hypoxia, whose access, however, becomes limited during reoxygenation.
Conclusions
The present study demonstrates that post-hypoxic PDC activation fails to improve isolated heart function subjected to acute H/R injury, despite reducing FAO rates. Additionally, increasing PDC flux in the hypoxic heart was associated with exacerbated myocardial injury relative to hearts treated with DCA from the onset of reoxygenation. These results indicate that the potentially therapeutic effects of increasing PDC flux are not dependent on the hypoxic aspect of myocardial ischemia.
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[bookmark: _Toc443491961]4.1 Abstract
Aim Myocardial metabolic reprogramming is a hallmark of HF. Development of myocardial hypoxia is thought to induce foetal metabolic shift upregulating carbohydrate utilisation and reducing oxidation of lipids. Short-term in vitro hypoxia accelerates glycolytic capacity increasing activities of multiple glycolytic enzymes. Little is known about how chronic hypoxia regulates carbohydrate metabolism. The present study sought to establish how sustained in vivo hypoxia controls myocardial glycolytic flux.
Methods CD1 mice were exposed to either 3-week hypoxia (11% oxygen, n = 10) or normoxia (21% oxygen, n = 8). Following hypoxia, isolated hearts were perfused in a retrograde mode with function measured via an I.V. balloon and glycolytic flux via 3H-labelling. HK, PFK, GAPDH and PK activities were assayed in flash frozen tissues. PK protein isoforms, PKM1 (adult) and PKM2 (foetal), together with their potential upstream regulators, PDK1 [hypoxia inducible factor (HIF) signalling], CUBGP1 (alternative splicing) and Sp3 (transcriptional repression) were determined by western blotting. Glycolytic, TCA cycle and pentose phosphate pathway (PPP) intermediate metabolites were detected and quantified by liquid chromatography tandem mass spectrometry (LC/MS/MS).
Results Hypoxia increased glycolytic flux 1.4-fold (p < 0.05) with no effect on cardiac lactate efflux, tissue lactate and function. Hypoxia upregulated PK flux 3.1-fold, as determined by pyruvate/phosphoenolpyruvate ratio (p < 0.05) with no effects on HK, PFK, PK and GAPDH activities. Cardiac, but not skeletal muscle PKM2 protein and PKM2/PKM1 ratio were increased following hypoxia (p < 0.05). There were no effects of hypoxia on cardiac PDK1, CUGBP1 and Sp3 protein expressions between groups. Hypoxia increased PPP flux as evidenced by upregulated ribose-5-phosphate content (p < 0.05).
Conclusions The present study demonstrates that chronic in vivo hypoxia-induced increased cardiac glycolytic flux appears to be explained by upregulated PKM2 protein. Metabolomics analyses of glycolytic and PPP intermediates implicate PKM2 in the metabolic rewiring of the chronically hypoxic heart.











[bookmark: _Toc443491962]4.2 Introduction
Cardiac metabolic reprogramming is one of the key features of heart failure (HF) (Neubauer, 2007). Central to the cardiac metabolic switch is increased carbohydrate utilisation (Stanley et al., 2005). Rapid development of myocardial hypoxia is considered an important factor to mediate altered substrate utilisation pattern (Lee et al., 2000; Giordano, 2005; Sano et al., 2007). The metabolic profile of HF shares many similarities with that reported in myocardial hypoxia, in particular with regards to increased myocardial glycolytic capacity (Taegtmeyer & Overturf, 1988; Rumsey et al., 1999; Mansor et al., 2015). Surprisingly, the exact mechanisms regulating increased hypoxic heart glycolytic flux remain unclear. Elucidating these mechanisms may be vital in understanding how HF develops.
Hypoxia induces a broad range of cellular responses (Semenza, 2012). In vitro studies revealed that hypoxia increases carbohydrate utilisation and downregulates lipid oxidation capacity (Guillaumond et al., 2013; Huang et al., 2014). In line, upregulated glycolytic flux has been shown in acutely and chronically hypoxic heart (Mazer et al., 1990; Mansor et al., 2015). Glycolysis is a nine-enzymatic pathway converting a single six-carbon molecule of glucose into two three-carbon molecules of pyruvate. The flux through glycolysis is considered to be controlled at the level of activity of individual enzymes. Enzymatic activity can be regulated hierarchically, i.e. changes in mRNA and protein adjust enzyme capacities (Vmax), and/or metabolically, with substrates, products and other allosteric effectors controlling enzyme’s Vmax (Daran-Lapujade et al., 2007). Under in vitro hypoxic conditions induction of most glycolytic enzymes is markedly increased providing a potential mechanism, by which hypoxia reprograms metabolism (Robin et al., 1984; Semenza et al., 1994; Semenza et al., 1996). By contrast, mechanisms regulating cardiac glycolytic flux in vivo remain sparse with studies showing increased HK and LDH activities following intermittent hypoxia and decreased PFK2 mRNA in response to 6 h hypoxia (Bass et al., 1989; Minchenko et al., 2003).
Regulation of glycolytic rate is classically considered to be mediated by four rate-limiting enzymes, hexokinase (HK), phosphofructokinase (PFK), glyceraldehyde-3-phosphate dehydrogenase (GAPDH) and pyruvate kinase (PK) (Scrutton & Utter, 1968; Lunt & Vander Heiden, 2011; Metallo & Vander Heiden, 2013). While HK and PFK regulate the glycolytic investment phase, GAPDH and PK control the pay-off phase (Scrutton & Utter, 1968). Accumulating in vitro evidence implicates PK as an emerging candidate to regulate increased carbohydrate utilisation in cancer cells and skeletal muscle C2C12 cells (Christofk et al., 2008; Gao & Cooper, 2013). Of four PK protein isoforms, adult PKM1 and foetal PKM2 have received the most attention regarding regulation of glycolytic flux. For instance, increasing PKM2 expression in C2C12 cells accelerated carbohydrate utilisation, consistent with upregulated respiratory exchange ratio (RER), indicative of carbohydrate oxidation, in mice transiently overexpressing PKM2 in skeletal muscle (Gao & Cooper, 2013). Interestingly, recent identification of PKM2 in the nuclear protein fraction suggested its role as a transcription factor (Luo et al., 2011). Indeed, coimmunoprecipitation experiments revealed that PKM2 directly binds HIF-1α and PHD3, and promotes hypoxia-induced glycolytic gene expression, highlighting its novel role as HIF-1α coactivator (Luo et al., 2011). PKM2 is expressed in embryonic tissues including cardiac and skeletal muscle, and becomes progressively replaced by PKM1 during post-natal developmental (Gao & Cooper, 2013). Although PKM1 and PKM2 differ in only 22 amino acid residues, they exhibit significantly distinct biochemical properties.  In vitro experiments revealed that PKM1 is constitutively active (Christofk et al., 2008), whereas PKM2 displays lower activity, but extensive regulatory mechanisms (Hitosugi et al., 2009; Vander Heiden et al., 2010). Regulation of PKM1 and PKM2 expression appears to be under a number of controlling factors, including transcriptional repression (Discher et al., 1998), alternative splicing (Gao & Cooper, 2013) and hypoxia-inducible factor 1α (HIF-1α) signalling (Ma et al., 2015). For instance, in C2C12 cells in vitro, Sp3 protein was found to directly bind to PK promoter to act as a transcriptional repressor of PK in response to short-term hypoxia (Discher et al., 1998). Other work revealed that overexpression of CUGBP1, a protein member of alternative splicing machinery, in skeletal muscle re-expressed PKM2 protein, indicating that elevating CUGBP1 contributes to PKM2 protein expression in skeletal muscle (Gao & Cooper, 2013). In an in vitro experiment, Rees et al. demonstrated that physiological and pharmacological hypoxia increased PKM2 mRNA expression in isolated rat cardiomyocytes (Rees et al., 2015). Little is known about effects of sustained in vivo hypoxia on cardiac PKM2 expression.
Cellular adaptations to hypoxia are thought to be controlled by oxygen sensing hydroxylase, HIF (Kaelin & Ratcliffe, 2008). In vitro studies revealed that HIF-1α expression is essential for increased glycolytic capacity and reduced carbohydrate oxidation during hypoxia (Iyer et al., 1998; Kim et al., 2006; Papandreou et al., 2006). A role of HIF-1α signalling in metabolic reprogramming during sustained in vivo hypoxia is less clear. In skeletal and heart muscles, prolonged hypoxic exposure failed to increase HIF-1α transcript and protein levels (Stroka et al., 2001; Lundby et al., 2004; Le Moine et al., 2011; Vigano et al., 2011). In line, HIF-1α target gene, GLUT1, was increased in the heart at the transcript, but not at the protein level following sustained hypoxia (Xia et al., 1997; Sharma et al., 2004; Vigano et al., 2011; Gomez-Arroyo et al., 2013).
Using a radiolabelled substrate, the present study sought to establish how chronic in vivo hypoxia modulates cardiac carbohydrate utilisation. In line with previous studies (Mazer et al., 1990; Mansor et al., 2015), we hypothesized that chronic in vivo hypoxia would upregulate cardiac glycolytic flux. Using comprehensive metabolic analysis we sought to establish enzymatic and metabolomics signalling pathways responsible for increased cardiac glycolysis. Using multidisciplinary approach, each individual step of glycolysis was assessed together with its putative control mechanisms to develop a profile of cardiac metabolic adaptations to chronic hypoxia.
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Animals
Eight-week old, CD1 male mice (n = 18) were purchased from a commercial breeder (Harlan, United Kingdom). All procedures were in accordance with the Home Office guidelines under The Animals (Scientific Procedures) Act, 1986, and in accordance with the University of Nottingham guidelines.
Chronic hypoxic housing
To establish how chronic in vivo hypoxia modulates cardiac glycolytic flux, mice were housed in a hypoxic chamber for 3 weeks as described in the methods chapter.
Isolated heart perfusion
Following 3-wk protocol, control (normoxic, n = 8) and chronically hypoxic (n = 10) animals were euthanized with sodium pentabarbitone i/p injection (0.1 – 0.15 ml of 200 mg/ml). Gastrocnemius skeletal muscle was existed and freeze-clamped using Wollenberger clamps pre-cooled to the temperature of liquid nitrogen and stored at -80 ° C until analysis. Hearts were excised, trimmed of any excessive tissue and perfused for 30 min in the Langendorff mode under aerobic conditions as described in the methods chapter. Following 30-min perfusion, hearts were freeze-clamped using Wollenberger clamps pre-cooled to the temperature of liquid nitrogen and stored at -80 ° C until analysis. To verify systemic adaptations to hypoxia, blood haemoglobin content was determined immediately post-excision as described in the methods chapter.

Measurements of cardiac glycolytic flux
To evaluate effects of chronic hypoxic housing on cardiac glycolytic flux, [5-3H]-glucose was added to the perfusate immediately prior to perfusion. Paired aliquots of recirculating buffer were collected at 5 min intervals during perfusion protocol and the slope of 3H2O accumulation over time determined as described in the methods chapter.
Lactate efflux
Cardiac lactate efflux was determined from the same perfusate samples collected at 5 min intervals as described in the methods chapter.
Tissue metabolites
To establish how sustained in vivo hypoxia modulated cardiac high-energy phosphate metabolites, aliquots of the frozen tissue were freeze-dried, dissected free of visible connective tissue and powdered. Powdered tissue metabolites were extracted using PCA method. PCA extract ATP, ADP, AMP, PCr, lactate and glycogen contents were determined as described in the methods chapter.
Metabolomics
Tissue intermediate metabolites were extracted from the perfused frozen hearts and identified and quantified as described in the methods chapter. Briefly, frozen hearts were freeze-dried and powdered and metabolites released using acetonitrile-based extraction method. Tissue extracts were analysed by reversed-phase ion-pairing liquid chromatography coupled, by electrospray ionisation negative mode (ESI-), to triple quadrupole instrument operated in the MRM mode, with compound identities verified by parent/daughter ion mass and retention time matched to the purified standards. Absolute quantification of tissue extracts was determined from the external standard curve analysed together with samples.
Enzyme activities
Enzymatic activities were determined in perfused frozen hearts. HK, PFK, GAPDH and PK activities were determined as described in the methods chapter. PK activity was assayed in a buffer containing FBP.
Western blotting
Cytosolic and nuclear proteins of cardiac and gastrocnemius muscle samples were prepared as described in the methods chapter. Protein samples were run on a 12% Bis-Tris aclyamide gel for 2 h at a constant 100 V and transferred on a PVDF membrane for 2 h at a constant 250 mA in an ice-chilled transfer tank. The membrane was blocked and incubated overnight at 4 °C with rabbit anti-PKM1 antibody (Sigma, 1:1000), rabbit anti-PKM2 antibody (Cell Signaling, 1:1000), rabbit anti-CUG triplet repeat, RNA binding protein 1 (CUGBP1, Abcam, 1:1000), rabbit anti-PDK1 (Cell Signaling, 1:1000), rabbit anti-Sp3 (Santa Cruz, 1:200) and rabbit anti-actin antibody (Sigma, 1:5000). Membranes were then washed and incubated with goat anti-rabbit HRP-conjugated secondary antibody (R&D systems, 1:20,000). After washing membranes were incubated with ECL detection solution (Amersham, UK) and exposed to X-ray film (Kodak, UK).

Statistical analysis
All variables were tested for normality using Shapiro-Wilk. Independent t-test and Mann-Whitney test were used to test for differences between groups for normally and not normally distributed data, respectively. Statistical significance was set at p ≤ 0.05 for all analyses with all results presented as mean ± standard error of mean (SEM) unless specified otherwise.
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Sustained in vivo hypoxia does not affect cardiac function
There were no differences between groups for body weight or heart weight (Table 4.1). Blood haemoglobin was 73% higher in chronically hypoxic mice relative to controls, indicating prolonged systemic hypoxia (p < 0.05). As evidenced by RPP and DP, there were no effects of chronic hypoxia on basal cardiac function.

[bookmark: _Toc438046191][bookmark: _Toc438121932][bookmark: _Toc443491865]Table 4.1. Effects of chronic in vivo hypoxia on mouse whole-body physiology and cardiac function.
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Chronic hypoxia upregulates cardiac glycolytic flux
Effects of chronic hypoxic exposure on cardiac carbohydrate metabolism are shown in Figure 4.1. Glycolytic flux of chronically hypoxic hearts was 1.4-fold higher relative to control hearts (Fig. 4.1A, p < 0.05). By contrast, cardiac lactate efflux was not different between groups (Fig. 4.1B). Similarly, there were no differences between groups for cardiac glycogen or lactate content (Fig. 4.1C and D).
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[bookmark: _Toc438046192][bookmark: _Toc438121933][bookmark: _Toc443491866][bookmark: OLE_LINK2]Figure 4.1. Effects of chronic hypoxia on cardiac glycolytic flux (A), lactate efflux (B), glycogen (C) and lactate content (D). Values are expressed as mean ± SEM (n = 8-10). * p < 0.05 vs. control.

High-energy phosphate metabolite content is unaltered in hypoxic hearts
To evaluate how chronic hypoxia modulated cardiac energy metabolism, concentrations of high-energy phosphate metabolites were explored (Fig. 4.2). No differences between groups were found for cardiac ATP, ADP, AMP and PCr contents (Fig. 4.2A-D). Similarly, there were no differences between groups for AMP/ATP and PCr/ATP ratios (Fig. 4.2E and F).

[image: ][bookmark: _Toc438046193][bookmark: _Toc438121934][bookmark: _Toc443491867]Figure 4.2. Effects of chronic hypoxia on cardiac ATP (A), ADP (B), AMP (C), phosphocreatine (D), AMP/ATP (E) and PCr/ATP (F). Values are expressed as mean ± SEM (n = 8-10).

Effects of chronic hypoxia on cardiac metabolomics
Initial metabolic analysis revealed increased glycolytic flux, yet unaltered lactate efflux and tissue lactate content. To explore how chronic in vivo hypoxia modulated intermediate metabolism, tandem mass spectrometry-based detection and quantifacation of intermediate metabolites was performed (Fig. 4.3). LC/MS/MS analysis showed that pyruvate was 32% higher in chronically hypoxic hearts relative to controls (p < 0.05). In addition, pyruvate/phosphoenolpyruvate (PEP) ratio, a validated marker of PK activity (Chaneton et al., 2012), was 3.1-fold higher in hypoxic heart (6.9 ± 1.3 vs. 2.2 ± 0.3, p < 0.05). Pentose phosphate pathway (PPP) ribose-5-phosphate (R5P) was 33% higher in chronically hypoxic hearts relative to controls (p < 0.05). Additionally, NADPH levels were 36% lower in hypoxic hearts (p < 0.05).
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[bookmark: _Toc438046194][bookmark: _Toc438121935][bookmark: _Toc443491868]Figure 4.3. Cardiac liquid-chromatography tandem mass-spectrometry (LC/MS/MS) analysis of intermediate metabolites following chronic hypoxia. Values are expressed as mean ± SEM (n = 8-10). G6P – glucose-6-phosphate, F6P – fructose-6-phosphate, FBP – fructose-1, 6-bisphosphate, G3P – glyceraldehyde-3-phosphate, DHAP – dihydroxyacetone phosphate, 1, 3PG- 1, 3-phosphoglycerate, 3PG – 3-phosphoglycerate, 2PG – 2-phosphoglycerate, PEP – phosphoenolpyruvate, Pyr – pyruvate, Oxa – oxaloacetate, Cit – citrate, αKG – α-ketoglutarate, Suc – succinate, Fum – fumarate, Mal – malate, 6PGL – 6-phosphogluconolactone, 6PG – 6-phosphogluconate, Ru5P – ribulose-5-phosphate, R5P – ribose-5-phosphate, G6PI – glucose-6-phosphate isomerase, PFK – phosphofructokinase, Aldo – aldolase, GAPDH – glyceraldehyde-3-phosphate dehydrogenase, PGK – phosphoglycerate kinase, PGM – phosphoglyceromutase, PK – pyruvate kinase, LDH – lactate dehydrogenase, ALAT – alanine aminotransferase, G6PDH – glucose-6-phosphate dehydrogenase, 6PGDH – 6-phosphogluconate dehydrogenase, RPI – ribose phosphate isomerase, TK – transketolase, TA – transaldolase, MPC – mitochondrial pyruvate carrier, PDC – pyruvate dehydrogenase complex, CS – citrate synthase, IDH – isocitrate dehydrogenase, αKGDH - α-ketoglutarate dehydrogenase, SDH – succinate dehydrogenase, MDH – malate dehydrogenase. * p < 0.05 vs. control.

Chronic hypoxia selectively increases cardiac pyruvate kinase
To investigate the mechanistic basis for increased glycolytic flux in chronically hypoxic hearts, enzymatic activities of four key rate-limiting enzymes were determined (Fig. 4.4). There were no differences for cardiac HK, PFK and GAPDH activities between groups (Fig. 4.4A-C). Although PK activity was 39% higher in chronically hypoxic hearts compared with controls, the difference did not reach statistical significance (Fig. 4.4D, p = 0.055).
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[bookmark: _Toc438046195][bookmark: _Toc438121936][bookmark: _Toc443491869]Figure 4.4. Effects of chronic hypoxia on isolated mouse heart enzyme activity. Myocardial activity of hexokinase [HK (A)], phosphofructokinase [PFK (B)], glyceraldehydre-3-phosphate dehydrogenase [GAPDH (C)] and pyruvate kinase [PK (D)]. Values are expressed as mean ± SEM (n = 6-10). FBP – fructose-1, 6-bisphosphate.

Chronic hypoxia upregulates cardiac, but not skeletal muscle pyruvate kinase M2 protein
Next, to establish which PK isoenzyme may be involved in the increased PK flux, protein levels of PKM1 and PKM2 were determined (Fig. 4.5). As revealed by western blotting analysis, no differences between groups were found for cardiac PKM1 protein expression (Fig. 4.5A). By contrast, PKM2 protein was 1.3-fold higher in chronically hypoxic hearts relative to controls (Fig. 4.5B, p < 0.05). Additionally, PKM2/PKM1 ratio was augmented in chronically hypoxic hearts 1.5-fold relative to controls (Fig. 4.5C, p < 0.05). To investigate if this hypoxia-mediated effect was conserved in other tissues, PK protein isoform levels were determined in chronically hypoxic skeletal muscles (Fig. 4.5). There were no differences between groups for gastrocnemius PKM1 and PKM2 protein levels (Fig. 4.5D and E). Similarly, no differences between groups were found for skeletal muscle PKM2/1 ratio (Fig. 4.5F).
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[bookmark: _Toc438046196][bookmark: _Toc438121937][bookmark: _Toc443491870]Figure 4.5. Western blot analysis of cardiac (A-C) and skeletal muscle (D-F) pyruvate kinase M1 and M2 protein levels following chronic hypoxic exposure. Values are expressed as mean ± SEM (n = 7-10). * p < 0.05 vs. control.

Effects of chronic hypoxia on potential upstream regulators of cardiac pyruvate kinase M2
To explore how chronic in vivo hypoxia regulates PKM2 protein levels, its three different potential upstream regulators, HIF-1α (PDK1), CUGBP1 (alternative splicing) and Sp3 (transcriptional repression) were determined (Fig. 4.6). No differences between groups were found for cardiac PDK1 (Fig. 4.6A). Likewise, cardiac CUGBP1 and Sp3 protein levels were not different between groups (Fig. 4.6B and C).
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[bookmark: _Toc438046197][bookmark: _Toc438121938][bookmark: _Toc443491871]Figure 4.6. Western blot analysis of cardiac PDK1 (A), CUGBP1 (B) and Sp3 (C) protein following chronic hypoxic exposure. Values are expressed as mean ± SEM (n = 8-10).
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Sustained in vivo hypoxia increased cardiac PKM2
While it is now recognized that hypoxia reprograms myocardial metabolism for it to share many similarities with HF, the actual mechanisms responsible for the metabolic switch remain poorly explored (Rumsey et al., 1999; Nouette-Gaulain et al., 2005; Heather et al., 2012; Mansor et al., 2015). The present study aimed to establish how sustained in vivo hypoxia regulates cardiac glycolysis. Here, we demonstrate that, while chronic hypoxia failed to upregulate cardiac HK, PFK, and GAPDH activities, our metabolomics analysis showed increased PK flux as evidenced by pyruvate/PEP ratio. Furthermore, our enzymatic activity assay revealed that PK activity was moderately, but not significantly increased in chronically hearts. Notably, no other changes within glycolytic intermediates were found supporting the data of unaltered activities of other enzymes. These findings indicate that chronic hypoxia appears to increase a single enzyme, PK. Previous in vitro studies have reported increased activities of all glycolytic enzymes in L8 muscle cells, except for HK, following 96-h in vitro hypoxia (pO2: 10-15 torr) (Robin et al., 1984). Examining effects of 4-wk hypoxia on glycolytic enzymes activities, Martinez et al. reported increased HK, triosephosphate isomerase (TPI) and PK activities in killifish heart (Martinez et al., 2006). It remains unclear why the profile of upregulated glycolytic enzymes differs between hypoxic mammalian and fish hearts. Although glycolytic enzymes are highly preserved among species (Kim & Dang, 2005), it is plausible that different mechanisms may operate between lower and higher vertebrates to control their expression under hypoxic conditions. Additionally or alternatively, the degree of hypoxia in a fish heart subjected to a hypoxic stress is likely to be greater compared to mammalian heart. Thus, it is likely that the duration and/or degree of hypoxia may differently regulate glycolytic enzyme activities.
There are four mammalian PK isoforms (Mazurek, 2011). Alternative splicing of exon 9 and 10 of PKM gene produces PKM1 or PKM2 isoforms, respectively (Gao & Cooper, 2013). The presence of exon 10 within PKM2 transcript is reported to confer unique biochemical properties absent in PKM1. Relative to PKM1, PKM2 is a less-active isoform, but exhibits complex regulatory circuits. For instance, while FBP, serine and succinylaminoimidazolecarboxamide (SAICAR) allosterically activate PKM2 (Vander Heiden et al., 2010; Chaneton et al., 2012; Keller et al., 2012), post-translational modifications, including tyrosine Y105 phosphorylation, acetylation and ROS-mediated Cys358 oxidation, inhibit its enzymatic activity, placing it at the very heart of metabolic regulation (Hitosugi et al., 2009; Anastasiou et al., 2011; Lv et al., 2011). Tandem mass spectrometry analysis in the present study revealed that tissue FBP concentration was not different between groups, indicating that FBP-induced allosteric activation is unlikely to account for increased cardiac PKM2 activity. By contrast, analysis of the PK protein isoform content revealed that PKM2 protein was significantly increased in chronically hypoxic hearts. This finding indicates that sustained in vivo hypoxia regulates cardiac PK flux through increasing PKM2 protein content. Interestingly, hypoxia-induced PKM2 protein expression was absent in chronically hypoxic skeletal muscle indicating tissue-specific regulation of PKM2 following sustained in vivo hypoxia. Differential expression of PKM2 in skeletal and cardiac muscles in response to hypoxia may reflect different tissue energy demands during hypoxic exposure. Taken collectively, while these findings suggest that increased cardiac PKM2 protein expression appears to account for increased glycolytic flux in the hypoxic heart, further research is warranted to determine if activities and/or protein levels of other glycolytic enzymes are affected by sustained hypoxia. 
Hypoxia upregulated cardiac PPP flux
Findings of the present experiment are in line with other studies. In support of its role in metabolic orchestration, re-expression of PKM2 in cancer cells has been proposed to regulate the ‘Warburg effect’ (Vander Heiden et al., 2009; Vander Heiden et al., 2010). For example, in HeLa and H1299 cancer cells increased PKM2 activity was associated with increased lactate production (Christofk et al., 2008; Keller et al., 2012). Conversely, in non-cancer C2C12 cells, in vitro overexpression of PKM2 increased carbohydrate utilisation without affecting lactate production (Gao & Cooper, 2013). These findings imply cell-specific role PKM2 may play in the regulation of energy metabolism. Interestingly, findings of the present study are similar to the latter (Gao & Cooper, 2013), i.e. increased cardiac glycolytic flux was not associated with increased tissue lactate production or lactate release. Detailed metabolomic analysis showed upregulated PPP flux as evidenced by increased R5P content. NADPH, another product associated with PPP, was decreased in hypoxic hearts. These results may suggest that glycolytically-derived carbon skeleton is shifted away from upper glycolysis and towards PPP flux, and returns back to lower glycolysis via transketolase (TK) and transaldolase (TA) reactions. Although the actual stimulus for this metabolic rewiring remains currently unclear, it may be plausible that hypoxia-mediated reduction in cardiac NADPH level is the key factor. In support, in a time-resolved metabolomics experiment, oxidative stress-induced reduction in NADPH has been shown to promote PPP flux (Kuehne et al., 2015). Importantly, increased PPP flux occurred independently of lower glycolytic intermediates accumulation as previously implied (Anastasiou et al., 2011; Gruning et al., 2011). In A549 cancer cells and yeasts lower PKM2 activity was suggested to reduce conversion of PEP to pyruvate gradually accumulating glycolytic metabolites, which build up and, by mass-action, enter PPP (Anastasiou et al., 2011; Gruning et al., 2011). Results of the present study indicate the opposite, i.e. increased PKM2 flux is associated with greater PPP flux. Notably, Kuehne et al. reported reduced PEP and increased pyruvate in human skin cells in response to oxidative stress, indicative of increased PK flux (Kuehne et al., 2015). It is plausible that this mechanism may act as a drain to prevent metabolite build-up and thus maintaining PPP flux. This model is further supported by our flux analysis, in which tritium (3H) attached to the glucose molecule appears to circulate with the carbon backbone via PPP before being released at the enolase step of glycolysis (there is no dehydration reaction in the PPP). While this model proposes that carbon skeleton is shifted at the glucose-6-phosphate (G6P) step towards PPP, it also assumes that the carbon backbone returns to the lower glycolysis. The fate of accumulated pyruvate, however, remains unclear. Metabolomics experiments of the present study indicate that none of its major routes (i.e. lactate, alanine and TCA cycle) was increased. Alternatively, increased tissue pyruvate may be simply excreted into the perfusate.
Regulation of hypoxia-induced PKM2 expression
Regulation of cardiac PKM2 expression under hypoxic conditions is far from being fully understood. During short-term in vitro hypoxia, HIF-1α signalling has been suggested to regulate PKM2 expression in isolated rat cardiomyocytes (Rees et al., 2015). In addition to HIF-1α signalling, overexpression of CUGBP1 in skeletal muscle has been shown to increase PKM2 protein, whereas Sp3-mediated transcriptional derepression has been implicated in the regulation of C2C12 cells PK expression during short-term hypoxia (Discher et al., 1998; Gao & Cooper, 2013). The present study reports that sustained in vivo hypoxia does not appear to affect HIF-1α signalling, at least as evidenced by unaltered cardiac PDK1 levels. Considering that HIF-1α-mediated PDK1 expression may be tissue specific, inclusion of other HIF targets, e.g. VEGF and GLUT,1 is warranted to conclude if HIF signalling was affected by sustained hypoxia. In addition, cardiac CUGBP1 levels were not changed upon in vivo hypoxia suggesting that, while CUGBP1 may regulate skeletal muscle PKM2 expression (Gao & Cooper, 2013), this mechanism does not seem to operate in chronically hypoxic hearts. Further, our results revealed that chronic in vivo hypoxia does not change steady-state levels of cardiac Sp3 protein, a finding in contrast to short-term in vitro hypoxic exposure (Discher et al., 1998). These results indicate that chronic hypoxia does not alter HIF-1α, CUGBP1 and Sp3 signalling and imply that these proteins are unlikely to account for increased cardiac PKM2 proteins. Further research is required to investigate mechanisms of increased PKM2 levels in chronically heart.
Conclusions
In summary, findings of the present study indicate that cardiac glycolysis during chronic in vivo hypoxia appears to be regulated via a single rate-limiting enzyme – PKM2. Metabolomics analyses imply that glycolytically-derived carbon skeleton is shifted away from lactate production towards PPP flux possibly reflecting increased hypoxia-induced oxidative stress and implicate key role PKM2 may play in the metabolic rewiring of the chronically hypoxic heart.
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Aim This chapter seeks to establish how sustained in vivo hypoxia alters cardiac function based on the hypothesis that chronic hypoxia reduces cardiac tolerance to subsequent acute injury. We anticipated that reduced PDC activity is central to hypoxia-induced metabolic reprogramming and that chronic PDC activation exacerbates cardiac dysfunction in hypoxic heart.
Methods CD1 mice were exposed to either 3-week normoxia (control; 21% oxygen, n = 8), hypoxia (Chronic hypoxia; 11% oxygen, n = 8) or hypoxia and DCA in the drinking water (Hypoxia/DCA, 0.75 g/L, n = 8). After in vivo hypoxia, isolated hearts were subjected to a 30-min baseline perfusion followed by H/R injury with function measured via an I.V. balloon and glycolysis determined via 3H-labelling. Enzymatic activity, metabolite content and protein expression levels were determined in hearts frozen at the end of baseline, acute hypoxia and reoxygenation
Results Compared to baseline, rate pressure product (RPP) of control hearts was depressed by 80% and 40% at the end of acute hypoxia and reoxygenation, respectively (p < 0.05). RPP during acute hypoxia and reoxygenation was reduced and restored in chronically hypoxic and DCA-treated hearts relative to controls, respectively (p < 0.05). DCA supplementation normalized cardiac glycolysis at baseline and during reoxygenation, respectively. Cardiac glycogen utilisation and tissue lactate accumulation during acute hypoxia and reoxygenation were reduced in DCA-treated hearts (p < 0.05). ATP content in DCA-treated hearts at the end of acute hypoxia was 29% higher relative to chronically hypoxic hearts (p < 0.05).
Conclusion These findings indicate that sustained hypoxia reduces cardiac tolerance to subsequent acute injury. Chronic PDC activation was associated with normalized function, metabolic flux and reduced substrate-level phosphorylation during reoxygenation, indicating the key role PDC appears to play in the regulation of hypoxic heart tolerance to an acute injury and energy metabolism.
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Accelerated carbohydrate utilisation and suppressed oxidative metabolism are hallmarks of HF (Allard et al., 1997; Davila-Roman et al., 2002; Osorio et al., 2002; de las Fuentes et al., 2003; Nascimben et al., 2004). Gradually impaired oxygen delivery to heart muscle is central to developing heart disease (Eltzschig & Eckle, 2011). A growing body of evidence from animal and human studies of heart disease appears to indicate hypoxic signature a failing heart (Lee et al., 2000; Sano et al., 2007; Karamitsos et al., 2013; Mahmod et al., 2014). Chronic hypoxic exposure has been shown to suppress cardiac oxidative metabolism and increase myocardial glycolytic capacity, mirroring metabolic reprogramming of the HF (Rumsey et al., 1999; Nouette-Gaulain et al., 2005; Heather et al., 2012; Mansor et al., 2015). Thus, myocardial metabolic reprogramming in HF possibly represents an adaptation to hypoxic conditions. Studies investigating effects of sustained hypoxia on cardiac function delivered conflicting findings. Turtle heart, known to possess significant glycolytic capacity, has been shown to display increased tolerance to acute hypoxia relative to rat heart (Bing et al., 1972). In contrast, mammalian heart tolerance to acute stress has been shown increased and reduced following in vivo and in vitro hypoxic exposure (Karck et al., 1995; Silverman et al., 1997; La Padula & Costa, 2005; Guo et al., 2009; Milano et al., 2010). It remains therefore to be resolved how sustained hypoxia modulates cardiac tolerance to subsequent acute stress.
Central to the failing heart myocardial metabolic switch is accelerated carbohydrate utilisation and reduced oxidative potential (Stanley et al., 2005). In failing hearts increased glycolytic rate was associated with reduced PDC activity and flux (Seymour & Chatham, 1997; Aquaro et al., 2013; Dodd et al., 2014). PDC activation in heart disease has been shown to increase coupling of glycolysis to glucose oxidation and improve cardiac function (Wambolt et al., 1997; Ussher et al., 2012; Piao et al., 2013). Little is, however, known about whether sustained in vivo hypoxia modulates cardiac PDC activity. In response to hypoxia, PDC activity remained suppressed for up to 15 h in killifish white skeletal muscle (Richards et al., 2008). Exercise-induced PDC activity was reduced in human skeletal muscle following 20-min pre-exercise breathing of hypoxic gas mixture and resulted in increased substrate-level phosphorylation as evidenced by upregulated muscle lactate accumulation and PCr degradation (Parolin et al., 2000). In heart, pyruvate oxidation rates in whole tissue homogenates and isolated cardiac mitochondria have been reported reduced following sustained hypoxia (Rumsey et al., 1999; Heather et al., 2012). Consequently, further research is warranted to fully establish how sustained in vivo hypoxia modifies cardiac PDC activity.
DCA is a pyruvate analogue, which inhibits PDK (Stacpoole, 1989). Single intravenous administration of DCA in rats at a dose of 100 mg/kg revealed its plasma half-life of ~3 h (Lukas et al., 1980). DCA is rapidly absorbed and detected in plasma within 15 min following a single oral dose of 50 mg/kg in healthy human volunteers (Stacpoole, 1989). Previous in vitro experiments have shown that perfusing an intact heart with 1 mM DCA maximally activates PDC (Whitehouse & Randle, 1973). Removal of DCA from the perfusate has been shown to reverse PDC activity to its basal state within 6 min (Whitehouse et al., 1974). Chronic DCA supplementation studies have revealed that DCA inhibits its own metabolism increasing the half-life to ~7 h following a 5-day oral supplementation at a dose of 50 mg/kg/day (Stacpoole et al., 2003; Shroads et al., 2008). Chronic DCA treatment has been shown to have side effects promoting cancer (Bull et al., 1990).
The present study was performed to establish how chronic in vivo hypoxia modifies cardiac function during subsequent acute hypoxia/reoxygenation (H/R) injury. We also aimed at elucidating the role of sustained hypoxia in modulating cardiac PDC activity following acute injury. Therefore, the other objective of this study was to develop an effective method of chronically increasing PDC activity. We hypothesized that sustained in vivo hypoxia would increase cardiac glycolysis and reduce PDC activity and that this will be associated with preserved basal cardiac function. However, when exposed to subsequent acute challenge, chronically hypoxic heart function and recovery were hypothesized to be exacerbated relative to normoxic hearts. Considering that hypoxia suppresses oxidative metabolism (Fukuda et al., 2007), it was hypothesized that forced PDC-mediated carbohydrate oxidation would increase reactive oxygen species (ROS) formation and consequently impair cardiac function during acute injury supporting the model of hypoxia-induced PDC suppression being a central adaptive mechanism.
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Animals
Eight-week old CD1 male mice (n = 102) weighing ~30g were purchased from a commercial breeder (Harlan, United Kingdom). Animals were housed on a 12-h light/dark cycle and kept under controlled conditions of temperature and humidity. Water and chow food were accessible ad libitum at all times. All procedures were in accordance with the Home Office guidelines under The Animals (Scientific Procedures) Act, 1986, and in accordance with the University of Nottingham guidelines.
Hypoxic housing
Chronic hypoxic housing was performed in a sealed plastic glass-fronted chamber as described in the methods chapter.
Isolated heart perfusion
Animals were euthanized with sodium pentabarbitone i/p injection (0.1 – 0.15 ml of 200 mg/ml). In studies measuring cardiac function, hearts were trimmed of any excessive connective, vascular and fat tissue in the ice-cold KH buffer. Hearts were perfused in the Langendorff mode as described in the methods chapter. At the end of each perfusion protocol all hearts were freeze-clamped using pre-cooled Wollenberger clamps and immediately immersed in liquid nitrogen. Hearts were stored at -80 °C until analysis.


Preliminary experiments
Preliminary experiments were performed to develop an effective method of chronically increasing PDC activity. PDC activation was attempted to be achieved with DCA. There were two alternatives available: Special Products (pharmaceutical grade, Surrey, UK) and Sigma DCA (Reagent Plus grade, > 99%, St. Louis, US). For Special Products DCA solution to be palatable, it contained sodium benzoate, aspartame and sodium saccharin. Sigma DCA was prepared fresh from the stock solution and neutralized with NaOH to pH 7.4. Considering that Special Products was not previously used in animal studies, it was necessary to determine its potency in activating PDC and potential side effects.
DCA Pilot I The first set of experiments was performed to establish whether 1) a single DCA (Special Products, pharmaceutical grade) dose of 150 mg/kg activates PDC 90 min after an oral administration by gavage (n = 2) and 2) whether oral DCA supplementation in the drinking water (0.75g/L) over 2 days can activate PDC (n = 2). While this product was not previously used in rodent studies, pilot work from our group (unpublished data) revealed that acute infusion at a dose of 50 mg/kg increased PDC activity in human skeletal muscle. The 150 mg/kg dose was based upon daily water intake (~5 ml) multiplied by DCA consumption from the drinking water (0.75g/L). The dose of 0.75 g/L is based on the previous human experiments (Wargovich et al., 1988; Lewis et al., 1998) and has been shown to increase cardiac PDC activity (Michelakis et al., 2002; Kato et al., 2010; Piao et al., 2013).
Animals were euthanized either 90 min after DCA administration (gavage) or following 48 h of DCA supplementation in the drinking water. Considering DCA half-life and animal lifestyle (nocturnal), animals were euthanized in the morning (06.00-07.00am) to ensure that DCA effects were preserved. In other words, the window of tissue collection vs. ultimate DCA intake was attempted to be as narrow as possible. In each case heart and gastrocnemius muscle samples were collected and immediately immersed in liquid nitrogen following euthanasia.
DCA Pilot II Chronic DCA administration inhibits its own metabolism and increases its half-life. The second set of experiments was performed to establish whether chronic, 3-week DCA (Special Products) supplementation in the drinking water (0.75 g/L) stimulates hypoxic heart PDC activity. This experiment was also performed to determine whether chronic DCA administration induces any significant side effects (e.g. increased mortality). Chronic in vivo hypoxia was generated as described in the methods chapter.
There were four groups in this experiment: Control (normoxic), Control + DCA, Chronic hypoxia and Chronic hypoxia + DCA (n = 3 each group). Following chronic hypoxic exposure, hearts were excised and perfused under baseline conditions in the Langendorff mode for 30 min as described in the methods chapter. At the end of perfusion protocol all hearts were freeze-clamped using pre-cooled Wollenberger clamps and immediately immersed in the liquid nitrogen. Hearts were stored at -80 °C until analysis.
DCA Pilot III Chapter 3 demonstrated that in vitro Sigma DCA infusion increased intact heart PDC activity. The final set of preliminary experiments was performed to establish whether oral Sigma DCA administration activates cardiac PDC. Sigma DCA had claimed to have identical properties to Special Products DCA.
DCA was administered via two routes: 1) a single oral administration via gavage (150 mg/kg dose) or 2) 48-h supplementation in the drinking water (0.75 g/L). Gavage-fed animals were euthanized 30, 60 and 90 min after administration. Animals provided with DCA in the drinking water were euthanized in the morning (06.00-07.00 am) following 48-h treatment. In all cases, heart samples were collected and immediately immersed in liquid nitrogen.
Chronic DCA supplementation
Considering the results of the preliminary experiments, chronically hypoxic mice were provided with DCA (Sigma, pH 7.4 with NaOH) dissolved in the drinking water at a dose of 0.75 g/L for 3 weeks. There were three groups in the final experiment: control (normoxia, n = 8), chronic hypoxia (n = 8) and chronic hypoxia + DCA (Hypoxia/DCA, n = 8). Following 3-wk hypoxic exposure, animals were euthanized, hearts excised and perfused in the Langendorff mode as described in the methods chapter. Following initial 30-min baseline perfusion, hearts were subjected to a 30-min acute hypoxia. This was followed by a 30-min reoxygenation perfusion. To determine enzyme activity and metabolite content at the end of baseline and at the end of acute hypoxia, additional hearts (n = 8-10 in each group) were perfused under identical conditions except that they were frozen at the end of baseline and at the end of acute hypoxia, respectively.
Measurements of cardiac glycolytic flux
Baseline, acute hypoxic and reoxygenated cardiac glycolytic flux was determined using [5-3H]-glucose added to the buffer immediately before perfusion. Paired perfusate samples were collected at 5 min intervals throughtout the perfusion protocol and perfusate 3H2O content determined as described in the methods chapter. The slope of 3H2O accumulation with time was used to calculate glycolytic rate.
Lactate efflux
Cardiac lactate efflux was determined in the same perfusate samples collected at 5 min intervals. Perfusate lactate concentration was determined using LDH-mediated reaction assayed spectrophotometrically as described in the methods chapter.
Tissue metabolites
Cardiac metabolite content was determined in tissues frozen at the end of baseline, acute hypoxia and reoxygenation. An aliquot of the frozen heart was freeze-dried, dissected free of visible connective tissue and powdered. Myocardial ATP, ADP, AMP, PCr, lactate, acetyl-carnitine and glycogen were determined as described in the methods chapter. Total adenine nucleotide (TAN) pool was calculated as a sum of ATP, ADP and AMP.
Pyruvate dehydrogenase assay
Cardiac PDC activity was assayed from an aliquot of the heart frozen at the end of baseline, acute hypoxia and reoxygenation as detailed in the methods chapter.
Western blotting
Baseline cardiac PDK1, 2 and 4 protein content was determined in frozen hearts. Heart homogenates were prepared, run and transferred onto PVDF membrane as described in the methods chapter. The membrane was blocked for 1 h and incubated overnight at 4 °C with rabbit anti-PDK1 antibody (Cell Signalling, 1:1000), rabbit anti-PDK2 antibody (Abgent, 1:1000), rabbit anti-PDK4 (Abgent, 1:2000) and rabbit anti-actin antibody (Sigma, 1:10,000). Anti-actin immunoblotting was performed to ensure equal protein loading was exercised. Membranes were then washed and incubated with goat anti-rabbit HRP-conjugated secondary antibody (R&D Systems, 1:20 000). After washing membranes were incubated with enhanced chemiluminesence (ECL) detection solution (Amersham, UK) and exposed to X-ray film (Kodak, UK).
Statistical analysis
All data were initially tested for normality using Shapiro-Wilk test. Between-group differences in baseline cardiac morphology were compared using one-way ANOVA or Kruskal-Wallis test for normally and not normally distributed data. Differences between groups for HR, DP, RPP, glycolytic flux, lactate efflux, PDC activity and tissue metabolites were tested using two-way ANOVA (time vs. treatment). When significant, one-way ANOVA with a Tukey HSD test, as a post-hoc test, or Kruskal-Wallis test was used to localize specific differences for normally and not-normally distributed data, respectively. For within group differences in HR, DP, RPP, glycolytic flux, lactate efflux, PDC activity and tissue metabolites within measures ANOVA was performed. When significant, Sidak post-hoc test was performed to localize individual differences. Statistical significance was set at p ≤ 0.05 for all analyses with results presented as mean ± standard error of mean (SEM) unless stated otherwise.
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Preliminary experiments
DCA Pilot I Initial preliminary experiment sought to establish whether a single oral DCA administration (Special Products, 150 mg/kg) via gavage increased cardiac and skeletal muscle PDC activities (Fig. 5.1A). In addition, it sought to determine whether cardiac and skeletal muscle PDC activities were increased following 2-day DCA supplementation in the drinking water (0.75 g/L). Single DCA administration via gavage failed to increase cardiac and skeletal muscle PDC activity relative to controls (Fig. 5.1A). There were no effects of 2-day DCA supplementation in the drinking water on cardiac and skeletal muscle PDC activities relative to controls.
DCA administered via gavage failed to alter cardiac and skeletal muscle acetyl-carnitine content compared to controls (Fig. 5.1B). Likewise, 2-day DCA supplementation in the drinking water had no effects on cardiac and skeletal muscle acetyl-carnitine content relative to controls (Fig. 5.1B). Collectively, these data indicate that acute DCA administration via gavage or 48-h DCA supplementation in the drinking water do not appear to increase cardiac or skeletal muscle PDC activity or acetyl-carnitine content.

[image: ]

[bookmark: _Toc438046198][bookmark: _Toc438121939][bookmark: _Toc443491872]Figure 5.1. Effects of a single dichloroacetate (DCA, Special Products) administration via gavage (Gavage, 150 mg/kg) or 2-day DCA supplementation in the drinking water (2-day Water, 0.75 g/L) on cardiac and skeletal muscle pyruvate dehydrogenase complex (PDC) activity (A) and acetyl-carnitine content (B). Values are mean ± SD (n = 2).

DCA Pilot II Considering that long-term DCA supplementation increases DCA half-life and inhibits its own metabolism (Stacpoole et al., 2003; Shroads et al., 2008), we examined whether chronic DCA (Special Products) administration in the drinking water (0.75 g/L) could increase chronically hypoxic heart PDC activity. There were no effects of chronic hypoxia on body weight relative to normoxic controls (Fig. 5.2A). Three-week DCA supplementation had no effects on final body weight of normoxic and hypoxic animals relative to their corresponding groups (Fig. 5.2A). Daily fluid intake of control mice was estimated to be ~5.2 ± 0.1 ml/day/animal (Fig. 5.2B), and this was not altered in chronically hypoxic mice. Chronic DCA supplementation had no effects on daily fluid intake in normoxic and hypoxic animals relative to their corresponding groups (Fig. 5.2B). Chronic hypoxia had no effects on DP and RPP relative to control hearts (Fig. 5.2C and D) with DCA supplementation not further altering cardiac function. Cardiac PDC activity of normoxic mice was 1.02 ± 0.37 μmol/min/mg wwt, and this was not altered by chronic hypoxia (Fig. 5.2E). DCA supplementation failed to affect PDC activity in normoxic and hypoxic hearts relative to their corresponding controls. Chronic hypoxia did not affect acetyl-carnitine content relative to normoxic hearts (Fig. 5.2F), and this was not altered with DCA supplementation (Fig. 5.2F). In summary, these results indicate that chronic hypoxic housing does not affect basal cardiac PDC activity or acetyl-carnitine content and that chronic DCA supplementation does not increase PDC activity in normoxic and hypoxic hearts.
[image: ][bookmark: _Toc438046199][bookmark: _Toc438121940][bookmark: _Toc443491873]Figure 5.2. Effects of chronic dichloroacetate (DCA, Special Products) supplementation in the drinking water (0.75 g/L) on body weight (A), fluid intake (B), isolated mouse heart developed pressure (C), rate pressure product (D), pyruvate dehydrogenase complex (PDC) activity (E) and acetyl-carnitine content (F). Values are mean ± SEM (n = 3).





DCA Pilot III Chapter 3 showed that acute in vitro Sigma DCA infusion increased cardiac PDC activity. Therefore, to establish whether Sigma DCA modified cardiac PDC activity and acetyl-carnitine content in vivo, we dosed mice orally with DCA via gavage (150 mg/kg) and euthanized them 30, 60 and 90 min after DCA administration (Fig. 5.3). In addition, cardiac muscle PDC activity was determined following 2-day DCA supplementation in the drinking water (0.75 g/L). Given limited amount of data, there appeared to be an effect of time with cardiac PDC activity being increased 2.7- and 3.8-fold 60 and 90 min after an oral administration by gavage, respectively (Fig. 5.3A). By contrast, there was no effect of 2-day DCA supplementation in the drinking water on cardiac PDC activity.
While there appeared to be an effect of time with cardiac acetyl-carnitine content being increased 1.5-fold 60 min after an oral administration by gavage (Fig. 5.3B), there was a much higher biological variability, likely reflecting differential response to DCA. Conversely, there was no effect of 2-day DCA supplementation in the drinking water on cardiac acetyl-carnitine content.
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[bookmark: _Toc438046200][bookmark: _Toc438121941][bookmark: _Toc443491874]Figure 5.3. Effects of a single dichloroacetate (DCA, Sigma) administration by gavage (150 mg/kg) or 2-day DCA supplementation in the drinking water (0.75 g/L, 2-day Water) on cardiac pyruvate dehydrogenase complex (PDC) activity (A) and acetyl-carnitine content (B). Values are mean ± SD (n = 2).

Collectively, these results indicate that oral DCA (Sigma) administration via gavage appeared to increase cardiac PDC activity and acetyl-carnitine content. By contrast, 2-day DCA (Sigma) supplementation in the drinking water had no effects on cardiac PDC activity or acetyl-carnitine content. The lack of DCA effect in the drinking water may be explained by several factors. Firstly, it is plausible that the peak of PDC activation following fluid intake was missed at the time of tissue collection (i.e. window of final water intake was too long for the increased PDC activity to be detected). Secondly, the amount of drank DCA necessary to demonstrate increased PDC activity might have been insufficient prior to tissue collection. Additionally or alternatively, it may be a combination of both. Importantly however, oral DCA supplementation demonstrated that a single dose of 150 mg/kg (i.e. an equivalent amount of DCA drank per day from the drinking water) is sufficient to activate cardiac PDC.
Chronic hypoxia modifies cardiac tolerance to acute stress: effects of dichloroacetate
Considering results of the pilot work, chronically hypoxic animals were treated with DCA (Sigma), dissolved in water at a dose of 0.75 g/L, over the course of hypoxic exposure to determine how chronic DCA supplementation modifies chronically hypoxic heart function and metabolism. Baseline characteristics are shown in Table 5.1. Initial body weight of DCA-treated animals was 12% and 14 % lower relative to controls and chronically hypoxic mice (p < 0.05). Final body weight of DCA-treated mice was 8% lower relative to controls (p < 0.05). Blood haemoglobin, marker of systemic adaptation to hypoxia, was 72% higher in chronically hypoxic mice relative to controls (p < 0.05). Similarly, blood haemoglobin was 71% higher in DCA-treated mice relative to controls (p < 0.05). There were no effects of chronic hypoxia or DCA treatment on heart weight, heart weight/body weight ratio and coronary flows between groups.
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Sustained in vivo hypoxia exacerbates cardiac injury following acute injury
While chronic hypoxia had no effect on basal HR relative to controls, DCA treatment significantly reduced basal HR in comparison with other groups (Fig. 5.4A, p < 0.05). Acute hypoxia reduced HR of control hearts by 44% relative to baseline (Fig. 5.4A, p < 0.05) with no differences between groups. During reoxygenation, HR of control hearts recovered to 69% of pre-hypoxia (p < 0.05) with no differences between chronically hypoxic hearts and controls. By contrast, HR of DCA-treated hearts was 26% higher at the end of reoxygenation relative to controls (p < 0.05). There were no differences between groups for baseline DP. Acute hypoxia reduced DP of control hearts by 64% relative to baseline (Fig. 5.4B, p < 0.05), which recovered to 60% of pre-hypoxia during reoxygenation (p < 0.05). Acute hypoxia exacerbated a fall in DP of chronically hypoxic hearts being 43% lower relative to controls (p < 0.05). During reoxygenation, DP of chronically hypoxic hearts was 46% lower relative to control hearts (p < 0.05). There were no differences for DP during acute hypoxia and reoxygenation between DCA-treated and control hearts. Although basal HR was moderately, but significantly reduced in DCA-treated hearts, basal RPP (HR x DP) was not different between groups. Acute hypoxia reduced RPP of control hearts by 80% relative to baseline (Fig. 5.4C, p < 0.05), which recovered to 40% of pre-hypoxia during reoxygenation (p < 0.05). RPP of chronically hypoxic hearts was decreased by 41% during acute hypoxia relative to control hearts (p < 0.05). During reoxygenation, RPP of chronically hypoxic hearts was modestly, but non-significantly reduced relative to controls. During reoxygenation, RPP of DCA-treated hearts was doubled relative to chronically hypoxic hearts (p < 0.05). Percent of RPP recovery was reduced by 33% in chronically hypoxic hearts relative to control hearts (Fig. 5.4D, p < 0.05) and this was normalized with DCA treatment. No differences were found for basal EDP between groups (Fig. 5.4E). Acute hypoxia increased EDP of control hearts 15-fold relative to baseline (Fig. 5.4E, p < 0.05) with no differences between groups. At the end of reoxygenation EDP of control hearts remained increased 12-fold relative to baseline (p < 0.05) with no differences between groups.
[image: ][bookmark: _Toc438046202][bookmark: _Toc438121943][bookmark: _Toc443491876]Figure 5.4. Effects of dichloroacetate (DCA) supplementation on hypoxic heart heart rate (A) developed pressure (B), rate pressure product (C), rate pressure product percent recovery (D) and end-diastolic pressure (E) following an acute H/R injury. Values are mean ± SEM (n = 7-8). HR – heart rate, DP – developed pressure, RPP – rate pressure product, EDP – end-diastolic pressure. ^ p < 0.05 vs. chronic hypoxia; * p < 0.05 control vs. Hypoxia DCA; ‡ p < 0.05 vs. other groups;  † p < 0.05 vs. Hypoxia/DCA; # p < 0.05 vs. baseline in the same group; $ p < 0.05 vs. acute hypoxia in the same group.
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Dichloroacetate normalizes cardiac glycolytic flux
Basal glycolytic flux was ~40% higher in chronically hypoxic hearts relative to control and DCA-treated hearts (Fig. 5.5A, p < 0.05). Glycolytic flux of control hearts was increased 2.4-fold during acute hypoxia relative to baseline (p < 0.05) with no differences between groups. During reoxygenation, glycolytic flux was elevated compared with baseline, but this was only significantly increased in control hearts (p < 0.05) with no differences between groups.
When normalized to cardiac function, basal glycolytic flux was not different between groups. Acute hypoxia increased glycolysis of control hearts 4.8-fold relative to baseline (p < 0.05). During reoxygenation, glycolytic flux of control hearts was 6.1-fold higher relative to baseline (p < 0.05). During acute hypoxia, glycolysis of chronically hypoxic hearts was 61% higher relative to DCA-treated hearts (p < 0.05). Notably, during reoxygenation, glycolytic flux of chronically hypoxic hearts was 42% and 65% higher relative to control hearts and DCA-treated hearts, respectively (p < 0.05).
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[bookmark: _Toc438046203][bookmark: _Toc438121944][bookmark: _Toc443491877]Figure 5.5. Effects of chronic dichloroacetate (DCA) supplementation on cardiac glycolysis of a chronically hypoxic mouse heart subjected to acute H/R injury normalized to heart weight (A) and function (B). Values are mean ± SEM (n = 8). # p < 0.05 vs. baseline in the same group; $ p < 0.05 vs. acute hypoxia in the same group; ‡ p < 0.05 vs. other groups; † p < 0.05 vs. Hypoxia/DCA.

Dichloroacetate normalizes lactate efflux during reoxygenation
There were no differences between groups for baseline lactate efflux. Although acute hypoxia increased lactate efflux in all groups by ~1.5-fold relative to baseline, it was only significant in Chronic hypoxia and Hypoxia/DCA hearts (Fig. 5.6A, p < 0.05). During reoxygenation lactate efflux in all conditions recovered to pre-hypoxia. There were no differences for lactate efflux between groups during acute hypoxia and reoxygenation.
When normalized to cardiac function, there were no differences for baseline lactate efflux between groups (Fig. 5.6B). Acute hypoxia tripled lactate efflux of control hearts compared with baseline (Fig. 5.6B, p < 0.05) with no differences between groups. During reoxygenation lactate efflux of control hearts was 3.4-fold higher relative to baseline (p < 0.05). Multiple comparisons revealed that lactate efflux of DCA-treated hearts during reoxygenation was 2.3-fold lower relative to chronically hypoxic hearts (p < 0.05).
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[bookmark: _Toc438046204][bookmark: _Toc438121945][bookmark: _Toc443491878]Figure 5.6. Effects of chronic dichloroacetate (DCA) supplementation on cardiac lactate efflux of a chronically hypoxic mouse heart subjected to acute H/R injury normalized to heart weight (A) and contraction (B). Values are mean ± SEM (n = 8). # p < 0.05 vs. baseline in the same group; $ p < 0.05 vs. acute hypoxia in the same group; † p < 0.05 vs. Hypoxia/DCA.

Dichloroacetate induces acetyl group accumulation
There were no differences between conditions for basal cardiac PDC activity (Fig. 5.7A). PDC activity of control hearts doubled during acute hypoxia (p < 0.05) and recovered to baseline values during reoxygenation. There were no differences between groups for cardiac PDC activity at the end of acute hypoxia and reoxygenation.
Although basal acetyl-carnitine content was ~1.7 higher in DCA-treated hearts relative to control and chronically hypoxic hearts, respectively, it did not reach statistical significance (Fig. 5.7B, p = 0.052). Acute hypoxia and reoxygenation reduced acetyl-carnitine content of control hearts by 55% and 41% relative to baseline, respectively (Fig. 5.7B, p < 0.05). Acetyl-carnitine content at the end of acute hypoxia was 48% higher in DCA-treated hearts in comparison to chronically hypoxic hearts (p < 0.05). There were no differences between groups for reoxygenated acetyl-carnitine content.
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[bookmark: _Toc438046205][bookmark: _Toc438121946][bookmark: _Toc443491879]Figure 5.7. Effects of chronic dichloroacetate (DCA) supplementation on cardiac pyruvate dehydrogenase complex activity (A) and acetyl-carnitine content (B) of a chronically hypoxic mouse heart subjected to acute H/R injury. Values are mean ± SEM (n = 8 – 10). # p < 0.05 vs. baseline in the same group; $ p < 0.05 vs. acute hypoxia in the same group; † p < 0.05 vs. Hypoxia/DCA.

Upstream regulators of PDC activity
Effects of DCA treatment on chronically hypoxic heart PDK proteins expression are shown in Figure 5.8. There were no differences for cardiac PDK1 and 2 (Fig. 5.8A and B). Although cardiac PDK4 in chronically hypoxic hearts doubled compared to controls, this did not reach statistical significant (Fig. 5.8C, p = 0.052).
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[bookmark: _Toc438046206][bookmark: _Toc438121947][bookmark: _Toc443491880]Figure 5.8. Effects of chronic dichloroacetate (DCA) supplementation on basal cardiac pyruvate dehydrogenase kinase (PDK) 1 (A), PDK2 (B) and PDK4 protein expression of a chronically hypoxic mouse heart. Values are mean ± SEM (n = 8–10).



Dichloroacetate spares cardiac glycogen and reduces lactate accumulation during acute hypoxic stress
There were no differences between groups for any baseline metabolite content (Fig. 5.9). Acute hypoxia and reoxygenation reduced ATP content of control hearts by 37% and 44% relative to baseline, respectively (Fig. 5.9A, p < 0.05). ATP content of DCA-treated hearts was 29% higher relative to chronically hypoxic hearts at the end of acute hypoxia (p < 0.05). Multiple comparisons revealed that ATP content of DCA-treated hearts was 32% higher relative to controls at the end of reoxygenation (p < 0.05). Similarly to ATP, acute hypoxia and reoxygenation reduced PCr content of control hearts by 37% and 25% relative to baseline, respectively (Fig. 5.9B, p < 0.05), with no differences between conditions at the end of acute hypoxia and reoxygenation. Acute hypoxia reduced glycogen of control hearts by 41% relative to baseline, which remained decreased by 39% at the end of reoxygenation (Fig. 5.9C, p < 0.05). Glycogen content in DCA-treated hearts was 48% higher relative to controls at the end of acute hypoxia (p < 0.05). At the end of reoxygenation, glycogen in DCA-treated hearts was 48% and 47% higher relative to controls and chronically hypoxic hearts, respectively (p < 0.05). Lactate content of control hearts increased 63% at the end of acute hypoxia relative to baseline (Fig. 5.9D, p < 0.05) and returned to baseline values at the end of reoxygenation. At the end of acute hypoxia, lactate content was 20% lower in chronically hypoxic hearts relative to controls (p < 0.05). Moreover, at the end of acute hypoxia, lactate content of DCA-treated hearts was 48% and 34% lower relative to controls and chronically hypoxic hearts, respectively (p < 0.05). At the end of reoxygenation, cardiac lactate in DCA-treated hearts was 47% and 33% lower relative to controls and chronically hypoxic hearts, respectively (p < 0.05). Acute hypoxia and reoxygenation reduced TAN pool of control hearts by 31% and 43% relative to baseline, respectively (Fig. 5.9E, p < 0.05). At the end of acute hypoxia, TAN pool of DCA-treated hearts was 19% and 20% higher relative to controls and chronically hypoxic hearts, respectively (p < 0.05). Multiple comparisons revealed that at the end of reoxygenation, TAN pool in DCA-treated hearts was 27% higher relative to controls (p < 0.05).



[image: ][bookmark: _Toc438046207][bookmark: _Toc438121948][bookmark: _Toc443491881]Figure 5.9. Effects of dichloroacetate (DCA) supplementation on cardiac ATP (A), phosphocreatine (B), glycogen (C), lactate (D) and total adenine nucleotide (TAN) pool (D). Values are mean ± SEM (n = 8–10). # p < 0.05 vs. baseline in the same group; † p < 0.05 vs. Hypoxia/DCA at a given time point; * p < 0.05 vs. control at a given time point; ‡ p < 0.05 vs. other groups at the same time point.





[bookmark: _Toc443491971]5.5 Discussion
Accumulating evidence implies that myocardial hypoxia is an important factor affecting failing heart function and metabolism (Lee et al., 2000; Giordano, 2005; Milano et al., 2010; Karamitsos et al., 2013). Studies examining effects of chronic hypoxic exposure on cardiac tolerance to subsequent acute injury delivered conflicting findings (Fujita et al., 2009; Guo et al., 2009; Milano et al., 2010). The present study aimed at establishing how sustained in vivo hypoxia modulates cardiac tolerance to acute H/R injury. We hypothesized that chronic hypoxic exposure would reduce myocardial tolerance to subsequent acute injury and that chronic hypoxia-mediated suppression of PDC activity is central to altered myocardial energy metabolism during acute injury. Further, it was hypothesized that stimulating PDC activity of chronically hypoxic hearts would exacerbate cardiac function during acute injury.
Preliminary work
To test the hypothesis that chronic PDC activation during hypoxic exposure deteriorates cardiac tolerance to acute injury, it was first necessary to develop an effective method of chronic PDC activation. Initial preliminary experiments sought to establish whether acute Special Product oral DCA supplementation via gavage or 2-day DCA supplementation in the drinking water could increase cardiac and skeletal muscle PDC activities. Results of these experiments revealed no effects of acute or 2-day DCA treatment on cardiac and skeletal muscle PDC activity, indicating that Special Product DCA does not increase PDC activity. Circulating DCA half-life is increased with chronic treatment (Stacpoole et al., 2003; Shroads et al., 2008). Therefore, DCA Pilot II examined whether chronic Special Products DCA treatment would increase isolated heart PDC activity. Findings of these experiments demonstrated that 3-wk DCA supplementation in the drinking water does not stimulate PDC activity and flux, as evidenced by acetyl-carnitine accumulation. Collectively, these findings indicate that acute and chronic Special Products DCA administration does not appear to upregulate cardiac PDC activity, at least under present experimental conditions.
As an alternative to Special Products DCA, Sigma DCA was tested. Previous studies and chapter 3 reported that it increases cardiac and skeletal muscle PDC activity (Timmons et al., 1998; Michelakis et al., 2002). Findings of DCA Pilot III experiment showed that while cardiac PDC activity was increased 60 and 90 min after an oral administration via gavage, it remained unaffected by a 2-day supplementation in the drinking water. These results demonstrate that cardiac PDC activity is increased for up to 90 min after an oral administration via gavage. There are several possibilities to explain unaltered PDC activity following DCA treatment in the drinking water. Firstly, it is plausible that the peak of PDC activity was missed at the time of tissue collection (i.e. the gap between PDC being activated following water intake and tissue collection was too long). Secondly, the amount of water taken to increase cardiac PDC activity was insufficient prior to tissue collection. Alternatively, a combination of the two took place (i.e. the amount of DCA consumed was insufficient and the time at which it took place was too early for the increased cardiac PDC to be detected). Importantly, these findings demonstrate that 150 mg/kg dose (an equivalent amount of DCA per day taken from water) is sufficient to activate cardiac PDC. It can be argued that increased PDC activity was missed with Special Products DCA administration via gavage (cardiac PDC determined 90 min after). However, chronic Special Products DCA supplementation revealed no effects of DCA on cardiac acetyl-carnitine in comparison with Sigma’s product (Fig. 5.7B). Taking all these factors into account, Sigma DCA was the product of choice.
Sustained in vivo hypoxia reduces cardiac tolerance to acute stress
Findings of the present study show that sustained in vivo hypoxic exposure diminished cardiac tolerance to subsequent acute hypoxic injury. This result suggests that although baseline cardiac function is not affected by chronic hypoxic exposure, cardiac function during acute hypoxia and cardiac recovery during reoxygenation is exacerbated. Reduced cardiac tolerance to an acute injury following chronic hypoxic exposure is consistent with previous studies (Ross-Ascuitto et al., 2004; Joyeux-Faure et al., 2005; Fujita et al., 2009; Milano et al., 2010). On the other hand, other in vitro and ex vivo studies reported cardioprotective effects of chronic hypoxic exposure on cardiac tolerance to subsequent acute injury (Karck et al., 1995; Silverman et al., 1997). For example, three week hypoxia (10%) improved isolated rat heart recovery from 20 min global ischaemia (Tajima et al., 1994). Several factors can account for discrepant findings. Firstly, it appears from these studies that hypoxic exposure for up to 2-3-wks seems to increase cardiac tolerance to acute injury (Karck et al., 1995; Silverman et al., 1997), whereas studies investigating longer exposures tend to report impaired cardiac tolerance (Joyeux-Faure et al., 2005; La Padula & Costa, 2005). Additionally or alternatively, impaired cardiac tolerance to acute injury following hypoxic exposure may be age-dependent as previously reported (Fujita et al., 2009).
Dichloroacetate normalizes hypoxic heart recovery from acute injury
Unexpectedly, the major novel finding of the present study indicates that chronically hypoxic heart tolerance to acute injury can be normalized with long-term PDC activation. This finding indicates that stimulating PDC activity may be one of the key determinants regulating hypoxic heart recovery and is supported by other studies. In spontaneously hypertensive rats 6-month PDC activation with DCA normalized in vivo basal cardiac function and in vitro carbohydrate oxidation rates (Piao et al., 2013). Other work showed that chronic PDC activation improved cardiac function and normalized metabolism in high-salt diet induced hypertrophied rat heart (Kato et al., 2010).
The present study showed that chronic PDC activation normalized cardiac metabolic flux during reoxygenation and attenuated lactate accumulation during acute H/R injury, indicative of increased carbohydrate oxidation. Interestingly, during reoxygenation, when DCA-treated hearts exhibited normalized cardiac recovery, PDC activity or acetyl-carnitine content were not increased. Hence, it appears that it may be pre-injury acetyl-CoA accumulation and not increased PDC activity that determines cardiac recovery, in agreement with studies in skeletal muscle (Roberts et al., 2002, 2005). It is therefore possible that pre-injury acetyl group accumulation becomes immediately available for the TCA cycle, reducing substrate-level phosphorylation during and following acute hypoxia. Together, these results appear to indicate that cardioprotective effects of chronic PDC activation are associated with upregulated cardiac carbohydrate oxidation and reduced substrate-level phosphorylation.
Mechanistically, the present study demonstrates that hypoxia appeared to increase cardiac PDK4 protein expression and that chronic DCA supplementation may override its inhibitory effects. Because of high variability, this, however, was not statistically significant and hence further research is required to delineate the mechanisms, by which DCA upregulates PDC-derived acetyl group content. Previous studies have revealed that chronic 6-month DCA treatment in the drinking water normalized cardiac PDK4 protein in rats with right ventricular hypertrophy (Piao et al., 2013). In liver cell line, in vitro hypoxia (0.1%) increased PDK4 transcript and protein level (Lee et al., 2012). Conversely, in anaemic and pharmacological model of hypoxia, rat heart PDK4 mRNA was reduced (Razeghi et al., 2001a). Although inconsistent, conflicting conclusions may derive from the level at which PDK4 was measured (i.e. mRNA vs. protein). Alternatively, it is plausible that different degrees and/or lengths of hypoxic exposure differently modulate PDK4 transcript and protein levels. Findings of our study are also in contrast to initial in vitro work, which demonstrated essential role of PDK1 in mouse embryonic fibroblast (MEF) survival in response to short-term (72 h) hypoxia (Kim et al., 2006; Papandreou et al., 2006). Although these discrepancies remain currently unclear, it may be argued that the degree and/or length of hypoxia together with tissue specificity may account for these differences.
Limitations
The present experiment has several limitations. While chronic PDC activation resulted in reduced glycolytic flux and lactate efflux, indicative of increased carbohydrate oxidation, the actual carbohydrate oxidation rates were not determined. It would therefore be advantageous to perfuse the hearts with 14C-glucose to examine effects of chronic PDC activation on hypoxic heart carbohydrate oxidation rates. Another interesting point associated with the present study is that of unaltered PDC activity and acetyl-group content, but normalized cardiac recovery during reoxygenation in DCA-treated hearts. This finding warrants further investigation to establish whether it is chronic PDC activation per se that determines cardiac recovery or whether it is pre-injury acetyl group accumulation that is of key importance.
Conclusions
In conclusion, the present study reveals that following sustained in vivo hypoxia cardiac tolerance to subsequent acute injury is impaired. Chronic PDC activation during hypoxic exposure normalized cardiac glycolytic flux and cardiac function during acute injury. These results appear to indicate that chronic PDC activation is a key determining factor regulating hypoxic heart function and metabolism and implicate that altering PDC activity may be of importance for improving failing heart function.
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[bookmark: _Toc443491973]6.1 Abstract
Aim HIF hydroxylases, PHD and FIH-1, are key members of HIF signalling thought to control oxygen homeostasis. Little is known about the role FIH-1 may play in the regulation of cardiac function and glycolysis. The present study sought to establish how FIH-1 regulates cardiac function and glycolytic flux.
Methods Wild-type (WT) and FIH-1 knockout (KO) mouse hearts were subjected to a 30-min baseline perfusion followed by an acute hypoxia and reoxygenation, with function determined via I.V. balloon and glycolytic flux via 3H-glucose. Enzymatic activities of hexokinase (HK), phosphofructokinase (PFK), glyceraldehyde-3-phosphate dehydrogenase (GAPDH), pyruvate kinase (PK) and pyruvate dehydrogenase complex (PDC) were determined in reoxygenated hearts. Cardiac protein content of PK isoforms (PKM1/2) was assessed by western blotting. Tissue intermediate metabolites were determined in reoxygenated hearts via tandem mass spectrometry.
Results Acute hypoxia depressed WT hearts rate pressure product (RPP) by 60% relative to baseline (p < 0.05), with RPP % recovery reaching 50.2%. There were no differences between genotypes for RPP percent recovery or RPP at any time point. WT hearts glycolysis increased 1.8-fold with acute hypoxia relative to baseline (p < 0.05), and returned to baseline values during reoxygenation. Baseline and reoxygenated glycolytic flux was 48% and 72% higher in KO hearts relative to WT, respectively (p < 0.05). Cardiac HK and PK activities were 36% and 47% higher in KO hearts compared to WT, respectively (p < 0.05). Cardiac glucose-6-phosphate was 25% higher in KO hearts relative to WT (p < 0.05).
Conclusions While global FIH-1 deletion did not affect cardiac function in response to acute hypoxic injury, it upregulated glycolytic flux and HK and PK activities. These findings identify FIH-1 as a novel negative regulator of cardiac carbohydrate metabolism.












[bookmark: _Toc443491974]6.2 Introduction
Animal and human studies of heart disease indicate increased hypoxic phenotype in the acutely and chronically failing heart (Lee et al., 2000; Sano et al., 2007; Karamitsos et al., 2013; Mahmod et al., 2014). Cellular adaptations to hypoxia include suppressed oxidative metabolism and accelerated carbohydrate utilisation (Semenza et al., 1996; Guillaumond et al., 2013; Huang et al., 2014). It is now well-recognized that all multinucleated cells sense oxygen via oxygen hydroxylases (Semenza, 2011). HIF signalling pathway plays a pivotal role in cellular sensing of oxygen and responding to oxygen insufficiency (Iyer et al., 1998; Ratcliffe, 2013; Huang et al., 2014).
Hearts from cardiac-specific HIF-1α deficient mice were associated with cardiac dysfunction at baseline and following β-adrenergic stimulation (Huang et al., 2004). HIF-1α deficiency has been shown to abrogate cardioprotective effects of preconditioning in hearts subjected to a global ischaemia (Cai et al., 2008). Moreover, HIF-1α stabilisation following constitutive or transient HIF hydroxylase, PHD1-3, silencing has been shown to reduce myocardial injury and enhance cardiac recovery in response to acute ischaemic stress, and increase glycolytic capacity (Ockaili et al., 2005; Eckle et al., 2008; Adluri et al., 2011; Xie et al., 2015). However, constitutive PHD silencing has been demonstrated to exacerbate TAC-induced cardiac remodelling, raising a significant concern regarding the safety of PHD inhibitors as medication (Moslehi et al., 2010).
FIH-1 was identified as a suppressor of HIFα transcriptional activity via C-TAD asparagine 803 (Asn803 HIF-1α) and asparagine 853 (Asn853 HIF-2α) hydroxylation (Lando et al., 2002a; Lando et al., 2002b). More recent work has shown reduced in vitro HIF-1α Asn803 hydroxylation upon peroxide treatment, indicating that oxidative stress may regulate FIH-1 hydroxylation activity (Masson et al., 2012). Studies on the role of FIH-1 in energy metabolism have generated conflicting findings. In vitro FIH-1 overexpression in U78 cells attenuated hypoxia-induced HIF-1α stabilisation and expression of its target genes, GLUT1 and VEGF (Ebert et al., 1995; Forsythe et al., 1996; Wang et al., 2014). In contrast, transfection of LM8 cancer cells with FIH-1 increased HIF-1α target genes, carbonic anhydrase 9 (CA9) and HK II (Kuzmanov et al., 2012). Data from in vivo work are extremely limited. In vivo whole-body constitutive deletion of FIH-1 in genetically engineered mice resulted in an increased oxygen consumption (VO2) and carbon dioxide (VCO2) production, and higher heat production, indicative of hypermetabolic  state (Zhang et al., 2010). While FIH-1 deletion would be predicted to stimulate HIF transcriptional activity and hence induce hypoxic phenotype, expression PGC-1α, a marker of mitochondrial biogenesis, was upregulated in the adipose tissue of FIH-1 KO mice (Zhang et al., 2010). Little is known about the role FIH-1 may play in the regulation of cardiac function and energy metabolism.
Therefore, the aims of the present study were to establish whether global FIH-1 deletion regulates cardiac function and carbohydrate metabolism. Based on the cardioprotective effects of PHD silencing, we hypothesized that FIH-1 deletion would sensitize myocardial tolerance to acute hypoxic injury. Furthermore, we anticipated that glycolytic flux in the FIH-1 knockout (KO) hearts would be upregulated, consistent with a hypoxic phenotype. To accomplish these objectives, wild-type (WT) and FIH-1 KO hearts were subjected to the acute H/R injury with myocardial glycolytic flux determined via radiolabelled substrate.
















[bookmark: _Toc443491975]6.3 Methods
Animals
Eighteen-month old wild type (WT, C57BL/6, n = 5) and globally FIH-1 knockout (KO) mice (n = 7) were used in the present study. Animals were housed on a 12 h light/dark cycle with ad libitum access to water and chow food. Generation of FIH-1 KO mice was done as previously described (Zhang et al., 2010). Briefly, initial conditional mutation was performed and crossed within Ella-Cre transgenic line to generate nullizygous alleles FIHΔ2 (Zhang et al., 2010). Crossing of heterozygous animals FIHΔ2 generated homozygous FIHΔ2 mice. Lack of asparagine hydroxylation with HIF C-terminal transactivation domain (C-TAD) was confirmed by mass spectrometry (Zhang et al., 2010). All procedures were in accordance with the Home Office guidelines under The Animals (Scientific Procedures) Act, 1986, and in accordance with the University of Nottingham guidelines.
Isolated heart perfusion
Animals were euthanized with sodium pentabarbitone i/p injection (0.1 – 0.15 ml of 200 mg/ml) and hearts excised, trimmed of any excessive connective, vascular and fat tissue in the ice-cold KH buffer, and perfused in a Langendorff mode as described in the methods chapter. Following initial 30-min baseline perfusion, hearts were subjected to the acute H/R injury with hypoxia and reoxygenation each lasting 30 min. At the end of each experiment hearts were freeze-clamped with Wollenberger clamps cooled to the temperature of liquid nitrogen, immersed in liquid nitrogen and stored at -80 °C until further analysis.
Determination of cardiac glycolytic flux
To establish how FIH-1 deletion affects cardiac glycolytic flux, [5-3H]-glucose was added to the perfusate prior to perfusion. Paired perfusate samples were collected at 5 min intervals throughtout the 90-min perfusion protocol and 3H2O accumulation with time determined as described in the methods chapter.
Lactate efflux
Cardiac lactate efflux was determined from the same paired perfusate samples collected at 5 min intervals as described in the methods section.
Tissue metabolites
Cardiac glycogen and acetyl-carnitine content were determined in reoxygenated hearts as described in the methods chapter.
Metabolomics
Metabolomics analysis of WT and FIH-1 KO hearts was performed as described in the methods chapter. Briefly, tissue metabolites were extracted from reoxygenated frozen hearts using acetonitrile-based protocol. Tissue extracts were analysed by reversed-phase ion-pairing liquid chromatography coupled by electrospray ionisation negative mode (ESI-) to triple quadrupole instrument operated in the multiple reaction monitoring (MRM) mode. Compound identities were verified by parent/daughter ion mass and retention time matched to the purified standards. Absolute quantification of tissue extracts was determined from the external standard curve analysed together with samples.
Enzymatic activity assays
The activities of hexokinase (HK), phosphofructokinase (PFK), glyceraldehyde-3-phosphate dehydrogenase (GAPDH), pyruvate kinase (PK) and pyruvate dehydrogenase complex (PDC) were determined in reoxygenated hearts as described in the methods chapter. To distinguish between PK foetal and adult isoforms, PK activity was determined with and without fructose-1, 6-bisphosphate (FPB), respectively.
Western blotting
Cardiac PK protein isoforms were assessed in reoxygenated frozen samples. Proteins from heart homogenates were prepared, separated and transferred onto PVDF membranes as described in the methods chapter. The membrane was blocked and incubated overnight at 4 °C with rabbit anti-PKM1 antibody (Sigma, 1:1000), rabbit anti-PKM2 antibody (Cell Signaling, 1:1000) and rabbit anti-actin antibody (Sigma, 1:5000). Membranes were then washed and incubated with goat anti-rabbit HRP-conjugated secondary antibody (R&D systems, 1:20,000). After washing membranes were incubated with enhanced chemiluminesence (ECL) detection solution (Amersham, UK) and exposed to X-ray film (Kodak, UK).
Statistical analysis
All data were initially tested for assumptions of normality using Shapiro-Wilk test. Cardiac function (HR, DP and RPP), glycolytic flux and lactate efflux were tested using two-way ANOVA. When significant, independent t-test or Mann-Whitney test was used as a post-hoc test to localize specific differences for normally and not normally distributed data, respectively. For within group differences in cardiac function, glycolytic flux and lactate efflux within measures ANOVA with Sidak post-hoc test was performed. Metabolite and enzymatic data of reoxygenated hearts were analysed using independent t-test or Mann-Whitney test for normally and not normally distributed data, respectively. Pearson’s product-moment correlation was used to examine relationship between glycolytic flux and enzyme activities. Statistical significance was set at p ≤ 0.05 for all analyses with results presented as mean ± standard error of mean (SEM) unless stated otherwise.











[bookmark: _Toc443491976]6.4 Results
Baseline characteristics
Basal anthropometric and physiological characteristics of WT and FIH-1 KO mice are shown in Table 6.1. No significant differences were found for body weight and heart weight between genotypes. Similarly, no differences between genotypes were found for heart weight/body weight ratio, blood haemoglobin and coronary flows.

[bookmark: _Toc436225665][bookmark: _Toc438046208][bookmark: _Toc438121949][bookmark: _Toc443491882]Table 6.1. Basal characteristics of wild type (WT) and FIH-1 KO mice.
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Effect of FIH-1 deletion on cardiac function in response to acute H/R injury
Effects of FIH-1 deletion on cardiac function subjected to acute H/R injury are shown in Figure 6.1. There were no differences in baseline HR, DP and RPP between genotypes. There was no change in HR of WT and FIH-1 KO hearts during acute hypoxia and reoxygenation relative to baseline (Fig. 6.1A). Acute hypoxia depressed DP of WT and FIH-1 KO hearts by ~45% relative to baseline (p < 0.05) with no differences between genotypes (Fig. 6.1B). During reoxygenation DP of WT hearts returned to baseline values, whereas that of FIH-1 KO hearts remained depressed relative to baseline (p < 0.05), with no differences between genotypes. Acute hypoxia depressed RPP in both groups by ~60% relative to baseline, but this was only significant in WT hearts (Fig. 6.1C, p < 0.05). During reoxygenation RPP of WT hearts was depressed by 47% relative to baseline (p < 0.05). There were no differences for RPP between genotypes during acute hypoxia and reoxygenation. In line, RPP percent recovery of FIH-1 KO hearts was not different from WT (Fig. 6.1D).
[image: ][bookmark: _Toc438046209][bookmark: _Toc438121950][bookmark: _Toc443491883]Figure 6.1. Effects of FIH-1 deletion on cardiac function during acute hypoxia and reoxygenation. Values are expressed as mean ± SEM (n = 5-7). Isolated mouse heart heart rate [HR (A)], developed pressure [DP (B)], rate pressure product [RPP (C)] and percent of RPP recovery (D).  





Glycolytic flux is higher in FIH-1 KO hearts
To explore how FIH-1 deletion modulates carbohydrate utilisation, we examined cardiac glycolysis. Basal glycolytic flux in WT hearts was 0.79 ± 0.11 μmol/min/g wwt (Fig 6.2A). Baseline glycolytic flux of FIH-1 KO hearts was 48% higher relative to WT (p < 0.05). Acute hypoxia increased glycolysis of WT hearts 1.8-fold relative to baseline (Fig. 6.2A, p < 0.05), which returned to baseline values during reoxygenation. There were no differences between genotypes for glycolysis during acute hypoxia. By contrast, during reoxygenation glycolytic flux of FIH-1 KO hearts was 72% higher relative to WT hearts (p < 0.05). There were no effects of acute hypoxia and reoxygenation on glycolytic flux of FIH-1 KO hearts relative to baseline values.
When normalized to cardiac function, baseline glycolytic flux of FIH-1 KO hearts was 2.3-fold higher relative to WT (Fig. 6.2B, p < 0.05). Although acute hypoxia and reoxygenation increased WT hearts glycolytic flux 2.9- and 2.1-fold relative to baseline, respectively, this did not reach statistical significance. There were no differences between genotypes for glycolysis during acute hypoxia. By contrast, during reoxygenation glycolytic flux of FIH-1 KO hearts was 3.1-fold higher relative to WT hearts (p < 0.05). There were no effects of acute hypoxia and reoxygenation on glycolytic flux within FIH-1 KO hearts relative to baseline values.
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[bookmark: _Toc436225667][bookmark: _Toc438046210][bookmark: _Toc438121951][bookmark: _Toc443491884]Figure 6.2. Effects of FIH-1 deletion on cardiac glycolysis normalized to heart weight (A) and work (B) following acute hypoxia/reoxygenation injury. Values are expressed as mean ± SEM (n = 4-7). # p < 0.05 vs. baseline in the same group; * p < 0.05 vs. WT.

Effects of FIH-1 deletion on cardiac lactate efflux
Basal lactate efflux in WT hearts was 0.12 ± 0.01 μmol/min/g wwt (Fig. 6.3). There were no differences for basal lactate efflux between genotypes. Acute hypoxia increased WT hearts lactate efflux by 70% relative to baseline (Fig. 6.3A, p < 0.05), which returned to baseline values during reoxygenation.  There were no differences for lactate efflux between genotypes during acute hypoxia and reoxygenation.
When normalized to cardiac function, there were no differences between genotypes for baseline lactate efflux (Fig. 6.3B). Although acute hypoxia increased lactate efflux of WT hearts 2.8-fold relative to baseline, this did not reach statistical significance. During reoxygenation lactate efflux of WT hearts was 2.7-fold higher relative to baseline (p < 0.05). There were no differences for lactate efflux between genotypes during acute hypoxia and reoxygenation.
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[bookmark: _Toc438046211][bookmark: _Toc438121952][bookmark: _Toc443491885]Figure 6.3. Effects of FIH-1 deletion on cardiac lactate efflux normalized to heart weight (A) and work (B) following acute hypoxia/reoxygenation injury. Values are expressed as mean ± SEM (n = 5-7). # p < 0.05 vs. baseline in the same group.

FIH-1 deletion increases HK and PK activity
To establish how FIH-1 deletion upregulated cardiac glycolytic flux, we determined activities of rate-limiting glycolytic enzymes (Fig. 6.4). No effects of FIH-1 deletion were found for reoxygenated PFK, GAPDH and PDC activities (Fig. 6.4B, C and E). By contrast, reoxygenated HK activity was 36% higher in FIH-1 KO hearts relative to WT (Fig. 6.4A, p < 0.05). Additionally, reoxygenated PK activity was 46% higher in FIH-1 KO hearts relative to WT (Fig. 6.4D, p < 0.05). To distinguish, which PK isoform may be responsible for increased enzymatic activity, FBP, an allosteric activator of the foetal isoform, was removed from the assay buffer. Upon FBP removal, reoxygenated PK activity remained significantly increased in FIH-1 KO heart relative to WT (Fig. 6.4D, p < 0.05).

[image: ][bookmark: _Toc436225668][bookmark: _Toc438046212][bookmark: _Toc438121953][bookmark: _Toc443491886]Figure 6.4. Effects of FIH-1 deletion on reoxygenated hexokinase [HK (A)], phosphofructokinase [PFK (B)], glyceraldehyde-3-phosphate dehydrogenase [GAPDH (C)], pyruvate kinase [PK (D)] and pyruvate dehydrogenase complex [PDC (E)] activities. FBP – fructose -1, 6 bisphosphate. Values are expressed as mean ± SEM (n = 5–7). * p < 0.05 vs. WT.



PK isoform protein content in FIH-1 KO hearts
To further explore potential mechanisms regulating increased PK activity, PK protein isoform expression was determined (Fig. 6.6). As revealed by western blotting analysis, there were no differences between genotypes for PKM1 protein expression (Fig. 6.6A). Similarly, there were no differences for PKM2 protein expression between genotypes (Fig. 6.6B). Consequently, PKM2/PKM1 ratio did not differ between genotypes (Fig. 6.6C).
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[bookmark: _Toc436225670][bookmark: _Toc438046214][bookmark: _Toc438121955][bookmark: _Toc443491887]Figure 6.6. Western blotting analysis of pyruvate kinase (PK) M1 (A), PKM2 (B) and PKM2/PKM1 ratio in WT and FIH-1 KO hearts. MW – molecular weight marker. Values are expressed as mean ± SEM (n = 5-7).


Glucose-6-phosphate content is increased in FIH-1 KO hearts
Spectrophotometry-based analysis revealed that there were no differences between FIH-1 KO and WT hearts for glycogen content (44.4 ± 3.8 vs. 43.7 ± 4.5 μmol/g dm). Similarly, there were no differences between FIH-1 KO and WT hearts for acetyl-carnitine content (0.30 ± 0.04 vs. 0.27 ± 0.06 μmol/g dm). To estimate the fate of glycolytically-derived carbon backbone, we performed metabolomics analysis of glycolytic, TCA cycle and PPP intermediate metabolites (Fig. 6.7). There were no differences between genotypes for PPP and TCA cycle intermediate metabolites. Glucose-6-phosphate (G6P) was 25% higher in FIH-1 KO hearts relative to WT (p < 0.05). Reoxygenated phosphocreatine (PCr) was 32% higher in FIH-1 KO hearts relative to WT (20.9 ± 1.6 vs. 15.8 ± 0.8 μmol/g dm, p < 0.05).
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[bookmark: _Toc436225671][bookmark: _Toc438046215][bookmark: _Toc438121956][bookmark: _Toc443491888]Figure 6.7. Cardiac liquid-chromatography tandem mass-spectrometry (LC/MS/MS) analysis of glycolytic, tricarboxylic acid cycle and pentose phosphate pathway (PPP) metabolites following FIH-1 deletion. Values are expressed as mean ± SEM (n = 8-10). G6P – glucose-6-phosphate, F6P – fructose-6-phosphate, FBP – fructose-1, 6-bisphosphate, G3P – glyceraldehyde-3-phosphate, DHAP – dihydroxyacetone phosphate, 1, 3PG- 1, 3-phosphoglycerate, 3PG – 3-phosphoglycerate, 2PG – 2-phosphoglycerate, PEP – phosphoenolpyruvate, Pyr – pyruvate, Oxa – oxaloacetate, Cit – citrate, αKG – α-ketoglutarate, Suc – succinate, Fum – fumarate, Mal – malate, 6PGL – 6-phosphogluconolactone, 6PG – 6-phosphogluconate, Ru5P – ribulose-5-phosphate, R5P – ribose-5-phosphate. G6PI – glucose-6-phosphate isomerase, PFK – phosphofructokinase, Aldo – aldolase, GAPDH – glyceraldehyde-3-phosphate dehydrogenase, PGK – phosphoglycerate kinase, PGM – phosphoglyceromutase, PK – pyruvate kinase, LDH – lactate dehydrogenase, ALAT – alanine aminotransferase, G6PDH – glucose-6-phosphate dehydrogenase, 6PGDH – 6-phosphogluconate dehydrogenase, RPI – ribose phosphate isomerase, TK – transketolase, TA – transaldolase, MPC – mitochondrial pyruvate carrier, PDC – pyruvate dehydrogenase complex, CS – citrate synthase, IDH – isocitrate dehydrogenase, αKGDH - α-ketoglutarate dehydrogenase, SDH – succinate dehydrogenase, MDH – malate dehydrogenase, PCr – phosphocreatine. * p < 0.05 vs. WT.









[bookmark: _Toc443491977]6.5 Discussion
Cardiac glycolytic flux is upregulated in FIH KO hearts
Under basal, aerobic conditions and during reoxygenation, FIH-1 deletion markedly accelerated cardiac glycolysis, indicating that FIH-1 deficiency is associated with hypoxic phenotype in the heart. Moreover, the present study demonstrated that acute oxygen deficiency failed to augment glycolytic flux in FIH-1 KO hearts relative to baseline, indicating that FIH-1 deletion disrupts oxygen-dependent regulation of cardiac glycolytic flux. These results support our hypothesis in that FIH-1 deletion results in a hypoxic phenotype in the heart and exerts similar metabolic phenotype as previously described in PHD deficient tissues. For instance, global constitutive PHD1 deletion upregulated skeletal muscle glycolytic flux and reduced carbohydrate oxidation rates (Aragones et al., 2008). In hearts from genetically engineered mice constitutively deficient in PHD2, expression of glycolytic genes, PFK, TPI and PGK, was markedly increased, indicative of increased glycolytic capacity (Hyvarinen et al., 2010). By contrast, there was no change in cardiac glycolytic capacity in mice with constitutive PHD3 deficiency (Oriowo et al., 2014; Xie et al., 2015). Collectively, these studies demonstrate that upregulated glycolytic capacity appears to be a common feature of FIH-1 and PHD1-2 deficient tissues.
Under anaerobic conditions glycolytically-derived pyruvate is converted to lactate to preserve NAD+/NADH ratio and hence maintain glycolytic flux (Maughan et al., 1997). The present study revealed that despite upregulated glycolytic flux, cardiac lactate release was not increased in FIH-1 KO hearts. Unaltered lactate removal may result from increased tissue lactate processing (e.g. oxidation or conversion to another product) or unchanged pyruvate to lactate conversion. Findings of the present study demonstrate that tissue lactate content was not affected by FIH-1 deletion, and imply that glycolytically-derived carbon skeleton is being diverted away from lactate production. These results recapitulate a similar metabolic phenotype previously reported for PHD2 KO mice, in which basal plasma lactate was not upregulated (Suhara et al., 2015). Further research is required to determine the fate of carbon skeleton in FIH-1 KO hearts (see Limitations for further details). Collectively, these findings indicate significant metabolic rewiring in FIH-1 KO hearts with glucose-derived carbon skeleton being coupled to other metabolic pathway.
FIH-1 deletion increases cardiac HK and PK activities
Regulation of glycolysis is classically considered to be mediated by 4 rate-limiting enzymes, HK, PFK, GAPDH and PK (Scrutton & Utter, 1968; Lunt & Vander Heiden, 2011; Metallo & Vander Heiden, 2013). The present study revealed that cardiac HK and PK activities were markedly increased in FIH-1 KO hearts suggesting that FIH-1 acts as a negative regulator of HK and PK activities. Our tandem mass spectrometry analysis showed that G6P, HK product, was significantly increased, indicating that HK flux was also increased in FIH-1 KO hearts. Unexpectedly, PK reaction substrate and product, i.e. phosphoenolpyruvate (PEP) and pyruvate, respectively, were unaltered in FIH-1 KO hearts. This implies that, in contrast to HK, PK flux appears to be unaffected by FIH-1 deletion. The major limitation of LC/MS/MS technique is that it quantifies the abundance of metabolites at a given time, but provides no data on the actual flux of these metabolites. Hence, further analysis of metabolic flux using 13C-glucose would be warranted to fully determine PK flux.
HK and PK are rate-limiting enzymes controlling glycolytic flux (Scrutton & Utter, 1968). Both enzymes exist in numerous isoforms differing in biochemical properties, tissue distribution and age-dependent expression. HK catalyses ATP-dependent conversion of glucose to G6P (Uyeda & Racker, 1965). There are 4 HK isoforms; while HK-I and HK-II are ubiquitously expressed in all mammalian tissues, HK-IV is a liver-specific isoform (Katzen & Schimke, 1965). Cardiac muscle expresses both HK-I and HK-II (Katzen & Schimke, 1965; Shinohara et al., 1998). HK-I appears to be the foetal isoform being predominantly expressed during prenatal period and replaced after birth by HK-II (Postic et al., 1994). Similarly to HK, there are 4 PK protein isoforms present in mammalian tissues (Gui et al., 2013). Expression of different PK isoforms has been found to be organ/tissue-specific, most likely reflecting differential metabolic demand. PKM1, an adult isoform, is predominantly expressed in brain, skeletal muscle and heart, whereas foetal isoform, PKM2, in lung and spleen (Clower et al., 2010; Gao & Cooper, 2013). Interestingly, dynamic PK isoform switch has been found for different tissues, with PKM2 being expressed in embryonic, developing and proliferating tissues, and PKM1 in differentiated tissues (Altenberg & Greulich, 2004; Clower et al., 2010; Gao & Cooper, 2013). Despite their significant sequence similarity, PKM1 and PKM2 exhibit substantially different biochemical properties. PKM1 is a constitutively active enzyme, which exists in a tetrameric form that is not allosterically regulated (Mazurek, 2011). By contrast, PKM2 exists in interchangeable tetrameric (active) and non-tetrameric (less active) forms depending on a complex regulatory network (Gui et al., 2013). There are several possible explanations for increased HK and PK activities in the present study. Both HK and PK have been shown to be under HIF-1α transcriptional control (Iyer et al., 1998; Ma et al., 2015; Rees et al., 2015). Considering that FIH-1 suppresses HIF-1α (Masson et al., 2012), it may be speculated that FIH-1 deletion derepressed HIF-1α, stimulating their enzymatic activities. Increased HIF-1α transcriptional activity would be expected to stimulate enzyme transcription, which in turn would result in upregulated enzyme protein content. Western blotting analysis of PK protein isoforms showed that PKM1 and PKM2 protein contents were not different between genotypes, indicating that HIF-1α-dependent increased PK protein content is unlikely to account for upregulated PK activity. Alternative factors regulating enzymatic activity include post-translational modifications and/or allosteric activators/inhibitors (Daran-Lapujade et al., 2004; Daran-Lapujade et al., 2007; Mazurek, 2011). Our metabolomics analysis revealed a modest, but non-significant increase in cardiac FBP, a well-established PKM2 activator (Vander Heiden et al., 2010). Further research, including size-exclusion chromatography, is required to determine if modest increase in cardiac FBP content is sufficient to promote PKM2 tetramerization and thus increased activity. In S. cerevisiae in response to hypoxia, activities of glycolytic enzymes were reported to be regulated primarily at the post-translational level (Daran-Lapujade et al., 2007). Notably, both HK and PK were shown to undergo these modifications (Paggi et al., 1991; Hitosugi et al., 2009; Lv et al., 2011). Therefore, our data indicate that FIH-1 deletion may result in post-translational modifications that upregulate HK and PK activities.
The physiological consequences of increased HK and PK activities are likely to be complex. There was a positive correlation between PK activity and cardiac glycolysis implying that increased enzyme activity may partly explain upregulated glycolysis in FIH-1 KO hearts. Interestingly, similar metabolic phenotype (i.e. increased glycolytic flux, PK activity and unaltered lactate flux) was demonstrated in chronically hypoxic hearts (Chapter 4), implying that FIH-1 deletion shares many metabolic similarities previously reported in chronically hypoxic hearts. Metabolomics analysis in chapter 4 revealed significant metabolic rewiring in chronically hypoxic hearts with increased PPP flux. By contrast, metabolomics analysis of the present study showed modest, but non-significant upregulation of 6PG and R5P content. Conflicting findings may derive from a physiological (chronic hypoxia) vs. genetic (FIH-1 deletion) nature of studies. Additionally or alternative, different metabolomics findings may result from the additive factor of H/R injury superimposed on the genetic background of FIH-1 KO mice. Further research using 13C-glucose is required to follow carbon skeleton in FIH-1 KO hearts as is discussed in the limitations below.
FIH-1 deletion does not affect cardiac function at baseline and following H/R injury
Another key finding of this study reveals no effects of FIH-1 deletion on cardiac function at baseline and after the acute hypoxic injury. This finding indicates that sustained FIH-1 deletion does not affect basal cardiac function. Using echocardiography, previous study, examining effects of HIF hydroxylase deficiency, has revealed that long-term PHD2/3 inactivation resulted in basal cardiac dysfunction and increased glycolytic capacity (Moslehi et al., 2010). Hence, it appears that PHD2/3-mediated cardiac dysfunction results from cardiac remodelling associated with increased glycolysis. Another main finding of this experiment showed that FIH-1 deletion does not affect cardiac function during acute exposure to hypoxia and does not alter cardiac recovery during subsequent reoxygenation. These findings are in agreement with previous investigations. Huang et al. showed that post-infarction single intracardiac injection of FIH siRNA failed to improve murine heart function over 8 weeks as determined echocardiographically (Huang et al., 2011). By contrast, acute and constitutive silencing of the other HIF regulator, PHD, appears to protect the heart against ischaemic injury. For instance, in vivo pre-ischaemic siRNA-based PHD2 silencing reduced mouse heart infarct size and plasma troponin I concentration following ischaemia/reperfusion injury indicative of myocardial protection (Eckle et al., 2008). Studies examining PHD1 and PHD3 deficiencies have also demonstrated cardioprotective effects following acute ischaemic stress (Adluri et al., 2011; Xie et al., 2015). Conflicting findings between effects of FIH-1 vs. PHD1-3 deletion on cardiac recovery may be accounted for by several factors. It may be the form of injury (i.e. hypoxia vs. ischaemia) that determines whether FIH-1 deletion confers cardioprotective effects. Secondly, it is possible that acute FIH-1, but not chronic (as in the present study) deletion would protect the heart against acute injury. Alternatively, it may well be that only acute PHD deficiency appears to confer cardioprotective effects.
Limitations
The present study demonstrated increased cardiac glycolysis, but unaltered tissue lactate production in FIH-1 KO hearts, indicating coupling of cardiac glycolysis to another metabolic pathway. While the actual PDC activity and acetyl-carnitine content, used as markers of carbohydrate oxidation, implied unchanged coupling of glycolysis to the TCA cycle, the use of 14C-glucose would help establish whether glycolytically-derived pyruvate enters the TCA cycle. In line, our metabolomics analysis suggest that there is no expansion of TCA cycle pool in FIH-1 KO hearts supporting existence of alternative glycolytic pathways. Furthermore, 13C-glucose experiments would be necessary to determine the fate of carbon skeleton and coupling of glycolysis to alternative metabolic flux pathways (i.e. pentose phosphate pathway or pyruvate carboxylation). Additionally, further research is warranted to establish whether FIH-1 deletion confers cardioprotective effects following ischaemic injury (e.g. TAC or LAD).
Conclusions
Here we identified FIH-1 as a regulator of myocardial glycolysis at baseline and following H/R injury. In addition, we show that FIH-1 controls cardiac HK and PK activities, providing potential mechanisms for increased carbohydrate utilisation. Finally, the present study established that long-term FIH-1 deletion does not affect cardiac function at baseline or in response to acute H/R injury.


[bookmark: _Toc443491978]CHAPTER 7 GENERAL DISCUSSION
HF is associated with a significant metabolic switch (Neubauer, 2007). While various signalling pathways are likely to mediate altered cardiac energy metabolism, several lines of evidence suggest a growing role of myocardial hypoxia. Using blood-oxygen level-dependent (BOLD) cardiac magnetic resonance (CMR), reduced myocardial oxygenation has been proposed in human patients with hypertrophic cardiomyopathy and severe aortic stenosis (Karamitsos et al., 2013; Mahmod et al., 2014). Furthermore, increased HIF signalling has been shown in human patients following acute MI, as evidenced by increased HIF-1α and VEGF transcript expression (Lee et al., 2000). In animal studies of heart disease, Sano et al. revealed rapid induction of pimonidazole staining in TAC-induced heart disease (Sano et al., 2007). On the other hand, other animal and human studies, using in vivo 1H-MRS and BOLD techniques, have failed to reveal reduced myocardial oxygenation (Bache et al., 1999; Murakami et al., 1999; Dass et al., 2015). Experimental studies investigating how myocardial hypoxia modulates cardiac energy metabolism have revealed that it triggers similar metabolic adaptations to those reported in HF (Rumsey et al., 1999; Nouette-Gaulain et al., 2005; Heather et al., 2012; Mansor et al., 2015). Hence, it seems that cardiac metabolic reprogramming in HF is potentially an adaptation to hypoxic conditions and delineating signalling pathways regulating it may be of central importance to our understanding of the heart disease. Thus, one of the principal goals of the present thesis was to establish how sustained in vivo hypoxia regulates myocardial energy metabolism.
Whereas hypoxia is thought to contribute to the development and progression of HF, its exact role in modulating cardiac function remains incomplete. Turtles are examples of animals capable of diving for several hours (Hochachka & Storey, 1975). Increased glycolytic potential, as evidenced by higher glycolytic enzyme activities, together with significant cardiac glycogen stores, are thought as primary cardioprotective means of remarkable cardiac hypoxic tolerance (Reeves, 1966; Bing et al., 1972; Kerem et al., 1973). Thus, it can be hypothesized that exposure of mammalian heart to sustained hypoxia, and promotion of glycolytic adaptation may sensitize it to an acute stress. In vivo and in vitro studies on mammalian heart have shown conflicting findings regarding effects of long-term hypoxic exposure on cardiac tolerance to subsequent acute injury (Tajima et al., 1994; Karck et al., 1995; Silverman et al., 1997; Wasserfuhr et al., 2008; Fujita et al., 2009; Guo et al., 2009; Milano et al., 2010). Hence, the other principal goal of the present thesis was to establish how chronic hypoxia modulates cardiac tolerance to acute injury.
[bookmark: _Toc443491979]7.1 Regulation of cardiac carbohydrate metabolism
Central to hypoxia-induced metabolic reprogramming is increased anaerobic glycolysis. Glycolysis, in nine reactions, converts a six-carbon molecule of glucose into two three-carbon molecules of pyruvate. Regulation of glycolytic flux is controlled at several sites, of which HK, PFK, GAPDH and PK are classically considered to be rate-limiting (Scrutton & Utter, 1968; Lunt & Vander Heiden, 2011; Metallo & Vander Heiden, 2013). In contrast to in vitro studies showing upregulated activities and transcripts of multiple glycolytic enzymes (Robin et al., 1984; Iyer et al., 1998), in a comprehensive metabolic analysis we demonstrate that accelerated cardiac glycolytic flux is associated with increased flux of only one rate-limiting enzyme, PKM2.  Findings of the present thesis are in agreement of previous cardiac studies and expand our knowledge on the regulation of PK in chronically hypoxic heart (Rees et al., 2015). While PKM2 expression has been suggested to be controlled by HIF-1α signalling (Ma et al., 2015; Rees et al., 2015), our data indicate that under sustained in vivo hypoxia, HIF-1α transcriptional activity does not appear to be increased, at least as evidenced by unaltered PDK1 expression. In the context of heart disease, Dzeja et al. reported reduced PK activity in end-stage failing canine hearts (Dzeja et al., 1999). Although currently unclear, it is likely that conflicting findings may derive from more complex signalling pathways associated with coexisting comorbidities and/or inflammation (Roivainen et al., 2000). Further research using 13C-labelled substrates is required to determine PK flux in chronically failing hearts.
A pivotal role of PKM2 in controlling carbohydrate metabolism has been previously suggested in cancer cells, where PKM2 silencing has been shown to result in reduced glycolytic capacity and accumulated PEP content (Christofk et al., 2008; Chaneton et al., 2012). In line with its central role in cancer energy metabolism, activating PKM2 in vitro increased cellular lactate production, indicative of accelerated glycolysis (Anastasiou et al., 2012; Keller et al., 2012). A full understanding of the role of PKM2 in non-cancer cell metabolism remains incomplete and appears to extend beyond regulation of glycolysis (Gao & Cooper, 2013). Findings of the present thesis indicate that PKM2 may be involved in the regulation of both glycolytic and PPP flux under hypoxic conditions in agreement with previous studies in A549 cancer cells and yeast (Anastasiou et al., 2011; Gruning et al., 2011). While these findings appear to link PKM2 with PPP flux, the major difference in the proposed model is the PKM2 activity. The latter (Anastasiou et al., 2011; Gruning et al., 2011) seem to indicate that low PKM2 activity leads to glycolytic metabolite build-up, which in turn shifts the carbon backbone towards PPP. The model proposed in the present thesis states, however, that the increased PKM2 flux helps to maintain high PPP flux. Further research, including gain- and loss-of-function studies, is necessary to establish whether increased PKM2 activity in normoxic hearts leads to similar metabolic rewiring as reported in chronically hypoxic hearts. Additionally or alternatively, it would be interesting to determine how increasing PKM2 activity with DASA-58 (a selective PKM2 but not PKM1 activator) (Anastasiou et al., 2012) affects myocardial energy metabolism under normoxic and hypoxic conditions.
The results of the present thesis demonstrate that the rate of glycolytic flux is also controlled by PDC. We demonstrated that acute hypoxic and post-hypoxic PDC activation attenuated hypoxia-induced increased lactate efflux, indicative of greater coupling of glycolysis to glucose oxidation. In addition, chapter 5 reported that chronic PDC activation normalized hypoxic heart basal glycolysis. Moreover, we showed that chronic PDC activation attenuated cardiac glycolytic flux during reoxygenation injury. Notably, at the time of normalized reoxygenated glycolytic flux, cardiac PDC activity or acetyl-carnitine content were not increased, suggesting that mechanisms beyond restored PDC activity per se may be involved. It appears that PDC activation during acute hypoxia forced pyruvate to acetyl-CoA conversion, consistent with previous acute ischaemic experiments in an intact rat heart (McVeigh & Lopaschuk, 1990; Liu et al., 1996a; Taniguchi et al., 2001). Under chronically hypoxic conditions, however, it seems that immediate availability of PDC-derived acetyl group for TCA cycle rather than increased PDC activity per se may be the key factor determining myocardial glycolytic flux.
Regulation of glycolytic flux is controlled at several regulatory sites and via multiple upstream regulators (Kaelin & Ratcliffe, 2008; Lunt & Vander Heiden, 2011; Metallo & Vander Heiden, 2013). Chapter 7 examined how FIH-1 deletion regulates cardiac glycolytic flux and demonstrated that constitutive FIH-1 silencing led to accelerated cardiac glycolytic flux. The analysis of rate-limiting enzymes revealed that FIH-1 deletion increased cardiac HK and PK activities. These findings indicate that FIH-1 deletion upregulates HK and PK activities, which in turn may account for higher glycolytic flux, and that it results in metabolic reprogramming that shares many similarities with that induced by chronic hypoxia. Accelerated glycolytic capacity in cardiac and skeletal muscle has been shown in genetically engineered mice deficient in PHD1 and 2 dioxygenase suggesting that metabolic profile of FIH-1 KO hearts resembles that of PHD1 and 2 KO tissues (Aragones et al., 2009; Hyvarinen et al., 2010; Moslehi et al., 2010).
Another interesting finding of our studies was that of unaltered tissue lactate production despite accelerated glycolytic flux. In an in vitro study lactate efflux was significantly increased in PHD2 KO MEFs (Suhara et al., 2015). Blood lactate, however, was reduced in PHD2 KO mice following 50-min treadmill exercise (Suhara et al., 2015). In vivo tracer experiments revealed upregulated Cori cycle in liver-specific PHD2 KO mice, indicating that reduced exercise-induced blood lactate accumulation may be partly explained by increased hepatic capacity to convert lactate into glucose (Suhara et al., 2015). Collectively, these results suggest that increased glycolytic capacity, but unaltered tissue lactate accumulation appear to be a common feature of FIH-1 and PHD2 knockout tissues. Although operation of the Cori cycle or gluconeogenesis cannot take place in the heart (rate-limiting gluconeogenic glucose-6-phosphatase is expressed only in the liver, kidney and intestine) (Rajas et al., 1999), our findings indicate induction of alternative pathways. Interestingly, similar observation was found in chronically hypoxic hearts. Tissue metabolomics analysis revealed that, at least in chronically hypoxic hearts, glycolytically-derived pyruvate does not appear to be converted into its common metabolic derivatives, i.e. lactate, alanine, oxaloacetate or citrate (via acetyl-CoA). Considering well-established anti-oxidant properties of pyruvate (Salahudeen et al., 1991; DeBoer et al., 1993; Bindoli et al., 1995), it can be argued that hypoxic hearts accumulate pyruvate to act as a scavenger against increased oxidative stress. Further research is required, however, to fully determine physiological role of accumulated pyruvate in chronically hypoxic heart.
As an alternative of being converted into its derivates, excess pyruvate may be simply excreted from the heart. The movement of monocarboxylic acids (e.g. pyruvate and lactate) across tissue membrane is thought to occur by monocarboxylate transporters (MCT) (Fig. 7.1) (Bonen, 2001).
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[bookmark: _Toc436224031][bookmark: _Toc438046216][bookmark: _Toc438121957][bookmark: _Toc443491889]Figure 7.1. Regulation of monocarboxylic acids excretion from muscle tissues. MCT – monocarboxylate transporter.

There appears to be a group of seven MCTs (Price et al., 1998) with MCT1 and MCT4 the most commonly detected in the mammalian heart (Hatta et al., 2001). Studies examining the role of MCT in muscle energy metabolism have proposed that MCT1 may primarily reflect muscle’s capacity for lactate oxidation, whereas MCT4 is mainly responsible for tissue lactate excretion (Bonen, 2001; Hatta et al., 2001). Various factors, including exercise training, denervation, hormones and hypoxia have been shown to regulate MCT expression in various tissues (Baker et al., 1998; Wilson et al., 1998; McClelland & Brooks, 2002; Enoki et al., 2006). While MCT4 protein is not detectable in heart under baseline conditions (Bonen et al., 2000), it is strongly induced following 8-week in vivo hypoxia (McClelland & Brooks, 2002). Hence, although MCT4 protein levels were not determined in the present thesis, these results may indicate that increased MCT4 protein in chronically hypoxic hearts may represent the mechanism, by which hearts excrete excessive pyruvate. Further research is warranted to determine MCT4 protein expression following 3-wk sustained hypoxia. Additionally, the use of 13C-lactate/14C-lactate would be advantageous in delineating the fate of lactate of chronically hypoxic hearts.
The other principal finding of the present thesis suggests that sustained in vivo hypoxia appeared to increase myocardial PPP flux as evidenced by upregulated R5P. Modest, but non-significant increase in 6PG and R5P was also found in FIH-1 KO hearts indicating metabolic similarities. Accelerated PPP flux has been demonstrated in an animal model of heart disease (Gupte et al., 2006). PPP consists of oxidative and non-oxidative phase (Berg et al., 2011). In the oxidative phase, G6P is converted to Ru5P and 2 molecules of NADPH (Stincone et al., 2014). In the non-oxidative phase, Ru5P is converted, by TK and TA reactions, to GAP and F6P, respectively (Berg et al., 2011). PPP flux is controlled at several sites with G6PDH receiving the most attention. G6PDH deficiency is the most common enzyme deficiency in the world affecting >400 million people worldwide (Hecker et al., 2013a). In mouse heart overexpressing HK, increased PPP flux has been associated with attenuated oxidative stress, apoptosis and cardiac hypertrophy (McCommis et al., 2013). Loss-of-function study has shown that mice deficient in G6PDH displayed accelerated cardiac remodelling following myocardial infarction (Hecker et al., 2013b). Collectively these studies seem to suggest cardioprotective effects of accelerated PPP flux and implicate that accelerated PPP flux may regulate chronically hypoxic hearts function.
[bookmark: _Toc443491980]7.2 Regulation of cardiac recovery following acute H/R injury
Several factors modulate cardiac function during acute injury. In addition to those highlighted in the present studies, I/R injury has been shown to increase isolated rat heart calcium uptake with cardiac calcium content negatively correlated with cardiac recovery (Allard et al., 1994a). Incubation of an isolated rat heart myocytes with elevated extracellular calcium resulted in increased myocyte calcium content and caused premature beats and chaotic beating activity, supporting the notion of the role of calcium in acute myocardial injury (Thandroyen et al., 1991).
In addition to altered calcium fluxes, a large body of experimental evidence indicates that increased ROS production during hypoxia and reperfusion injury may account for impaired cardiac function (Becker, 2004). In isolated chick heart cardiomyocytes, ROS production and cell death were significantly increased during acute hypoxia and ischaemia (Vanden Hoek et al., 1997; Vanden Hoek et al., 1998). Using 13C labelled substrates Burton et al. reported that xanthine oxidase free radical-generating system increased glycolysis and reduced lipid oxidation in intact rat hearts (Burton et al., 1994). These results imply that increased ROS production at reperfusion may impair cardiac function and affect myocardial energy metabolism.
The key finding of the present thesis shows that chronic alterations within cardiac energy metabolism directly affect cardiac recovery. Notably, metabolic alterations associated with chronic hypoxia did not modify basal cardiac function, indicating that increased glycolytic flux is insufficient to change LV mechanical function at baseline. However, when chronically hypoxic hearts were exposed to acute injury, myocardial recovery was impaired and this was accompanied by increased cardiac glycolytic flux and lactate release. Although the exact mechanisms responsible for impaired cardiac tolerance of chronically hypoxic hearts to subsequent acute injury remain to be fully explained, our data appear to indicate that the inability of hypoxic heart to oxidise carbohydrates may play a role. While normoxic hearts during acute hypoxic stress switched metabolism towards carbohydrates, their contractile function was preserved relative to chronically hypoxic hearts, perhaps because of increased cardiac efficiency. Conversely, it can be argued that because carbohydrate utilisation in chronically hypoxic hearts was near maximum at baseline (function of chronically hypoxic hearts was unaltered), no further functional gain was possible during acute stress. In support of this model, we demonstrate that sustained PDC activation restored hypoxic heart tolerance to acute injury with metabolic profile indicative of increased carbohydrate oxidation. In contrast to chronic PDC activation, which enhanced hypoxic heart function during and after acute injury, acute hypoxic or post-hypoxic PDC activation failed to altered myocardial recovery during H/R injury. While these findings may indicate that it is chronic, but not acute PDC activation that determines myocardial recovery from acute H/R injury, metabolic consequences of acute and chronic PDC activation and the conditions, in which they took place, were markedly different.
Mechanisms by which chronic PDC activation restored hypoxic heart tolerance to acute injury appear to go beyond PDC activity status as discussed in chapter 5 (PDC activity vs. acetyl group accumulation). While these findings may suggest that it is not increased PDC activity that enhanced cardiac tolerance to H/R injury, unaltered PDC activity is likely to reflect DCA-free perfusion conditions (Whitehouse et al., 1974). It may be argued that the crucial factor associated with sustained PDC activation that determines cardiac recovery, was the pre-hypoxic acetyl group accumulation, which becomes immediately available for TCA cycle during acute injury, in line with previous skeletal muscle studies (Roberts et al., 2002, 2005). If this is true, it would also elucidate why acute hypoxic and post-hypoxic PDC activation was insufficient to enhance cardiac recovery from acute injury (i.e. there was no acetyl group accumulation prior to hypoxic injury). Further research is warranted to test the hypothesis of the importance of acetyl group accumulation over PDC activation on cardiac recovery.
[bookmark: _Toc443491981]7.3 Limitations and recommendations
The major focus of the present work was to examine the role of PDC in the regulation of hypoxic heart metabolic flux. Although cardiac PDC activity and flux (as evidenced by acetyl-carnitine accumulation) were determined in the present work (chapters 3, 5 and 6), PDC-dependent carbohydrate oxidation was not assessed. While metabolite assays appear to indicate that both acute and chronic PDC activation stimulated carbohydrate oxidation (see lactate efflux and FAO data for chapter 3 and glycolytic flux, lactate efflux, glycogen and tissue lactate data for chapter 5) assessment of glucose oxidation rates using 14C-glucose would allow direct determination of PDC-mediated glucose oxidation rates in the isolated heart.
Additionally, 14C-glucose experiments could also be used to answer the question of the coupling of glycolysis to the TCA cycle (i.e. the ratio of glycolysis to glucose oxidation, and not individual pathway rates) being proposed to be of major importance for improving cardiac recovery (Ussher et al., 2012). Combined measurements of glycolysis (using 3H-glucose) and glucose oxidation (14C-glucose) would allow testing this hypothesis. As an alternative to radioactive 14C-glucose, it is possible to determine PDC flux using stable isotope, hyperpolarized [1-13C]-pyruvate (Schroeder et al., 2008; Dodd et al., 2012; Schroeder et al., 2013). While this technique follows H13CO3- as a marker of PDC flux, it does not provide any direct assessment of glucose oxidation. Further research is, therefore, warranted to determine the role of PDC flux and/or glycolysis/glucose oxidation ratio in the regulation of cardiac recovery from acute H/R injury. Moreover, further studies are required to establish whether sustained PDC activation modulates cardiac recovery following TAC or LAD injury.
The present thesis demonstrates significant metabolic rewiring in chronically hypoxic (chapter 4) and FIH-1 KO hearts (chapter 5). While we attempted to estimate carbon fate using tandem mass spectrometry, our method is of limited value when precisely determining metabolic flux. The LC/MS/MS analysis provides the evidence of the abundance of individual metabolites at a given time point. Although metabolite abundance has been previously used to determine metabolite flux (Chaneton et al., 2012), concentration of a given metabolite is dependent on its synthesis and degradation. Hence, it is recommended to use 13C-glucose (or other 13C-labelled metabolite) to determine the flux through a given pathway (Zamboni et al., 2015). One of the interesting findings of the present thesis was that of unaltered lactate release and tissue lactate content in chronically hypoxic and FIH-1 KO hearts. Thus, it would be interesting to treat chronically hypoxic and FIH-1 KO mice/hearts with 13C-lactate/pyruvate to follow the fate of the labelled carbon, thus establishing their routes.
The major finding of the present thesis indicates that chronic PDC activation with DCA normalizes chronically hypoxic heart recovery from acute injury. While this finding may indicate therapeutic potential of DCA, its carcinogenic side-effects have been reported following long-term in vivo administration in rodents (Bull et al., 1990; Bull et al., 1993). Considering that chronic PDC activation appears to improve hypoxic, hypertrophied and diabetic heart function (Piao et al., 2013; Le Page et al., 2015), there appears to be the need for non-toxic PDC activators. For instance, in vitro and in vivo administration of AZD7545, a PDK2 inhibitor, was shown to increase hepatic and muscle PDC activity (Mayers et al., 2003). In a more recent study, Yamane et al. demonstrated that oral administration of DCA derivative, diisopropylamine dichloroacetate (DADA; 50 mg/kg) restored lung, heart, liver and skeletal muscle PDC activity following influenza A virus infection (Yamane et al., 2014). The relevance of these compounds for heart disease remains unexplored. Further research is warranted to test their potency in regulating cardiac PDC activity and energy metabolism.
[bookmark: _Toc443491982]7.4 Conclusions
The results of the present thesis demonstrate a reproducible model of acute hypoxic injury. Acute hypoxia reduced FAO rates and increased lactate release, indicative of upregulated glycolysis. Acute hypoxic and post-hypoxic PDC activation was shown to reduce cardiac FAO and lactate efflux during reoxygenation injury, previously reported to confer cardioprotective effects. Unexpectedly, none of these interventions was associated with improved cardiac recovery following acute hypoxic injury. Importantly, there was a significant impairment in cardiac recovery with hearts treated with DCA at the onset of hypoxia.
The other major finding of the present thesis reveals that increased basal glycolytic capacity in chronically hypoxic hearts appears to be regulated by increased PKM2 activity. Moreover, metabolomics analyses highlight unusual metabolic rewiring in chronically hypoxic hearts with increased PPP flux and unaltered lactate production. In addition to PKM2, the results of the present thesis indicate that reduced PDC activity is responsible for increased glycolytic flux at baseline and during reoxygenation. Importantly, treatment of chronically hypoxic hearts with DCA resulted in normalized glycolytic flux and lactate release during reoxygenation, further strengthening the role of PDC in the regulation of cardiac carbohydrate metabolism. These results may imply therapeutic potential of chronic PDC activation in heart disease.
The final key finding of the present thesis identified FIH-1 as a novel regulator of cardiac glycolytic flux at baseline and during reoxygenation. In addition, FIH-1 deletion was shown to increase HK and PK activities, sharing many similarities with chronically hypoxic hearts.





[bookmark: _Toc443491983]APPENDIX I

Chapter 2
Equation principle for pyruvate, ADP and AMP content in muscle tissue:
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Where:
V5 – initial pyruvate, ADP and AMP reaction volume (μl)
V6 – volume after addition LDH (μl)
V7 – volume after addition of PK (μl)
V8 – volume after addition of MK (μl)
A5 (B5) – initial NADH absorbance of sample (or blank)
A6 (B6) – NADH absorbance after addition of LDH
A7 (B7) – NADH absorbance after addition of PK
A8 (B8) – NADH absorbance after addition of PK
6.22 – milimolar extinction coefficient for NAPH at 340 nm (cm2∙μmol)
SV – sample volume (μl)
EF – extraction factor (l/kg)

Equation principle for free creatine (Cr) content in muscle tissue:
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Where:
V9 – initial Cr reaction volume (μl)
V10 – volume after addition LDH (μl)
A9 (B9) – initial NADH absorbance of sample (or blank)
A10 (B10) – NADH absorbance after addition of LDH
6.22 – milimolar extinction coefficient for NAPH at 340 nm (cm2∙μmol)
SV – sample volume (μl)
EF – extraction factor (l∙kg)

Equation principle for glycogen content in muscle tissue:
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Where:
V11 – initial glucose reaction volume (μl)
V12 – volume in well after addition of HK and G-6-PDH mixture (μl)
A11 (B11) –initial NADH absorbance of sample (or blank)
A12 (B12) – NADH absorbance after addition of HK and G-6-PDH mixture
EF – extraction factor
SV – sample volume (μl)
3.4 – milimolar extinction coefficient for NADH at 366 nm wavelength (cm2∙μmol-1)






Chapter 4
Detailed PKM2 western blotting of chronically hypoxic (CH) and control (normoxic, C) hearts.
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Chapter 5
Cardiac function, DP and RPP of all hearts including those perfused until the end of baseline and acute hypoxia.
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Figure. Effects of dichloroacetate (DCA) supplementation on developed pressure [DP (A)] and rate pressure product [RPP (B)] on isolated mouse heart subjected to acute hypoxia/reoxygenation (H/R) injury. CH – chronic hypoxia, AC – perfused till the end of acute hypoxia, Baseline – perfused till the end of baseline. Values are mean ± SEM.


Cardiac metabolic flux of all hearts including those perfused until the end of baseline and acute hypoxia.

[image: ]
Figure. Effects of dichloroacetate (DCA) supplementation on cardiac glycolysis (A) and lactate efflux (B) of isolated mouse heart subjected to acute hypoxia/reoxygenation (H/R) injury. CH – chronic hypoxia, AC – perfused till the end of acute hypoxia, Baseline – perfused till the end of baseline. Values are mean ± SEM.


Chapter 6
Functional recovery of wild-type (WT) and FIH-1 KO hearts from acute hypoxia/reoxygenation injury.
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HR DP RPP

(bpm) (mmHg) (bpm x mmHg x 10

3

)

Baseline

WT 328.5 ± 27.7 40.0 ± 4.3 12.5 ± 0.8

FIH-1 KO 293.2 ± 30.8 37.0 ± 6.2 10.8 ± 2.4

Acute hypoxia

WT 260.4 ± 19.1 21.9 ± 4.0# 5.0 ± 0.5#

FIH-1 KO 261.3 ± 20.0 17.4 ± 2.8# 4.5 ± 0.8#

Reoxygenation

WT 274.8 ± 25.6 26.4 ± 3.1# 6.6 ± 0.5#

FIH-1 KO 318.9 ± 29.1 21.1 ± 4.8# 6.7 ± 1.7#

Values are mean ± SEM (n = 5-7)

HR - heart rate; DP - developed pressure; RPP - rate pressure product

# p < 0.05 vs. Baseline in the same group
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Retention time Conc. Range LOQ R

2

RSD

(min) (μM) (μM) (%)

Glucose-6-phosphate 6.8 0.078-50 0.234 0.99 11.8

Fructose-6-phosphate 7.2 0.039-50 0.117 0.99 7.6

Fructose-1, 6-bisphosphate 23.5 0.625-50 1.875 0.99 2.6

Glyceraldehyde-3-phosphate 6.9 0.625-50 1.875 0.99 16.6

3-Phosphoglycerate 22.2 0.625-50 1.875 0.99 9.2

Phosphoenolpyruvate 23.7 0.625-50 1.875 1.00 7.6

Pyruvate 9.7 0.625-50 1.875 0.99 7.0

Lactate 6.5 0.625-50 1.875 0.99 13.8

Oxaloacetate 22.7 0.625-50 1.875 0.98 10.2

Citrate 23.8 2.5-50 7.5 0.99 23.8

α-ketoglutarate 20.2 0.078-50 0.234 0.99 15.5

Succinate 14.7 0.156-50 0.468 0.99 9.3

Fumarate 18.1 0.078-50 0.234 0.99 1.5

Malate 18.1 0.625-50 1.875 0.98 2.4

Alanine 1.3 0.625-50 1.875 0.99 9.9

6-Phosphogluconate 21.7 0.625-50 1.875 0.99 5.3

Ribose-5-phosphate 7.1 0.039-50 0.117 0.98 15.9

Adenosine triphosphate (ATP) 26.6 0.156-50 0.468 0.97 10.7

Adenosine diphosphate (ADP) 23.8 0.625-50 1.875 0.99 8.8

Adenosine monophosphate (AMP) 12.6 1.25-50 3.75 0.99 11.9

Phosphocreatine (PCr) 16.5 1.25-50 3.75 0.99 5.8

NAD

+

9.3 0.156-50 0.468 0.99 10.3

NADH 9.3 2.5-50 7.5 0.99 9.6

NADP

+

22.7 2.5-50 7.5 0.98 0.2

NADPH 26.6 0.039-50 0.117 0.90 2.4

LOQ - limits of detection, RSD - relative standard deviation (n = 3)
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PCA BW Methanol MeCN

Glucose-6-phosphate √ √ √ √

Fructose-6-phosphate √ √ √ √

Fructose-1, 6-bisphosphate √ √ √

Glyceraldehyde-3-phosphate √ √ √ √

3-Phosphoglycerate √

Phosphoenolpyruvate √ √ √

Pyruvate √ √ √ √

Lactate √ √ √

Oxaloacetate

Citrate √ √ √ √

α-ketoglutarate √ √ √ √

Succinate √ √ √ √

Fumarate √ √ √

Malate √ √ √ √

Alanine √ √ √ √

6-Phosphogluconate √ √ √

Ribose-5-phosphate √ √ √

Adenosine triphosphate (ATP) √ √ √ √

Adenosine diphosphate (ADP) √ √ √ √

Adenosine monophosphate (AMP) √ √ √ √

Phosphocreatine (PCr) √ √ √ √

NAD

+

√ √ √

NADH √ √ √

NADP

+

√

NADPH √ √ √

PCA – perchloric acid, BW – boiling water, MeCN – acetonitrile (n = 3)
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Variable N CV%

Glucose-6-

phosphate

9 5.0

ATP 9 1.9

PCr 9 5.6

Cr 10 1.3

Glycogen 10 5.3

Lactate 10 7.1

MDA 10 4.1

HK 10 4.1

PFK 10 7.9

GAPDH 10 4.2

PK 10 3.2
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image46.emf
Body weight Heart weight HW/BW CF CF

(g) (mg) (mg/g) (ml/min) (ml/min/g)

No DCA

39.0 ± 1.4^

310.0 ± 16.4 8.0 ± 0.5 4.7 ± 0.8 15.9 ± 3.2

DCA Hypox/Reox

33.3 ± 0.7^

281.9 ± 11.0 8.5 ± 0.3 4.5 ± 0.5 16.6 ± 2.3

DCA Reox

38.7 ± 1.1^

324.2 ± 12.1 8.4 ± 0.3 4.5 ± 0.6 14.5 ± 2.1

Values are expressed as mean ± SEM (n = 7-8)

DCA Hypox/Reox – 1 mM DCA continuously infused from the onset of hypoxia; 

DCA Reox – 1 mM DCA continuously infused from the onset of reoxygenation;

HW/BW - heart weight/body weight ratio; CF - coronary flow. 

^ p < 0.05 vs. other groups
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HR PSP DP RPP RPP

(bpm) (mmHg) (mmHg)

(HR x PSP x 10

3

)(HR x DP x 10

3

)

Baseline

No DCA 304.9 ± 21.9 96.0 ± 2.5 92.9 ± 1.9 29.0 ± 1.6 28.3 ± 1.9

DCA Hypox/Reox 343.6 ± 24.0 92.1 ± 5.1 94.5 ± 4.1 30.9 ± 1.0 31.9 ± 1.3

DCA Reox 285.9 ± 15.9 106.0 ± 5.0 103.8 ± 6.0 29.8 ± 1.1 29.3 ± 1.4

Acute hypoxia

No DCA 164.6 ± 15.0# 69.2 ± 5.0# 37.0 ± 9.4# 10.9 ± 0.7# 5.8 ± 1.4#

DCA Hypox/Reox 169.5 ± 21.7# 66.7 ± 4.0# 41.2 ± 7.4# 10.8 ± 1.0# 6.1 ± 0.9#

DCA Reox 165.3 ± 21.5# 72.4 ± 4.5# 41.2 ± 5.3# 11.6 ± 1.3# 6.1 ± 0.4#

Reoxygenation

No DCA 258.2 ± 16.7*# 72.1 ± 5.9# 55.3 ± 10.3#* 18.4 ± 1.7#† 14.5 ± 2.8#*

DCA Hypox/Reox 214.6 ± 17.8#* 72.0 ± 5.1# 51.7 ± 8.2#$ 14.9 ± 1.0#† 10.4 ± 1.4#*

DCA Reox 232.8 ± 13.0#* 83.3 ± 3.8# 59.3 ± 10.2#$ 19.2 ± 1.0#† 13.4 ± 2.0#*

Values are expressed as mean ± SEM (n = 7-8)

DCA Hypox/Reox – 1 mM DCA continuously infused from the onset of hypoxia; 

DCA Reox – 1 mM DCA continuously infused from the onset of reoxygenation;

HR - heart rate; PSP - peak systolic ressure; DP - developed pressure; 

RPP - rate pressure product; # p < 0.05 vs. baseline in the same group; * p < 0.05 vs. acute

hypoxia in the same group; † p < 0.05 vs. DCA Hypox/Reox
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ATP PCr AMP/ATP EC Glycogen Lactate

(μmol/g dm)(μmol/g dm) (μmol/g dm)(μmol/g dm)

Baseline

No DCA

16.8 ± 1.3

†

28.5 ± 2.3 0.04 ± 0.01 0.90 ± 0.01 56.3 ± 5.6 5.2 ± 0.3

Acute hypoxia

No DCA

8.4 ± 0.7#$

12.1 ± 1.5# 0.21 ± 0.04#0.76 ± 0.03# 32.6 ± 3.2# 6.6 ± 0.3#

DCA Hypox/Reox

11.0 ± 1.1##16.0 ± 1.4# 0.09 ± 0.03*

0.85 ± 0.02*

41.1 ± 3.4* 7.1 ± 0.5#

Reoxygenation

No DCA 14.7 ± 1.4

37.2 ± 2.9#*

0.08 ± 0.01#0.85 ± 0.01# 39.1 ± 5.6 4.5 ± 0.4

DCA Hypox/Reox 12.0 ± 1.1

26.0 ± 1.4*†0.11 ± 0.01#0.82 ± 0.01#

49.0 ± 4.3 3.9 ± 0.3

DCA Reox 13.2 ± 0.9

31.4 ± 1.8††0.10 ± 0.02#0.82 ± 0.01#

43.8 ± 3.6 5.6 ± 0.8

Values are mean ± SEM (n = 7-8). 

DCA Hypox/Reox – 1 mM DCA infused from the onset of hypoxia; DCA Reox – 1 mM DCA infused

from the onset of reoxygenation. EC – energy charge of the cell; # p < 0.05 vs. baseline in the same group;

* p < 0.05 vs. No DCA group at a given time point; † p < 0.05 vs. DCA Hypox/Reox at a given time point.
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image54.emf
Body weightHeart weight HW/BW Hb HR DP RPP CF

(g) (mg) (mg/g) (g/L) (bpm) (mmHg) (HR x DP) (ml/min/g)

Control 39.4 ± 0.7 306 ± 10 7.8 ± 0.3 101 ± 5* 389 ± 9 81 ± 7 31019 ± 2248 15 ± 2

Hypoxia 37.8 ± 0.4 305 ± 16 8.1 ± 0.4 174 ± 3*395 ± 11 78 ± 6 30646 ± 1799 16 ± 1

Values are expressed as mean ± SEM (n = 8-10). 

HW/BW - heart weight/body weight; Hb - hemoglobin; HR - heart rate; DP - developed pressure; RPP - rate

pressure product; CF - coronary flow; * p < 0.05 vs. control.
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image64.emf
Initial BW Fianl BW Haemoglobin Heart weight HW/BW CF CF

(g) (g) (g/L) (mg) (mg/g) (ml/min) (ml/min/g)

Control 34.4 ± 0.5* 39.4 ± 0.7* 101.1 ± 5.5* 306.6 ± 10.4 7.8 ± 0.3 4.5 ± 0.3 14.9 ± 1.5

Chronic hypoxia 35.5 

±

 0.6* 37.8 ± 0.4* 173.9 ± 3.4* 305.1 ± 15.7 8.1 ± 0.4 4.9 ± 0.2 16.4 ± 1.4

Hypoxia/DCA 30.4 ± 0.6‡ 36.4 ± 0.4* 173.0 ± 3.1* 315.0 ± 11.9 9.0 ± 0.3 4.5 ± 0.3 14.3 ± 0.8

Values are mean ± SEM (n = 8)

BW - body weight; HW/BW - heart weight/body weight ratio; CF - coronary flow.

* p < 0.05 vs. control; ‡ p < 0.05 vs. other groups
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image71.emf
Body weight Heart weight HW/BW Hb CF CF

(g) (mg) (mg/g) (g/L) (ml/min) (ml/min/g)

WT 32.0 ± 2.8 258.8 ± 13.6 8.2 ± 0.5 115.6 

±

 5.4 1.9 ± 0.2 7.9 ± 0.6

FIH-1 KO 33.5 ± 0.7 255.1 ± 12.7 7.7 ± 0.5 126.6 

±

 2.9 1.9 ± 0.2 7.9 ± 0.9

Values are mean ± SEM (n = 5-7)

HW/BW - heart weight/body weight ratio; Hb - haemoglobin; CF - coronary flow
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